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Chapter 1. Introduction 

1.1 Overview 

This dissertation will outline how nonlinear vibrational spectroscopy in combination with 

isotopic labeling can reveal detailed structural and dynamic information within proteins. In 

particular, my graduate research has focused on characterizing -helical structures, which are one 

of the most common secondary structures peptides and proteins adopt. I have employed two -

dimensional infrared (2D IR) spectroscopy with isotopic probes to examine a series of model -

helical peptides and proteins, which revealed detailed insights regarding their local structure and 

dynamics through vibrational coupling interactions. This first chapter will establish a foundational 

understanding of proteins, including their chemical compositions and how they fold into larger 

assemblies that impart specific functions involved in nearly every biological process. Additionally, 

this chapter will describe the fundamentals of 2D IR spectroscopy and isotope labeling methods, 

and how these techniques provide a powerful toolset to characterize protein structure and folding. 

Together, these experimental methods enabled us to extract novel information within model 

polypeptide systems, which improves our understanding of protein structure, folding, and function. 

1.2 Introduction 

Proteins are large biomolecules that play vital roles in life’s chemical processes. Enzymes 

are proteins that catalyze biochemical reactions, including digestion and muscle contractions, 

which would otherwise not occur on timescales fast enough to support life.1,2 Some proteins aid in 

transportation, moving nutrients throughout the body and ions across membranes.3,4 Other proteins 

have passive roles, such as providing structural networks for connective tissues. 5 Although 

proteins are structurally and functionally diverse, their chemical makeup is relatively simple. 
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Proteins are biological polymers comprised of linear chains of covalently -linked amino acids. 

Amino acids consist of a central carbon atom (C) connected to four functional groups: an amine, 

a carboxylic acid, a hydrogen atom, and a sidechain (Figure 1.1A). There are twenty amino acids 

found in nature, which are classified by their characteristic sidechains. 

Proteins are formed by linking multiple amino acids through covalent bonds. The 

condensation reaction between the terminal amine and carboxylic acid of two different amino acids 

results in amide or “peptide” bond formation with water as a byproduct (Figure 1.1B). When the 

linear chain consists of ~50 amino acid residues or less, it is called a peptide or polypeptide. 

Proteins are simply large (>50 residues) polypeptide chains. The repetitive amide bonds make up 

the peptide backbone, which extends along the entire polypeptide chain. The order of amino acids, 

conventionally written as the N-terminal amino acid on the left and the C-terminal amino acid on 

the right, is known as the primary sequence and is the most fundamental descriptor of a 

polypeptide. 
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Figure 1.1 Chemical makeup of amino acids and peptides.  (A) A central carbon atom (C) is bound 
to a hydrogen atom, carboxylic acid (blue), amino group (red), and unique sidechain (R group, orange). 

At physiological pH, the molecule is zwitterionic. (B) The peptide bond (purple) is formed by the 

condensation of two amino acids. Molecular geometries are not optimized here for simplicity. 

 

The sidechain chemistry within a polypeptide sequence is a critical determinant for protein 

folding. One of the most important features of sidechain groups is how they interact with water. 

Nonpolar sidechains, like alkyl groups, are hydrophobic (“water fearing”) and do not interact 

favorably with water. Polar sidechains, such as amino and hydroxyl groups, are hydrophilic 

(“water loving”) and readily form hydrogen bonds with surrounding water molecules. 

Hydrophobic sidechains cluster together to form a hydrophobic core, where water is excluded, 

whereas the hydrophilic sidechains remain exposed to water. The formation of a dense 

hydrophobic core drives protein folding into distinct secondary structures. 

Secondary structure describes the local orientation of the polypeptide backbone. To form 

a hydrophobic core, the peptide backbone must also fold away from the surrounding water 

molecules. The backbone is hydrophilic, with one hydrogen bond donor (N-H) and one hydrogen 

bond acceptor (C=O) per residue. There are two main secondary structures that satisfy the 

hydrogen-bonding requirements for the protein backbone: -helices and -sheets. -helices are 



4 
 

right-handed helical structures stabilized by intramolecular hydrogen bonds between the C=O 

group of one residue and the N-H group of another residue four positions away. However, the first 

and last three residues of an -helix are not hydrogen bonded. -helices are also characterized by 

a turn every ~3.6 residues. The other common secondary structure found in proteins is the -sheet. 

Unlike -helices, -sheets are stabilized by intermolecular hydrogen bonds between adjacent 

strands. The hydrogen bonding patterns can be parallel or antiparallel, where the hydrogen bonds 

between the C=O and N-H groups are at an angle or aligned, respectively. Many large proteins 

contain both types of secondary structures with loop regions and disordered segments connecting 

them.  

While secondary structure is commonly used to describe the shape of proteins, there are 

higher levels of organization. Tertiary structure illustrates the three-dimensional shape of a 

polypeptide chain. Interactions between different sidechain residues are responsible for stabilizing 

tertiary structure. A common example is disulfide bond formation between cystine residues. 

Additionally, some proteins are made up of multiple polypeptide chains, known as subunits. 

Quaternary structure, the highest level of organization, describes the globular protein structure 

comprised of multiple subunits. Figure 1.2 summarizes the hierarchy of peptide and protein 

structure. 
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Figure 1.2 Levels of peptide and protein structure. (A) Primary structure lists the order of amino acids 
(colored circles and 1-letter code) in the polypeptide chain from the N-terminus (green circle, letter “A”) 

to the C-terminus (orange circle, letter “D”). (B) Secondary structure describes the peptide backbone 

orientation. The three common secondary structures peptides adopt are disordered, -helices (blue 

cylinder), and -sheets (green arrow). (C) Tertiary structure defines the global peptide/protein structure. 

(D) Quaternary structure illustrates how multiple peptides/protein units are associated.  

 

The three-dimensional shape a protein adopts is critical for its function.6,7,8 However, static 

snapshots do not fully capture how proteins work. Proteins are dynamic, fluctuating rapidly to 

perform their biological roles. Therefore, if a protein becomes denatured or improperly folded, it 

can impact its function and have detrimental consequences. For example, the misfolding of soluble 

proteins into insoluble amyloid fibrils is implicated in over twenty human diseases, such as 

Alzheimer’s, type II diabetes, and cataracts.9,10,11 Thus, to better understand the link between 

protein structure and function, both native or toxic, it is ideal to use analytical techniques that can 

capture both structure and dynamics.  



6 
 

1.3 Nanoparticles can impact protein structure 

Nanomaterials are defined as any tangible object with dimensions on the “nano” scale. 

Specifically, nanoparticles are defined as materials with dimensions less than 100 nanometers 

(nm), ~1,000 times smaller than the width of a human hair. While nanoscience and nanotechnology 

are relatively new concepts, nanomaterials have been used by humans for centuries, dating back 

to Ancient Rome. For example, the brilliant colors of Roman pottery and medieval stained glass 

have been attributed to the interactions between light and different nanomaterials (gold, silver, and 

copper).12–14 Significant advances in manufacturing and characterization methods have allowed 

scientists to determine the relationship between nanomaterials’ physical properties (size, shape, 

composition, etc.) and their unique optical and electronic behaviors. 

Over the past few decades, nanomaterials have been extensively researched for a variety 

of applications, ranging from “smart packaging” in food products to spaceship coatings. 15,16 Today, 

nanomaterials are found throughout our daily lives: they are in personal care products, like 

sunscreen and cosmetics, television displays, and plastic water bottles.17–20 Increasingly, 

nanomaterials are being explored and integrated in medicine for innovative uses, including drug 

delivery, therapeutics, and molecular sensing.21–23 These materials are attractive for biomedical 

applications because they are similar in size to many biological macromolecules, like proteins and 

nucleic acids, which can promote novel interactions.24,25 

 Despite many advances in nanotechnology and medicine, much remains unknown about 

the long-term effects of nanoparticle exposure on biological systems. It is well-established that 

biomacromolecules (DNA, proteins, etc.) can have strong interactions with nanoparticles. 26–29 

When biological molecules associate with nanoparticles, they coat the surface, creating a diverse 
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and dynamic new identity known as the biomolecular corona.30,31 The biomolecular corona, not 

the bare nanoparticle, is responsible for molecular interactions within biological media. Proteins 

are abundant in biological fluids. Therefore, it is inevitable that some proteins will associate with 

nanoparticles and create a new protein corona identity, both in vitro and in vivo. 

Protein coronas can be tailored to have desirable medicinal properties.32,33 The protein 

coverage provides a stealth for the nanoparticle, allowing it to interact with molecules and native 

cellular receptors.34,35 Protein structure is key for the appropriate biological activity of the protein-

nanoparticle complex. However, proteins can undergo conformational changes to facilitate 

favorable interactions with nanoparticles.25,36,37 Protein denaturation lends itself to a loss in protein 

function, rendering the efficacy of the nanoparticle complex. While some proteins may not 

completely denature, their native structure can be altered by exposing previously buried residues 

within the hydrophobic core. The exposure of hidden residues, also known as cryptic epitopes, can 

unlock involuntary biological activities, including autoimmune responses. 38 Additionally, 

nanoparticles can also influence amyloid aggregation, a process linked to many diseases.39–41 Thus, 

to understand the fundamental mechanisms of nanoparticle exposure in biological systems, it is 

critical to elucidate their impact on peptide and protein secondary structure. 

1.4 Infrared spectroscopy is useful for probing protein structure 

Common biophysical techniques to analyze protein structure are X-ray crystallography, 

cryogenic electron microscopy (cryo-EM), and nuclear magnetic resonance (NMR) 

spectroscopy.42–44 X-ray crystallography and cryo-EM provide exquisite structural resolution, but 

they capture static images of proteins. Additionally, these techniques require great expertise in 

sample preparation and analysis methods. NMR spectroscopy offers detailed structural 
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information and is more user friendly, but it is limited to relatively homogeneous samples. While 

these characterization tools are powerful for probing molecular structure, they have drawbacks: 

they are expensive, time-consuming, and sometimes lack the ability to monitor the kinetics of the 

system, although advances in technology are helping overcome this issue.45–47 

Key questions in protein science that require knowledge of both structure and dynamics 

can be challenging to address simultaneously. Optical techniques, such as fluorescence and 

circular dichroism (CD) spectroscopy, may be more suitable to monitor rapidly evolving structural 

changes with a tradeoff in resolution.48,16 These techniques can capture fluctuations on short 

timescales (nanoseconds to picoseconds). However, these are bulk spectroscopic techniques that 

only report global structural information, which neglect critical details about the molecular system. 

Chemical labels can be synthetically incorporated in proteins, but they can potentially disrupt the 

native structure and kinetics.50 Generally, most characterization methods cannot capture detailed 

structural changes within unlabeled proteins in real time. 

Another useful tool for monitoring protein structure is infrared (IR) spectroscopy. 51–53 IR 

spectroscopy uses light in the mid-IR wavelength spectrum (~2-20 m) to excite molecular 

vibrations within a system. Molecular vibrations are sensitive to both chemical composition and 

arrangement, making them powerful structural reporters. Native amide group vibrations are 

commonly examined in protein IR studies because they can report on the local backbone 

environment (conformation, solvation, etc.). The amide vibrations include the amide I (mostly 

C=O stretching), amide II (C-N stretch and N-H bending), amide III (C-N stretching, N-H bending, 

and C=O bending), and amide A (N-H stretching) modes.54 Most protein studies focus on the 

amide I’ mode (~1600–1700 cm-1, where ’ denotes amide deuteration) because it is highly sensitive 

to secondary structure.55,56 The structural sensitivity of the amide I’ mode arises from vibrational 
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coupling (i.e., the interaction between multiple nearby vibrational modes). When several carbonyl 

groups are located within close proximity, they begin to vibrate together and the modes become 

delocalized. The delocalization of individual amide I’ vibrations (i.e., local modes) result in new 

normal modes (i.e., the combination of local modes). Vibrational coupling gives rise to 

characteristic amide I’ frequency ranges for different secondary structures.54,56 

Figure 1.3 summarizes the characteristic amide I’ transitions for the three common 

secondary structures observed in linear infrared spectra. Disordered structures, also known as 

random coils, lack in long range ordering. The local amide groups exhibit randomized couplings 

and hydrogen bonding patterns, which gives rise to a broad amide I’ transition between ~1645–

1660 cm-1 (Figure 1.3A). In an -helix, carbonyls experience highly-ordered intramolecular 

coupling between adjacent residues and turns. The amide I’ mode for -helices is typically 

observed between ~1635–1660 cm-1, depending on the helix length and solvent environment 

(Figure 1.3B).57 The amide groups in -sheet structures experience strong intermolecular coupling 

between strands, where the strands can be oriented antiparallel or parallel. -sheets have two IR-

active amide I’ modes centered at ~1620 cm -1 and ~1680 cm-1 (Figure 1.3C).56 The intense, low-

frequency -sheet transition arises from in-phase oscillations along adjacent strands perpendicular 

to the fibril axis (𝜈⊥). This mode is sensitive to the number of oscillators, and therefore the size of 

the -sheet.58 For example, the 𝜈⊥ mode for amyloid peptides is usually more intense and 

redshifted.59,60 The weak, high-frequency -sheet mode arises from in-phase oscillations along 

adjacent strands, but is oriented parallel to the fibril axis (𝜈∥). 
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Figure 1.3 Infrared signatures for protein secondary structures. In each cartoon, the black and red 

arrows represent the local and normal modes, respectively. (A) Disordered structures are characterized 

by a broad amide I mode centered at ~1650 cm-1. (B) The amide I mode for -helical structures is centered 

~1645 cm-1. (C) -sheets have two IR-active modes perpendicular (𝜈⊥, ~1620 cm-1) and parallel (𝜈∥, 

~1680 cm-1) to the fibril axis. 

 

1.5 Two-dimensional infrared spectroscopy can provide more insight into 

protein structure and dynamics 

Two-dimensional infrared (2D IR) spectroscopy has additional advantages over linear IR 

methods for protein studies.55,61 In 2D IR, the vibrational spectrum is spread over two frequency 

axes, which can decouple and reveal new features hidden in linear spectra. In this technique, a 

molecular vibration is first excited and probed after a short waiting time; the resulting 2D spectrum 

is plotted as a function of excitation (“pump”) and detection (“probe”) frequencies. Spectral 

features, such as frequencies, intensities, lineshapes, anharmonicities, and crosspeaks, can be 

examined to better understand the underlying molecular structure and dynamics. 62–64 Another 

advantage of 2D IR over linear IR is that an additional vibrational transition is probed. In linear 
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IR, only the fundamental transition (0→1) is detected. By adding the “detection” pulse, 2D IR also 

probes the excited state absorption transition (ESA, 1→2). The anharmonicity, or energy 

difference between the fundamental and ESA peak pair, can provide additional molecular 

information and is directly read from the 2D spectrum.65 

It is often useful to plot a diagonal trace to examine the intensity amplitude in specific 

regions of interest in a 2D IR spectrum. When the diagonal line intersects the fundamental 

transition, the resultant information is comparable to linear IR measurements. However, there are 

a few critical differences between the diagonal trace of a 2D IR spectrum (plotted along the 

fundamental transition) and a linear IR spectrum, including spectral resolution and 1D 

lineshapes.56 2D IR has improved sensitivity compared to linear IR because the signal strength 

(i.e., transition dipole moment, ||) is proportional to the number of light interactions (||4 in 2D 

IR versus ||2 in linear IR).66 This allows for weaker signals, like sidechains and isotope-labeled 

residues, to be resolved with 2D IR in the amide I’ region.66–68 Additionally, lineshapes in the 

diagonal trace and linear IR spectrum may differ.56,69 In contrast to linear IR, 2D IR reveals 

multidimensional lineshapes, which can decouple homogeneous and inhomogeneous broadening 

that arise from different molecular interactions.69 

An example 2D IR spectrum of a model protein, hen egg white lysozyme (HEWL), is 

shown below in Figure 1.4. HEWL is a relatively small (129 residues, ~14.3 kDa) model protein. 

Its native secondary structure is predominately helical, with smaller contributions from disordered 

and -sheet structures (Figure 1.4A).70 The predominant helix/coil character is reflected by the 

amide I’ frequency at ~1660 cm-1. In addition to this intense mode, there are two weaker vibrational 

signals at ~1580 cm-1 and ~1550 cm-1. The ~1580 cm-1 mode is characteristic of specific sidechain 
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(SC) modes, like aspartic/glutamic acid and arginine, all of which are present in lysozyme. 70 The 

weak mode at ~1550 cm-1 arises from the non-deuterated amide II (A2) mode. 

 

 

Figure 1.4 2D IR spectrum of a model protein. (A) Protein Data Bank structure for hen egg white 

lysozyme (HEWL, PDB code: 1DPX). (B) Diagonal trace (above) and 2D spectrum (below) of HEWL. 

Features along the diagonal are denoted by black boxes. Crosspeaks denoting energy transfer between 

the amide I’ and II modes are highlighted in red boxes. 

 

In addition to structural information, 2D IR can also capture dynamic changes within 

peptides and proteins. When combined with mid-IR pulse shaping, 2D IR can monitor how protein 

structures evolve in real time. For example, the union of 2D IR with pulse shaping has captured 

novel information during the misfolding of polypeptides into amyloid fibrils, which is implicated 

in diseases like type II diabetes.71 Revealing local residues and sequences involved in specific 

pathways of amyloid formation is crucial for a better understanding of protein-misfolding diseases 

and potential therapeutic solutions.  In addition to tracking evolving protein structures, 2D IR can 

reveal dynamic changes in the water environment surrounding and embedded within proteins. 



13 
 

Water molecules are known to mediate protein stability and binding interactions; thus, revealing 

water motions is fundamental for a more complete knowledge of protein structure, dynamics, and 

function.72,73 For example, 2D IR waiting studies have uncovered subpicosecond water motions in 

ion channels.74,75 Systematically varying the waiting time between the excitation and detection 

pulses in the 2D IR pulse sequence reveals dynamical changes on the subpicosecond timescale, 

which is consistent with hydrogen bond breaking and formation.74–76 Thus, 2D IR waiting time 

measurements are sensitive to hydrogen bonding fluctuations and, in turn, the surrounding water 

environment. When implemented with isotope labeling, 2D IR can expose local water dynamics 

near particular residues.74,75 Elucidating restricted water motions in proteins is critical for 

understanding certain functions, as in the case of the influenza A M2 proton channel.74–76 

1.6 Isotopes can be implemented as site-specific probes for protein IR studies 

Infrared spectroscopy is a bulk technique. Only global changes in protein secondary 

structure can be examined through the amide I’ mode. Even with improved spectral resolution, 2D 

IR alone cannot resolve individual residues, which could neglect critical details about the system. 

The structural resolution of IR spectroscopy can be improved when coupled with vibrational 

probes. Vibrational probes alter the mass of the oscillating atom and thus appear as isolated 

transitions in IR spectra. Examples of vibrational probes include unnatural azido and cyano groups, 

which are conveniently located in a biologically-transparent frequency window.77–79 While useful, 

these probes may alter natural protein vibrations, depending on the protein system and placement. 

Isotopes can be employed as vibrational probes with minimal perturbation to protein structure and 

dynamics. For short peptides, isotopes, such as 13C and 13C18O, can be site-specifically inserted 

into the peptide backbone or into sidechain groups, although sidechain substitution is less common. 

Incorporating heavier atoms into the peptide backbone redshifts the amide I’ mode, 
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spectroscopically isolating the residue. Examining spectral changes (frequency shifts, intensity 

changes, lineshapes, etc.) in the labeled residue can provide additional information about local 

structure and environment.66,80 Isotope labeling can also help distinguish between helical and 

disordered secondary structures, which is difficult due to the overlapping amide I’ frequency 

ranges (Figure 1.3A and B). 

1.7 Outline 

This dissertation outlines my graduate research which has focused on (1) monitoring 

detailed structural changes in a model -helical peptide (MAHP), (2) establishing conditions to 

study peptide and protein structural changes in the presence of nanoparticles, specifically gold 

colloids, and (3) studying conformational and dynamical changes in specific residues within a 

transmembrane -helix. For each of these studies, 2D IR spectroscopy was the primary technique 

used to study molecular changes in these systems. In Chapter 2, I will outline the experimental 

details for peptide sample preparation and the implementation of 2D IR spectroscopy. Chapter 3 

will focus on the structural characterization of MAHP, which also employs isotope labeling, to 

distinguish between random coil and helical structures. Chapter 4 will discuss the initial sample 

preparation methods for examining peptide and protein structure in the presence of nanoparticles, 

specifically gold colloids, with 2D IR spectroscopy. Chapter 5 will outline the initial work to 

investigate dynamical changes within the transmembrane peptide of the influenza A matrix 2 

(AM2TM) proton channel protein, which was in collaboration with the DeGrado Group at the 

University of California at San Francisco (UCSF). Chapter 6 will summarize my findings and 

provide an outlook for future 2D IR studies. 
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Chapter 2. Experimental Methods 

2.1 Introduction 

I have learned a broad range of experimental methods throughout graduate school. For 

example, I have prepared, purified, and characterized countless peptide samples over the past few 

years. Specifically, I’ve regularly utilized a Liberty BlueTM Automated Microwave-Assisted 

peptide synthesizer, high performance liquid chromatography (HPLC) system, and an 

electrospray-ionization mass spectrometer. I’ve also explored how to isotope label amino acids 

and incorporate them into peptides. In addition to these wet lab procedures, I have a great deal of 

experience operating and troubleshooting an ultrafast 2D IR spectrometer. In this chapter, I have 

outlined the theoretical and experimental details for these methods. 

2.2 Preparation of peptide samples 

2.2.1 Isotope labeling 

 Isotope labeling is a powerful tool to extract detailed information about protein structure 

and dynamics using vibrational spectroscopies.1–4 Specifically, isotope editing the peptide 

backbone can reveal residue-specific vibrational events.5,6 Molecular vibrations are highly 

dependent upon the oscillator’s reduced mass; therefore, isotope-labeled modes appear spectrally 

isolated from the bulk transition. For infrared protein studies, the amide I’ mode (which arises 

from mostly backbone carbonyl stretching) is often examined because it correlates to secondary 

structure.7 Therefore, both 13C and 13C18O isotopes alter the amide I’ vibrational frequency. 

However, the 13C18O isotope is typically more advantageous for single label studies. One 

advantage is that 13C18O has a low natural abundance (~1% for 13C and ~0.2% for 18O), making it 
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unlikely to occur at a random position along the peptide chain. Additionally, incorporating a 

13C18O backbone-labeled residue redshifts the amide I’ mode further (~60 cm-1 compared to ~40 

cm-1 for 13C). Unfortunately, the 13C18O label is not commercially available and must be 

synthesized by an 18O-exchange starting with the 13C-C amino acid.8 It is also critical to note that 

some sidechains, specifically ones containing carboxylates (aspartic and glutamic acid) and 

arginine, absorb strongly in this region (~1570–1610 cm-1).9 In this scenario, isotope labeling 

should be carefully considered. 

 Amino acids with hydrophobic and unreactive sidechains are often used for isotope 

labeling the peptide backbone (alanine, glycine, phenylalanine, leucine, isoleucine, and valine). It 

is possible to label reactive sidechains, but it is more expensive and time consuming. 10,11 The 

general process for isotope labeling an amino acid is as follows: (1) N-terminal protection of the 

13C-C amino acid amino group with a 9-fluorenylmethoxycarbonyl (Fmoc) group; (2) two to three 

washes with Milli-Q H2O by vacuum filtration to remove excess salts; (3) characterization with 

ESI-MS; (4) three rounds of 18O-exchange with the Fmoc-protected 13C-C amino acid; (5) 

centrifugation with cold, dry diethyl ether to remove organic salts; and (6) final ESI-MS 

characterization. I’ve found that after the protection and 18O-exchange reactions, it is important to 

wash the product several times to remove excess salts present (steps 2 and 5) before 

characterization with mass spectrometry. Undesired Na+ and K+ salts reduce the solution’s vapor 

pressure, in turn lowering the analyte signal in the mass spectrum. This results in an incorrect 18O-

exchange efficiency value. Salts also artificially inflate the product’s mass, which can be 

detrimental for the coupling reactions during peptide synthesis. 
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2.2.1.1 Fmoc protection of the N-terminal amino group 

It is essential for all amino acids to have an Fmoc protecting group to be compatible with 

Fmoc solid-phase peptide synthesis (SPPS). Fmoc-protected 13C-C amino acids are commercially 

available, but they are quite expensive ($500–600 per gram). Unprotected 13C-C amino acids can 

be purchased at a lower cost (~$200–300 per gram) and the Fmoc protecting group can be 

synthetically added in a simple one pot reaction.12 The Fmoc protection reaction of a 13C-C amino 

acid I have used, which was adapted from literature, is shown in Figure 2.1.12 In this reaction, 

equimolar amounts of the amino acid, sodium bicarbonate (NaHCO3), and 9-Fluorenylmethyl N-

succinimidyl carbonate (Fmoc-OSu) were combined and dissolved using a 1 to 1 mixture of Milli-

Q H2O and acetone (30 mL total volume). This reaction was performed on a 10 millimolar (mmol) 

scale with respect to the amino acid (~1 gram). For 13C-C alanine, this corresponds to 0.9009 

grams of amino acid, 0.8401 grams of NaHCO3, and 3.3733 grams of Fmoc-OSu. After stirring 

for 24 hours at room temperature, the reaction was quenched with 2 M KHSO4 until the pH was 

~2 (~3 mL of 2 M KHSO4). Under acidic conditions, the Fmoc-protected 13C alanine precipitated 

out of the solution. The white and fluffy precipitate was immediately transferred to a filter flask 

and washed with cold Milli-Q water (~50 mL). This washing procedure helped remove excess 

salts present from the NaHCO3 and KHSO4 reagents. The precipitate was rinsed with a small 

amount of acetone to help dry and transferred to a labeled and weighed (uncapped) 50-mL conical 

centrifuge tube. The product was frozen with liquid N2 and lyophilized to remove residual solvent. 

This washing procedure was repeated at least one more time to help remove excess  salts and 

lyophilized again to dry the product before characterization. 
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Figure 2.1 Fmoc protection of 13C-C alanine. The amino acid is dissolved in 50/50 water/acetone and 

Fmoc-OSu and NaHCO3 are added in equimolar amounts. The Fmoc-protected amino acid is precipitated 

out with KHSO4 after 24 h and washed several times with deionized water to remove excess salts. 

 

After the product was washed, the successful addition of the Fmoc group onto the amino 

acid was confirmed by electrospray-ionization mass spectrometry in positive ion mode. ESI-MS 

is an excellent characterization tool for readily-ionizable molecules, like isotope-labeled amino 

acids and peptides. ESI-MS is a soft ionization method, meaning the analytes do not fragment 

during the ionization process. The lack of fragmentation makes data analysis of biomolecules 

much easier to interpret, compared to traditional hard ionization techniques. In ESI, a liquid sample 

flows through a capillary with an applied high voltage, forming tiny charged droplets. The charged 

droplets are desolvated with a heating gas, decreasing the size and increasing the charge density. 

Upon the Rayleigh limit, where the charge repulsions are maximized, the droplets burst apart into 

gas phase ions. The gas phase ions are separated by a mass analyzer and further detected. 

An appropriate sample concentration for this technique is ~10 g analyte per mL of 

solution, which is prepared by serial dilutions. To prepare the sample stock solution, ~1 mg of 

Fmoc 13C-C amino acid was dissolved in 1 mL of a 70% acetonitrile and 30% water mixture. It 

is important to note here that only high purity solvents should be used with MS instrumentation; 

impurities present in lower solvent grades can negatively impact the experimental accuracy and 

reproducibility and lead to instrument damage. Additionally, the sensitivity of this technique is 
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enhanced when a volatile solvent mixture is employed instead of 100% water (e.g., 70% 

acetonitrile with 30% water) due to the decreased surface tension of the solvent mixture.  

The ~1 mg/mL amino acid stock solution was vortexed until fully dissolved. If the sample 

does not dissolve, further dilute the stock by adding more solvent and note the final concentration. 

Additionally, the stock solution can be centrifuged for ~10 minutes and the supernatant can be 

used to prepare the dilution. A 10 g/mL sample solution was prepared by mixing 10 L of stock 

(1 mg/mL), 989 L of solvent (70% acetonitrile in water), and 1 L of concentrated formic acid, 

which helps with protonation/ionization. The diluted sample was characterized by ESI-MS. A 

mass spectrum of a representative Fmoc-protected 13C-C alanine sample is shown in Figure 2.2. 

 

 

Figure 2.2 Mass spectrum of Fmoc 13C-C  alanine. The signal at 335.08 m/z is assigned to the 
[M+Na]+ adduct, confirming the successful Fmoc protection of the amine. The molecular weight of Fmoc 
13C-C alanine is 312 g/mol. 

 

2.2.1.2 18O-exchange with an Fmoc-protected 13C-C amino acid 

 To prepare the 13C18O label, the oxygens (16O) in the Fmoc-protected 13C-C amino acid 

are exchanged with heavier isotopes (18O) through an acid-catalyze exchange.8 Unlike with the 
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Fmoc-protection reaction, this reaction is sensitive to water, even from residual water vapor 

present in the air. Therefore, Schlenk techniques must be used for this reaction. A Schlenk line and 

appropriate glassware with constant N2 (g) flow must be used along with dry reagents. Usually, 

small quantities of reagents are purchased and used immediately to ensure water is not introduced. 

Additionally, the catalyst (4 M HCl) in dioxane is particularly air and water-sensitive, so it is best 

to purchase small volumes of this reagent and use it quickly. Prior to adding the reagen ts, the 

glassware is flamed dried (typically three times) under vacuum to remove residual water vapor. 

The 18O-exchange reaction I’ve used, which was also modified from previous literature, is 

summarized in Figure 2.3.8 

 

 
 

Figure 2.3 Reaction scheme and experimental setup for 18O-exchange of Fmoc 13C-C alanine. (A) 
Both 16O oxygens present in the amino acid are exchanged with the heavier isotope from 18O-enriched 

H2O (98%) under acidic conditions at high temperature (150 oC). (B) The apparatus for the 18O-exchange 

reaction. A Schlenk line with appropriate glassware is used to minimize the solution’s interaction with 

residual water. 

 

 The 18O-exchange reaction is usually carried out on a 1-gram scale with respect to the 

amino acid. After the glassware was flamed dried three times, the amino acid was quickly added 
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to the 50-mL three-neck round bottom flask. Adding the amino acid this way does introduce 

minimal water vapor to the flask, but flame drying the reactant is not ideal, as it could decompose 

the starting material. Additionally, residual water present in the flask should evaporate during the 

reflux. After resealing the septum, the N2(g) port was opened to the apparatus. A mixture of 

dioxane (8 mL) and 4 M HCl in dioxane (4 mL) was used to dissolve the amino acid. The reagents 

were added under N2(g) atmosphere. The mixture was stirred and heated to ~150 ℃. The reaction 

was heated for ~30 minutes before adding 1 mL of 18O-enriched water (~98%). After refluxing 4 

hours at 150 ℃, the round bottom flask was removed from the heat and cooled to room temperature 

(~20 minutes). The flask containing the light-yellow solution was removed from the condenser, 

frozen with N2(l), and lyophilized overnight to remove the solvent. This process was repeated, 

starting with the addition of dioxane and 4 M HCl in dioxane. 

After the third exchange, the solution was transferred to a labeled and weighed 50 -mL 

conical tube, frozen with N2(l), and lyophilized overnight. The dry product should appear slightly 

yellow or orange, due to HCl from the reaction. It is possible that an organic salt is also formed as 

a side product during this reaction. If the sample is darker in color (burnt orange or brown), there 

is likely more of this undesired side product that needs to be removed. The amino acid can be 

further purified by centrifugation with cold, dry diethyl ether. For this step, it is critical to use a 

new bottle of diethyl ether (with a sure seal if possible) to minimize the amount of water introduced 

to the sample, which can reverse the 18O-exchange. To purify the exchanged amino acid, ~10 mL 

of cold, dry diethyl ether was added to the product and centrifuged at 5,000  rotations per minute 

(rpm) for 5 minutes. A miniscule amount of brown precipitate crashed out of solution, likely the 

impurity. The light yellow/brown supernatant was transferred to a new 50-mL conical tube and 

dried with compressed air. A light brown/yellow film remained in the conical tube, which was 
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resuspended in ~5 mL of cold, dry diethyl ether. The washes were repeated at least twice more, 

producing an off-white/light yellow precipitate each time. 

ESI-MS was used to determine the labeling efficiency of each precipitate. The sample was 

prepared similarly to previously described with the Fmoc-protected amino acid, but using 100% 

acetonitrile as the solvent system, as introducing water reverts the 18O-exchange process. 

Typically, three 18O-exchanges result in ~90% or higher labeling efficiency, which is the lowest 

percentage desired for 2D IR studies. During the reaction, the two carboxylate oxygens (16O) are 

exchanged with the heavier 18O isotope. There is a mixture of three isotopic species present in 

solution: unlabeled (13C16O16O), single labeled (13C16O18O), and double labeled (13C18O18O) amino 

acid. The two carboxylate oxygens are chemically equivalent due to resonance; this means that 

each oxygen is equally likely to form the amide bond during peptide synthesis. Therefore, a high 

yield of the double labeled amino acid (13C18O18O) is necessary to ensure the desired residue is 

correctly labeled. Equation 2.1 is used to approximate the 18O-labeling efficiency using the peak 

intensity ratios in the mass spectrum. An example of 18O-enriched Fmoc 13C-C alanine mass 

spectrum is shown in Figure 2.4. 

 

𝐿𝑎𝑏𝑒𝑙𝑖𝑛𝑔 𝑒𝑓𝑓𝑖𝑐𝑖𝑒𝑛𝑐𝑦 =
𝐼𝑛𝑡𝑒𝑛𝑠𝑖𝑡𝑦 ( 𝐶13 𝑂 𝑂1818 +

1
2

𝐶13 𝑂 𝑂18 )16

𝐼𝑛𝑡𝑒𝑛𝑠𝑖𝑡𝑦 ( 𝐶13 𝑂 𝑂1616 + 𝐶13 𝑂 𝑂1816 + 𝐶13 𝑂 𝑂1818 )
                      (2.1) 
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Figure 2.4 Mass spectrum of 18O-enriched Fmoc 13C-C alanine. The peak intensities of the Na+ 

species (339 m/z for double labeled, 337 m/z for the single labeled, and 335 m/z for unlabeled alanine) 

were used to calculate the 18O-labeling efficiency (93% for this sample). The smaller peak at 355.08 m/z 

is from the [M+K]+ adduct. 

 

2.2.2 Fmoc solid-phase peptide synthesis 

Prior to automated solid-phase peptide synthesis (SPPS), peptides were often synthesized 

by solution-phase methods or through bacterial expression. While these traditional methods are 

still valuable today, SPPS is often the method of choice for several reasons. SPPS is more efficient 

than traditional methods, both from time and cost perspectives.13 When coupled with automated 

synthesizers, the amount of reagent and solvent required is significantly reduced. For my research, 

I have exclusively used an automated, microwave-assisted peptide synthesizer from Liberty 

BlueTM (CEM, Matthews, NC, USA). Standard reagents and protocols for Fmoc synthesis 

(deprotection, activation, etc.) were directly obtained from CEM and were used without 

modification. SPPS theory and its experimental implementation are described in detail below.  
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An overview of the cyclic process of Fmoc SPPS is illustrated in Figure 2.5. This method 

involves a series of deprotection and coupling steps to sequentially build the peptide chain on a 

stationary resin.13 The resin is usually a polymer, like polyethylene glycol (PEG), with an attached 

acid-labile linker (Figure 2.5). Unlike natural protein expression, SPPS builds peptides from the 

C-terminus to the N-terminus. Therefore, the desired C-terminal chemistry (amidated or acidified) 

is dictated by the resin linker. For my work, I have used the Rink Amide ProTide resin  (CEM, 

Matthews, NC, USA), which yields an amidated C-terminus upon cleavage with trifluoracetic acid 

(TFA). The linker is protected with an Fmoc group, which must be removed before attaching the 

first amino acid. The initial deprotection step of the linker affords a free amine. The linker’s free 

amine is then coupled with the carboxylic acid of C-terminal amino acid to form the first peptide 

bond. However, the carboxylic acid and amine do not readily undergo peptide bond formation. 

The carboxylic acid must first be “activated” into a more reactive species. This is achieved with 

two coupling reagents: an activator (diisopropylcarbodiimide, DIC) and an activator base 

(Oxyma). DIC converts the carboxylic acid to form an O-acylurea intermediate. Oxyma is then 

added, which attacks the carbonyl group of the DIC-activated amino acid, resulting in an Oxyma-

activated amino acid ester and N,N’-diisopropylurea byproduct, which is washed away. The free 

amine on the linker attacks the carbonyl of the Oxyma-activated ester to form the desired peptide 

bond and regenerates Oxyma. The excess reagents are washed away immediately, leaving behind 

the first amino acid on the resin. The deprotection and coupling steps are repeated until the desired 

peptide sequence is obtained. A final deprotection step is required to remove the Fmoc protecting 

group on the N-terminal amino acid. 
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Figure 2.5 Schematic of Fmoc solid-phase peptide synthesis. First, the Fmoc group is removed from 

the linker (dark blue) to afford a free amine. Next, the first amino acid (AA1, green) along with coupling 

reagents (an activator and activator base, not pictured) are added and the C-terminal amide bond is 

formed through a condensation reaction (top right image). This cycle is repeated until the desired peptide 

is built on the resin. A final deprotection step removes the N-terminal Fmoc protecting group. 

 

Although SPPS is a highly efficient method, the yield does considerably drop as more 

amino acids are added to the peptide chain. This disadvantage can be overcome with microwave-

assisted peptide synthesis. Microwave reactors improve the efficiency of peptide synthesis due to 

the highly precise and homogeneous nature of heating.14 The theoretical peptide yield for 

microwave-assisted SPPS is approximated as 0.99n multiplied by 100, where n is the number of 

amino acids. For short peptides (~10 residues), the yield is quite high (~90%). However, as the 

length is increased to ~50 residues, the yield significantly decreases (~60%). It is also important 

to note that the peptide yield will inevitably drop during successive cleavage from the resin and 

purification steps. Larger peptide sequences are also likely to encounter amino acid deletions 
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within the sequence. To avoid deletions, multiple coupling steps can be implemented to ensure the 

maximum amount of free amino groups are chemically linked to the next amino acid. I have found 

that double coupling methods are essential when synthesizing 13C18O-labeled peptides. During my 

first isotope-labeled peptide synthesis, I used standard single coupling protocols and observed an 

amino acid deletion in the labeled position upon characterization. This could have resulted from 

the 18O-exchange impurity, where the isotope-labeled amino acid mass would have been less than 

anticipated while preparing the amino acid solution. Precipitation with dry ether removes some of 

the impurity, but without enhanced purification methods like HPLC, it is likely still present. 

Double coupling this position during synthesis ensures a sufficient amount of the isotope is fully 

incorporated into the peptide sequence. 

For the unlabeled model -helical peptide synthesis (MAHP, sequence: 

DPAEAAKAAAGR-NH2), the standard Rink Amide ProTide resin was employed. This resin 

contains a polyethylene glycol polystyrene (PEG PS) core and is suitable for C-terminal amidated 

peptides with fewer than 30 residues. The resin is first swelled with 15 mL of wash solvent 

(dimethylformamide, DMF) for 5 minutes; the high swelling option ensures the following reagents 

will diffuse quickly and homogeneously throughout the resin core. Next, the Fmoc group on the 

linker is removed with a deprotection solution of 10% piperazine (weight/volume) in 90% N-

Methylpyrrolidone (NMP) and 10% ethanol (EtOH) (volume/volume) under standard deprotection 

methods. After the Fmoc group is removed, the first amino acid (arginine) is coupled onto the 

linker. Arginine contains a sterically-hindered guanidine sidechain with a 2,2,4,6,7-

pentamethyldihydrobenzofuran-5-sulfonyl (Pbf) protecting group, making it one of the bulkiest 

amino acids. Arginine is the only amino acid in MAHP’s sequence that requires double coupling 

to ensure sufficient addition onto the linker. The standard single coupling procedure involves 
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microwaving the amino acid (0.2 M in DMF), activator (0.5 M DIC in DMF), and activator base 

(1 M Oxyma in DMF) at 75℃ for 15 seconds and 90℃  for ~2 minutes and then removing the 

reagents with wash solvent (DMF). Again, this procedure is repeated once more with arginine to 

guarantee coupling onto the linker. The deprotection and coupling reactions are repeated with the 

remaining amino acids with the standard single coupling method. A final deprotection step 

removes the Fmoc group from the N-terminal amino acid and is followed by several DMF washes. 

After the peptide synthesis is complete, the resin is carefully transferred from the reaction 

vessel with dichloromethane (DCM) into a labeled 50-mL conical tube. The DCM is gently 

evaporated in the fume hood, resulting in a dry, pale-yellow resin. The tube containing the dried 

resin is sealed with Parafilm to minimize contact with water and stored in the freezer at -20℃. I’ve 

found that MAHP on resin is stable at -20℃ for at least a year. I typically synthesize MAHP (and 

other peptides) on a 0.10 mmol scale, which yields enough peptide for several 2D IR experiments. 

The reagent concentrations depend upon the amount of peptide synthesized, so it is important to 

reference the Liberty Blue guidelines when scaling the synthesis up or down. 

2.2.3 Peptide cleavage from resin and precipitation with ether 

 After synthesis, the peptide is cleaved from the resin and the sidechain protecting groups 

are removed using an acidic cleavage cocktail. The cleavage cocktail composition is highly 

dependent upon the types of residues present. Many linkers (Rink, Wang, etc.) are acid-labile and 

readily cleaved with a mixture of concentrated TFA with a much smaller percentage of scavenger 

species, which are dependent upon the sidechains present. For my peptide samples, I have used 

standard cleavage protocols provided by ThermoFisher. In particular, MAHP does not contain any 

highly-reactive sidechains (e.g., cysteine, methionine, histidine, etc.). Therefore, a cleavage 
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cocktail of 95% TFA, 2.5% H2O, and 2.5% triisopropylsilane (TIPS) is sufficient. In this reaction, 

TFA severs the peptide from the resin along with the sidechain protecting groups. H2O and TIPS 

bind to the free sidechain protecting groups in solution, preventing them from reattaching to the 

peptide. For a 0.10 mmol synthesis, usually a third to half of the resin batch is cleaved. I’ve found 

that it’s unfortunately not useful to weigh the resin for the cleavage procedure; the resin is highly 

staticky and does not produce an accurate mass reading. However, it is critical to be as consistent 

as possible when measuring the dry resin and adding the cleavage cocktail solution. The resin is 

carefully transferred to a 6-dram glass vial with a small stir bar on a stir plate in the fume hood. 

Approximately 5–6 mL of cleavage cocktail is slowly added to the dry resin, which causes it to 

react vigorously (smoke and heat are given off). The reaction mixture was stirred for ~2.5–3 hours 

in the hood at room temperature. It is important that the resin does not interact with  the cleavage 

cocktail for >4 hours due to undesired side reactions. 

After the cleavage reaction is complete, the resin is filtered from the solution and discarded. 

The solution, which contains the crude peptide and scavenger-bound sidechain protecting groups, 

is filtered directly into a labeled and weighed 50-mL centrifuge tube. The solvent is dried and a 

thin, yellow film/gel remains in the tube. The peptide is precipitated out with cold diethyl ether. 

The cold mixture is centrifuged at 5,000 rpm for 5–10 minutes. After centrifugation, the white 

fluffy peptide should settle at the bottom of the tube. The ether supernatant, which contains the 

soluble scavenger-bound sidechain protecting groups, is gently removed by a Pasteur pipette and 

discarded. The ether washes are repeated at least twice more to remove the scavenger groups from 

the crude peptide. Once most of the supernatant is removed, the remaining ether can be gently 

evaporated in the hood to minimize loss of the dry peptide, which is very staticky and volatile at 

this stage. Once the cleaved peptide is completely dry, the tube is sealed with Parafilm and stored 
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at -20℃ until it is ready for HPLC purification. In general, peptide cleavage from the resin should 

be timed as closely to HPLC, if possible, to preserve the sidechain group chemistry. 

2.2.4 High-performance liquid chromatography peptide purification 

High performance liquid chromatography (HPLC) is an indispensable tool for peptide 

purification. In HPLC, analytes are loaded onto a stationary phase, usually a fused silica column, 

and eluted from the column with a mobile phase (i.e., solvent system). The analytes in a mixture 

have different affinities for the stationary phase, depending upon the specific chemistry. Reversed-

phase HPLC (RP-HPLC), which uses a nonpolar octadecylsilane (C18) stationary phase, is best 

suited for peptide separation. Hydrophilic peptides do not interact strongly with the nonpolar 

column and elute first. Hydrophobic peptides interact more favorably with the s tationary phase 

and elute at later times. RP-HPLC can be performed with a single solvent as the mobile phase (i.e., 

isocratic elution) or by changing the solvent system over time (i.e., gradient elution). Gradient 

elution improves peptide separation and is much faster compared to isocratic methods. An 

ultraviolet-visible (UV-Vis) detector is often used to monitor peptide elution from the column. The 

detector monitors 215 nm (the wavelength where the peptide backbone absorbs UV light) and 280 

nm (the wavelength where aromatic residues, like tryptophan, absorb UV radiation). A fraction 

collection system is used to collect each species based on the characteristic UV-Vis absorption. 

To prepare MAHP for HPLC, the crude peptide was dissolved in water (HPLC grade) to 

make a ~2 mg/mL stock. The stock was vortexed and immediately filtered through a 0.20-m 

filter. For purification, typically ~2 mL of peptide solution was loaded onto the preparative column 

(~4 mg of crude peptide) during each injection. Since some hydrophobic peptides (e.g., amyloids) 

tend to aggregate on the column, a quick 30-minute cleaning gradient was performed at the 
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beginning and end of each day when using the XBridge BEH C18 preparative column. To clean 

the column, ~1 mL of dimethylsulfoxide (DMSO) was loaded onto the column and a 10% change 

per minute gradient of 100% Solvent A (water with 0.045% HCl) to 100% Solvent B (90% 

acetonitrile in water with 0.045% HCl) was performed. After 10 minutes, the column was flushed 

with 100% Solvent B for 10 minutes and then equilibrated with 100% Solvent A for 10 minutes 

before the peptide injection. To purify MAHP, a 2% change per minute gradient was used and the 

peptide elution was monitored at 215 nm. The solvent gradient started with 0% Solvent A (100% 

water with 0.045% HCl) and ended with 40% Solvent B (90% acetonitrile in water with 0.045% 

HCl) over 20 minutes, where the peptide’s retention time was consistently ~11 minutes (~22% 

Solvent B composition). At 20 minutes, the gradient increased from 40% to 100% Solvent B over 

1 minute. 100% Solvent B was flushed through the column for 10 minutes to elute the remaining 

hydrophobic analytes in the sample. The column was then equilibrated with Solvent A for 10 

minutes and the peptide injections were repeated for the remaining crude peptide solution. An 

example of the binary gradient for MAHP and resulting chromatogram is shown in Figure 2.6. All 

pure MAHP fractions were collected, combined into a 50-mL centrifuge tube, and lyophilized for 

several days (depending on the sample volume). A single round of HPLC purification is sufficient 

for MAHP. Typically, MAHP can be fully purified in ~10–20 injections (~1–2 days) on the 

preparative column, compared to several weeks on the analytical column. However, the matched 

analytical column (XBridge BEH C18 analytical column) can be useful for initial gradient 

optimization if the peptide sample is limited or contains an expensive label.  
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Figure 2.6 Optimized HPLC gradient and chromatogram for MAHP. (A) A binary gradient of 0% 
to 40% Solvent B (green) starting with Solvent A (yellow) over 20 minutes is sufficient to elute MAHP. 

(B) The corresponding chromatogram of MAHP monitored at 215 nm. The pure peptide elutes ~11 

minutes (~22% Solvent B composition). The pure fraction (denoted in the red box) is collected and 

lyophilized. 

 

It is important to note that different counterions can be used in HPLC solvents, depending 

upon the chemical nature of the peptide. We tend to use a smaller percentage of HCl instead of 

TFA, which is a standard acidic counterion. TFA absorbs strongly at ~1680 cm -1, which can 

overlap with the weak parallel -sheet mode in infrared spectra. When switching between 

counterions, it is important to consult the instrument and column manuals to ensure the counterion 

is compatible with the system. For HCl, 0.045% by volume is within the acceptable concentration 

and pH range of the XBridge columns and instrument. 

2.2.5 Electrospray-ionization mass spectrometry peptide characterization 

 Once the peptide is lyophilized into a white, fluffy powder, it is ready for characterization 

with ESI-MS. The MAHP solution was prepared as previously described in Section 2.2.1, instead 

using a solvent system of 70% methanol and 30% water (high purity grades). A generic mass 

spectrum for pure, unlabeled MAHP is shown in Figure 2.7. The [M+2H]2+ species is consistently 
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the most intense signal observed for MAHP samples under these conditions. After the correct 

peptide mass is confirmed, the diluted sample can be discarded. If there is limited sample, the 

concentrated stock should be combined with the dry stock and lyophilized again.  

 

 
 

Figure 2.7 Mass spectrum of pure MAHP. Signals observed in mass spectra correspond to protonated 
species of MAHP (1126 g/mol). The most intense signal at 564 m/z corresponds to the doubly protonated 

peptide [M+2H]2+. The weaker signal at 1127 m/z is from the singly protonated [M+H]+ species. 

 

2.3 Preparation of peptide samples for CD and 2D IR measurements 

 All peptides were prepared in deuterated solvents to prevent interferences from water 

bending modes in the amide I’ region in 2D IR measurements. MAHP samples were prepared 

under several different conditions for 2D IR analysis. MAHP is a model peptide that has a pH-

dependent secondary structure due to the titration of the aspartic and glutamic acid sidechains (pKa 

~4).15 MAHP also exhibits an increase in helical content with the addition of the cosolvent 2,2,2-

trifluorethanol (TFE).15 To prepare the peptide for 2D IR experiments, a concentrated MAHP 

solution (>10 mM) was first prepared in D2O. The stock concentration was quantified using the 

Nanodrop instrument. MAHP does not contain any aromatic residues (tryptophan, tyrosine, or 
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phenylalanine) and cannot be quantified at 280 nm. Instead, the peptide back bone wavelength 

(~205 nm) is used, although it is much weaker. The estimated molar absorptivity for MAHP is 

28.53 L/g*cm, which was calculated based upon the number of amino acid residues and 

contributing sidechain absorptions at 205 nm.16 Following MAHP quantification, sample dilutions 

(5 mM) were prepared at different pH values and with varying concentrations of TFE (up to 40% 

by volume) in microfuge tubes. Figure 2.8 depicts a generalized sample composition for a typical 

MAHP 2D IR experiment. The solution pH was adjusted using sodium deuteroxide (20% by 

weight in D2O) and deuterium chloride (30% by weight in D2O) and the exact value was recorded 

with a micro-pH probe. If applicable, TFE was added (40% v/v) to the 5 mM MAHP samples and 

the pH was checked again to ensure the acid did not significantly drop the pH value (>1). The 

remaining solvent volume was accounted for with neat D2O. After the sample mixtures were 

prepared, the tubes were sealed with Parafilm and incubated at room temperature for at least 1 

hour before collecting spectra. After incubation, a small volume of the sample (~5 –20 L) was 

sandwiched between two CaF2 windows separated by a 50 m Teflon spacer. 

 

 
 

Figure 2.8 Sample composition for MAHP 2D IR and CD experiments. 100 L of sample is prepared 
containing equivalent amounts of MAHP stock with varying amounts of D2O and TFE. Concentrated 

MAHP stock is diluted to a final concentration of 5 mM with the solvent system. The solution pH is 

adjusted before TFE is added (up to 40% by volume). 
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2.4 Experimental setup for 2D IR spectroscopy 

 2D IR is a third-order, nonlinear spectroscopic technique that can provide additional 

information about molecular vibrations compared to linear spectroscopies.17–21 By spreading an IR 

spectrum over two frequency axes, the relationship between multiple vibrational modes can be 

investigated. The pulse sequence and example of the 2D IR process is shown in Figure 2.9.17 The 

2D IR pulse sequence consists of a pair of pump pulses and one probe pulse (Figure 2.9A). The 

first pump pulse, 1, establishes a coherence between the ground state and the first excited 

vibrational state and the second pump pulse, 2, creates a population with this state (Figure 2.9B, 

yellow arrow). The waiting time between the two pump pulses (t) is known as the coherence time 

and can be Fourier transformed to yield the “pump” frequency axis. After a known delay (t2), the 

probe pulse, 3, interacts with the system. The probe pulse can: (1) create another coherence with 

the second excited vibrational state, known as excited state absorption (ESA, Figure 2.9B, red 

line); (2) stimulate emission to the ground state (Figure 2.9B, downwards blue line) or (3) stimulate 

ground state bleach (Figure 2.9B, upwards blue line). The coherence time between the probe pulse 

and the emitted signal is Fourier transformed to yield the “probe” frequency axis. The pump and 

probe frequency axes are plotted against each other to create the 2D IR spectrum (Figure 2.9C). 

By correlating vibrational modes over two frequency axes, more detailed information about the 

molecular system of interest can be revealed. 
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Figure 2.9 Overview of 2D IR process. (A) 2D IR pulse sequence. Two pump pulses and a probe pulse 

are required to generate the 2D IR signal (second blue coherence). (B) Energy level diagram of 2D IR 

process. (C) Example 2D IR spectrum. The spectrum is plotted as a contour function, where the negative 

intensities (from GSB and SE processes, 01) are blue and the positive intensities (excited state 

absorption, 12) are red. 

  

Experimental 2D IR spectroscopy relies on femtosecond light pulses, which can only be 

generated with commercial ultrafast laser systems. There are different methods for implementing 

2D IR spectroscopy, but I will focus on the pulse shaper method (i.e., pump-probe geometry).17,22 

Generally, pulse shaping has many advantages over other 2D IR methods, although other methods 

still have merit and remain in use today.23 Implementing a mid-IR pulse shaper allows for complete 

control over the pulse phases and the data acquisition time is much faster due to the computer-

generated time delays.17,22 Additionally, using a pulse shaper can simplify alignment because the 

pump pulses are generated on the same beam line.22 An example of the 2D IR laser setup I’ve used 

is shown in Figure 2.10. 
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Figure 2.10 Schematic of experimental 2D IR setup. The experimental setup consists of three main 

parts: the ultrafast laser system (Solstice Ace, Spectra Physics, top left), the OPA and DFG (TOPAS, 

Spectra Physics, top right), and the 2D IR spectrometer with pulse shaper (2DQuick IR, PhaseTech 

Spectroscopy Inc., bottom left). 

 

 Mid-IR femtosecond pulses cannot currently be generated from a commercial laser system. 

Instead, visible ultrafast pulses are first generated by a commercial laser system and converted to 

infrared pulses using an optical parametric amplifier (OPA) and difference frequency generation 

(DFG). For all of my research, I’ve used a Solstice Ace laser system (Spectra Physics, CA, USA). 

This system initially generates 800 nm femtosecond pulses by pumping a Ti:Sapphire oscillator 

(MaiTai, Spectra Physics, CA, USA) with a 532 nm continuous wave pump laser. These pulses 

were intensified using a regenerative amplifier through a process called chirp pulse amplification 

pumped with a high-power Nd:YVO4 laser (Ascend, Spectra Physics, CA, USA). The Solstice Ace 
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system outputs 800-nm pulses (7 mJ, 60 fs, 1 kHz). In our experimental setup, the output pulses 

from the Solstice were attenuated by a 50/50 beam splitter and half of the beam was dumped. The 

other beamline was directed into an OPA (TOPAS, Spectra Physics, CA, USA). The 800-nm 

pulses were overlapped onto a -barium borate crystal (BBO) to generate signal and idler pulses 

in the near infrared spectral region. The signal and idler pulses were overlapped onto a AgGaS2 

crystal, which generated mid-IR light through difference frequency generation (DFG). The mid-

IR output is controlled by the signal and idler frequencies through the following equations: 

𝜔𝑝𝑢𝑚𝑝 = 𝜔𝑠𝑖𝑔𝑛𝑎𝑙 + 𝜔𝑖𝑑𝑙𝑒𝑟    (2.2) 

𝜔𝑚𝑖𝑑 𝐼𝑅 = 𝜔𝑠𝑖𝑔𝑛𝑎𝑙 − 𝜔𝑖𝑑𝑙𝑒𝑟   (2.3) 

In these equations, 𝜔𝑝𝑢𝑚𝑝 is the input light (~12,500 cm-1 for 800 nm), 𝜔𝑚𝑖𝑑 𝐼𝑅 is the output 

frequency (~1,667 cm-1 for 6 m light where proteins absorb), and 𝜔𝑠𝑖𝑔𝑛𝑎𝑙 and 𝜔𝑖𝑑𝑙𝑒𝑟 are variables. 

This system of equations allows us to solve for the signal and idler frequencies needed for the 

desired output frequency (𝜔𝑚𝑖𝑑 𝐼𝑅). Adding the two equations results yields the signal frequency, 

which is greater than the idler frequency by convention. Likewise, subtracting the equations 

provides the idler frequency term. To satisfy 𝜔𝑚𝑖𝑑 𝐼𝑅 = 1,667 cm-1, the signal and idler frequencies 

are set at ~7,083.5 cm-1 (~1,412 nm) and ~5,416.5 cm-1 (~1,852 nm), respectively.  

After the DFG process, the mid-IR beam was directed into a commercial 2DQuick IR 

spectrometer (PhaseTech Spectroscopy Inc., WI, USA). More details regarding the spectrometer 

design are provided elsewhere.17,22 First, the mid-IR beam was split into an intense pump (~90%) 

and a weaker probe line (~10%). The resultant pump beam was “shaped” using a germanium 

acousto-optic modulator (Ge AOM). Sound waves that travel across the Ge crystal alter the lattice 

spacing, which transformed the output pump frequency. The modulated beam was recombined 
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with a diffraction grating, producing two individual pump pulses. The pump and probe pulses were 

spatially and temporally overlapped at the sample, which generated the nonlinear signal along the 

probe line. The probe line, which contains the signal, was dispersed by a monochromator onto a 

mercury cadmium telluride (MCT) detector array (Princeton Instruments, NJ, USA). 2D IR spectra 

were processed by the QuickControl software (PhaseTech Spectroscopy Inc., WI, USA). Data 

analysis was performed using a custom MATLAB script and additional post-processing was 

completed with Adobe Illustrator. 

The MCT array should be calibrated daily with a standard to minimize variations in data 

collected over the span of several months or years. During my first few years in the group, we used 

water lines from ambient water vapor to calibrate the detector because has many vibrational modes 

spanning the protein region (~1550–1700 cm-1). However, this method did not work well with our 

spectrometer setup (i.e., the water modes were not well-resolved) and was sensitive to humidity 

changes, which fluctuated daily. Instead, small molecule calibrant molecules tend to work best 

because they are consistent and largely insensitive to humidity fluctuations in lab. 4 -

nitrobenzaldhyde (4NBA, ~300–500 mM in toluene) is a small organic molecule that absorbs mid-

IR light at 1535 cm-1, 1605 cm-1, and 1711 cm-1 in toluene, which was measured on our commercial 

Nicolet iS20 FTIR spectrometer (ThermoFisher, MA, USA). These three vibrational modes are 

useful because they span the isotope and amide I’ spectral regions. To calibrate the detector, the 

first 4NBA probe spectrum (50 scans averaged) was collected as described and the pixels were 

matched to the absorption minima frequencies. These calibrated pixels were used during spectral 

processing for the remaining data set collected on the same day. 
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Chapter 3. Structural differences in a short -helix revealed by two-

dimensional infrared spectroscopy and isotope labeling 

3.1 Abstract 

-helical secondary structures impart specific mechanical and physiochemical properties 

to peptides and proteins, enabling them to perform a vast range of molecular tasks ranging from 

membrane insertion to molecular allostery. However, loss of helical content in specific regions can 

inhibit the polypeptide’s native function or induce new, potentially toxic, biological activities. 

Thus, identifying specific residues that exhibit loss or gain of helicity within -helical peptides 

and proteins is critical for understanding the molecular basis for peptide and protein function. Here, 

we examine the ability of two-dimensional infrared (2D IR) spectroscopy coupled with isotope 

labeling to detect subtle changes in peptide -helicity. 2D IR spectra were collected of a set of 

peptide isotopomers (DPAEAAKAAAGR-NH2), under optimized solvent conditions, which 

allowed the -helicity of the peptide to be tuned systematically. These results demonstrate that a 

13C18O probe pair at the i and i+3 residues can report on subtle helicity changes along the length 

of a 12-residue model -helix. These probes revealed strong hydrogen-bonding and vibrational 

coupling spanning the N-terminal and central residues (3–8) with a more disordered conformation 

at the C-terminus (8–11) in the predominantly helical state. Additionally, a quantitative signal 

strength analysis in the low-frequency region (1540–1600 cm-1) was implemented to establish 

contributions from the underlying sidechain mode (likely Asp1), which  verified the isotopic 

signals were arising from local helix interactions. These results demonstrate that 2D IR in tandem 

with i,i+3 isotope labeling schemes can capture residue-specific molecular interactions in an -
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helix in real time, which can be further applied for structural characterization of short helical 

peptide drug candidates and nanomaterials. 

3.2 Introduction 

Secondary structures impart unique mechanical and physiochemical properties to proteins, 

allowing them to act as efficient molecular machines.1–3 In particular, -helices are the most 

common secondary structural motif that polypeptides adopt.4 This secondary structure is critical 

for a wide array of molecular functions, including membrane insertion,5–7 protein-protein and 

protein-DNA interactions,8–10 and intra/intermolecular allostery.11–13 These diverse biological 

activities have raised interest in -helical peptides as drug candidates and novel peptide 

nanomaterials.1,2,14,15 However, denaturation or transformation of  -helices into other secondary 

structures may lead to loss of native function or gain of toxic function.16–18 For example, industrial 

nanoparticles, which are commonly implemented in cosmetics, textiles, and medicine, can risk 

unintentional exposure to proteins in our bodies through inhalation or ingestion. 19–22 Nanoparticles 

are known to induce structural rearrangements in polypeptides, which predominantly affect -

helical structures.23–26 Thus, the crucial relationship between highly-abundant -helical motifs in 

peptides and proteins and their biological function makes revealing these structural changes of 

great importance. 

Two-dimensional infrared (2D IR) spectroscopy has been demonstrated to provide 

exquisite insight into polypeptide secondary structures.27–32 To date, most 2D IR studies of peptides 

and proteins have examined the amide I’ transition (which comprises primarily backbone carbonyl 

stretching) because it is sensitive to secondary structure.33–35 When coupled with isotope labeling 

methods, 2D IR is capable of single-residue structural resolution.36–43 Although the vast majority 
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of these studies have focused on β-sheet peptides, several reports have employed 2D IR and isotope 

labeling to characterize helical peptides.44–47 It is important to note that both hydrogen bonding 

interactions and vibrational coupling affect the observed frequency of the amide I’  vibrational 

transition.33,41,48–51 Hydrogen bonding weakens the carbonyl double bond, lowering its vibrational 

frequency relative to carbonyls that are not hydrogen bonded.48,52 On the other hand, vibrational 

coupling occurs via either mechanical (through-bond) or electrostatic (through-space) 

interactions.52 Polypeptides experience both kinds of vibrational coupling, with the strongest 

mechanical interactions occurring between adjacent residues.43,45,51 When polypeptides exhibit a 

higher degree of order, patterns of vibrational couplings between individual transition dipoles lead 

to delocalization of vibrational modes over the extended structure, giving rise to distinctive 

spectral signatures (frequencies, intensities, lineshapes) in an IR spectrum.33,34 

There is some debate on which type of underlying molecular interactions dominate the 

spectral features observed in 2D IR spectra of isotope-labeled in -helices. Fang and coworkers 

employed double 13C18O probes spaced one, two, or three residues apart in a stable -helix to 

determine how the relative positions of the isotope labels influenced vibrational signatures.45 

Experimental spectra demonstrated varying shifts of the 13C18O-labeled amide I’ modes depending 

on the relative label positions. When supplemented with extensive calculations, these results 

yielded the inter-residue coupling constants () in -helix, with the strongest vibrational coupling 

occurred between adjacent residues ( = 8.5  1.8 cm-1, 12 > 0) followed by the i and i+3 

positions (14 = 6.6  0.8 cm-1, 14 < 0). They attributed coupling arising from adjacent residues 

primarily to through-bond vibrational coupling, whereas electrostatic coupling between the i and 

i+3rd residues, which corresponds to the -helical repeat length of 3.6 residues, should be unique 

to this particular secondary structure.  
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A subsequent study by Backus and colleagues utilized 2D IR with 13C18O isotope labeling 

to probe local molecular interactions within a photoswitchable -helix.47 This study revealed that 

even single 13C18O isotope labels experienced significant frequency shifts as the peptide switched 

between -helical and denatured states. As vibrational coupling between unlabeled 12C16O and 

single 13C18O amide I’ modes has a negligible effect on their respective frequencies due to the 

large energy difference, they attributed frequency shifts to intramolecular hydrogen bonding 

between the i and i+4th residues. An entirely novel labeling scheme reported by Maekawa and 

colleagues, which utilized 15N and 13C18O labeled residues, led to the formation of crosspeaks 

between the amide I’ and II’ modes in 2D IR spectra of a model 3 10-helix.53 While this study was 

performed on a 310-helix rather than an -helix, and thus the repeat length along the helical axis 

differs, the conclusions should prove general to all helical peptides. 

Despite many recent advances in this field, there are currently limitations to probing the 

structure and dynamics of -helical motifs with 2D IR and isotopic labeling methods. One major 

drawback is sidechain interference in the isotopic region.54 For example, aspartate ( ~ 820 M-1  

cm-1), glutamate ( ~ 830 M-1 cm-1), and arginine ( ~ 500 M-1cm-1) sidechains contain IR-active 

functional groups that absorb between ~1550–1610 cm-1 in deuterated solvent.54 While the extent 

of sidechain IR absorption in polypeptides is dependent upon many factors, including solvent 

exposure, protonation state, and chain length, these molecular vibrations coincide with the 13C18O-

edited amide I’ transition.54,55 Some 2D IR studies have circumvented this complication by 

mutating native residues to those that do not contain sidechains with overlapping vibrational 

signatures, which was successfully demonstrated with a 2D IR study of the influenza A M2 proton 

channel.56 However, the need to employ mutants limits our understanding of the structure and 

dynamics of the native peptide or protein. Another drawback of probing -helical structures with 
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isotopes is the effects of vibrational coupling in -helices is inherently weaker compared to the 

more commonly studied extended -sheet structures.27,41,43,45,51,57 The local amide backbones in -

sheets experience both intra- and intermolecular couplings. In -sheet structures, nearest neighbor 

(intra-strand) couplings are relatively small and positive in sign, while coupling between strands 

(inter-strand) are much larger and negative in sign, which dominate the amide I’ spectral 

shift.27,41,51 Conversely, -helices exhibit large, positive couplings between adjacent residues, 

which opposes the large, negative couplings between turns.43,45,57 Additionally, extended -sheet 

structures contain a greater number of oscillators, leading to a greater delocalization of the 

vibrational modes and thus larger changes in spectral features. Overall, competition between intra-

helical coupling makes -helical structures less straightforward to analyze with individual isotope 

labels compared to -sheets. 

 In this study, we aim to resolve the remaining challenges with studying -helical structures 

with 2D IR and isotope labeling to make it a more inclusive tool for characterizing peptide and 

protein structures. While previous studies have primarily focused on stable and binary helices, this 

study aims to determine how sensitive isotope-labeled modes are to subtle changes in -helicity, 

such as when an -helix begins to unravel slightly. Additionally, we closely examine the 

underlying mechanisms, such as hydrogen bonding and transition dipole coupling, that are 

responsible for the characteristic signatures of -helical isotopologues. As discussed above, 

another critical challenge to measuring isotopic signals within this particular secondary structure 

is the competition between overlapping sidechain modes. To address all of these questions , we 

applied 2D IR spectroscopy to study systematic changes in a  model peptide with a solvent-

dependent secondary structure, which provided a way to precisely control the peptide’s helicity.58 
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Both single and paired 13C18O probes were used to monitor the structural change from disordered 

to -helical in the model system. The findings presented here suggest that both vibrational 

coupling and hydrogen bonding contribute to the spectral features, with hydrogen bonding being 

the major determinant of the redshift in mode frequency while vibrational coupling leads to greatly 

enhanced mode intensity as the organized structure forms. This increase in intensity also provides 

an avenue to differentiate coupled isotopes from overlapping sidechain modes.  We also probed 

two 13C labeling schemes (Figure 3.1), but as we will see, these isotopes were not well-resolved. 

 

 
 

Figure 3.1 Cartoon depiction of isotope labeling schemes for -helices (top) and predicted 2D IR 
spectra (bottom). Orange and red arrows denote 13C and 13C18O isotopes, respectively. For each scheme, 

isotope-labeled spectral features (boxed) will be used to probe the sensitivity of each scheme, if 

applicable. 

 

3.3 Materials and Methods 

Materials. The 12-residue model -helical peptide (MAHP, DPAEAAKAAAGR-NH2) 

was obtained through solid-phase peptide synthesis using standard 9-fluorenylmethoxycarbonyl 

(Fmoc) chemistry with piperazine deprotection and diisopropylcarbodiimide/Oxyma activation on 
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a Liberty Blue microwave-assisted peptide synthesizer (CEM, NC, USA). Rink Amide ProTide 

resin (CEM, NC, USA) with high linker loading (0.70 milliequivalents per gram) was used as the 

solid support to yield an amidated C-terminus. Peptide cleavage from the resin and sidechain-

protecting group removal was achieved with a cleavage cocktail of 95% trifluoroacetic acid, 2.5% 

triisopropyl silane, and 2.5% deionized water after 3 hours. The resin was filtered from the peptide 

solution and the excess solvent was removed from the solution. The peptide was precipitated in 

cold diethyl ether by centrifugation (5,000 rpm for 5 minutes) three times and the supernatant was 

discarded. The crude peptide was dissolved in high-purity water (~2 mg/mL) and filtered (0.20 m 

diameter). The peptide was purified by reversed-phase high performance liquid chromatography 

(Ultimate 3000, ThermoFisher Scientific, MA, USA) using an XBridge BEH preparative column 

(Waters Corporation, MA, USA). A binary gradient of pure water (Solvent A) to 90% acetonitrile 

in water (Solvent B) with 0.045% HCl (v/v) was implemented for purification. The gradient was 

varied from 0–40% Solvent B over 20 minutes, and the peptide eluted from the column at ~11 

minutes (~22% Solvent B composition), which was monitored by ultraviolet absorption at 214 nm. 

The eluted fractions were lyophilized (Labconco, MO, USA) and stored at -20 oC. A ~1 mg/mL 

stock solution of pure peptide was prepared in a 70/30 acetonitrile/water mixture, using high -purity 

grade solvents. A ~10 g/mL peptide dilution was prepared in the same solvent system and 0.1% 

formic acid (v/v) was added to facilitate protonation during mass spectrometry analysis. The 

diluted sample was characterized by electrospray-ionization mass spectrometry (Orbitrap XL 

Penn, ThermoFisher Scientific, MA, USA). Peptide isotopologues were synthesized and purified 

in the same manner, substituting isotope-enriched (13C and 13C18O) Fmoc-protected amino acids 

at appropriate positions (Ala3, Ala5, Ala6, Ala8, and Gly11) during peptide synthesis. 
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 L-alanine-1-13C and L-glycine-1-13C (99% enrichment, Millipore Sigma, MO, USA) were 

individually Fmoc protected using a mixture of 1:1:1 mole ratio amino acid (10 mmol), sodium 

bicarbonate, and Fmoc-succinimide dissolved using a 1:1 mixture of water and acetone (30 mL 

total). The reaction mixture stirred at room temperature (25 oC) for 24 hours and was quenched 

with 2 M potassium sulfate (~3 mL) until the solution reached a pH of 2, which precipitated the 

Fmoc-protected amino acid. The product was washed sparingly with ice-cold deionized water by 

vacuum filtration to remove residual salts present. The Fmoc-protected amino acid was lyophilized 

overnight to remove residual water. The Fmoc-protected amino acid was characterized with 

electrospray-ionization mass spectrometry as previously described (Orbitrap XL Penn, 

ThermoFisher Scientific, MA, USA). 

Fmoc-alanine-1-13C18O18O and Fmoc-glycine-1-13C18O18O were individually prepared by 

an acid-catalyzed 18O-exchange using Schlenk techniques under nitrogen atmosphere. Briefly, 1 

gram of Fmoc-1-13C amino acid was dissolved in a mixture of dioxane (8 mL) and 4 N HCl in 

dioxane (4 mL) in a 50-mL round bottom flask. The reaction mixture was heated to reflux (~20 

minutes, 150 oC) and 1-mL of 18O-enriched water (98%, Cambridge Isotope Laboratories, MA, 

USA) was injected. After 18O-enriched water addition, the reaction refluxed for ~4 hours at 150 

oC. The solvent was removed either by vacuum on the Schlenk line (~2–4 hours) or by 

lyophilization overnight. The 18O-exchange reaction was repeated twice more with the amino acid 

to achieve >90% 18O-labeling efficiency, which was determined by electrospray ionization mass 

spectrometry. Before characterization, the amino acid was precipitated and washed with dry 

diethyl ether by centrifugation (5,000 rpm, 5 minutes, 3x total) to remove undesired organic salts 

formed during the 18O-exchange reaction. Precipitates resulting from these washes were combined 

using dry dioxane and lyophilized overnight. For sample characterization with mass spectrometry, 
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100% acetonitrile was used as the sample’s solvent system to avoid significant back -exchange 

with 16O-water. A ~10 g/mL dilution of the 18O-enriched amino acid was prepared from a ~1 

mg/mL in 100% acetonitrile and characterized with mass spectrometry as previously described. 

The Na+ adduct isotopic ratios (13C18O18O, 13C18O16O, and 13C16O16O) in the labeled amino acid’s 

mass spectrum were used to determine the overall labeling efficiency. 

All purified peptide samples were dissolved in deuterated solvents to ensure strong water 

bending modes did not overlap with the amide I’ mode in 2D IR measurements. Concentrated 

stock solutions (~10 mM) were prepared in D2O and quantified by ultraviolet-visible absorption 

measurements at 205 nm on a Nanodrop One-C spectrometer (ThermoFisher Scientific, MA, 

USA). 5 mM peptide solutions were prepared from the stock and diluted with D2O and a cosolvent, 

2,2,2-trifluoroethanol (TFE), if applicable. The diluted peptide solution pH was monitored  with a 

micro-pH probe and adjusted with small (sub-L) aliquots of sodium deuteroxide and deuterium 

chloride stocks as necessary. For the high helicity solvent condition (high pH with 40% TFE v/v), 

the solution pH was adjusted prior to adding the cosolvent and measured again afterwards to ensure 

the acid did not cause a significant (<1 unit) decrease in pH. 

The peptide mixtures were vortexed, sealed with Parafilm, and incubated at room 

temperature for at least an hour prior to 2D IR measurements. After an hour, ~10 L (or less) of 

peptide solution was placed between two CaF2 windows (Crystran, UK) separated by a 50-m 

Teflon spacer under N2 atmosphere for 2D IR measurements. For CD experiments, ~40 L of 

peptide solution was sandwiched between two quartz windows (0.1 mm pathlength, Starna Cells, 

CA, USA). The decreased cell pathlength was implemented in CD experiments to directly compare 

the same sample conditions with 2D IR measurements. The quartz cuvette was inserted into an 
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adapter (Starna Cells, CA, USA) to accommodate for the difference in the CD instrument’s 

standard pathlength holder (10 mm). 

The following small organic molecules and amino acids were used as model compounds 

for TFE solvatochromatic studies in 2D IR studies: N-methylacetamide (NMA), N-methyl-2-

pyrrolidone (NMP), L-aspartic acid (Asp), L-arginine (Arg). Concentrated stocks of each 

compound were prepared in neat D2O. Separate dilutions of each compound were made with (1) 

neat D2O and (2) TFE (40% v/v) and D2O to maintain the analyte concentration. The final 

concentration for the diluted model compounds in D2O were 68 mM (NMA), 60 mM (NMP), 50 

mM (Asp), and 29 mM (Arg). These samples were vortexed, sealed with Parafilm, and incubated 

at room temperature for at least an hour prior to 2D IR measurements. After incubation, the sample 

solution (~10 L) was placed between two CaF2 windows separated by a 50 m Teflon spacer 

under N2 atmosphere for 2D IR experiments. 

Methods. 2D IR data collection and processing methods are described in detail 

elsewhere.59 Briefly, ultrafast 800-nm pulses were generated by a Ti:Sapphire oscillator and 

amplified with a neodymium-doped yttrium vanadate (Nd:YVO4)-pumped regenerative amplifier 

housed in a single compact laser system (Solstice Ace, Spectra-Physics, CA, USA). The Solstice 

output pulses (800 nm, 7 mJ, 1 kHz, 60 fs) were directed into a 50/50 beam splitter, where half the 

beam was sent into an optical parametric amplifier coupled with difference frequency generation 

(TOPAS-Prime, Spectra-Physics, CA, USA) to produce ultrafast mid-IR pulses. The mid-IR 

pulses (6 m, 30 J, 1 kHz, 70 fs) were directed into a commercial 2D IR spectrometer (2DQuick 

IR, PhaseTech Spectroscopy, WI, USA) purged with dry, compressed air. The mid-IR beam was 

split into pump (~90%) and probe (~10%) paths, where the pump beam was directed into a 

germanium acousto-optic modulator (Ge AOM) pulse shaper, where time delays between the first 



56 
 

two pulses (t1) were computer-generated. After the pump pulse was shaped, both beam paths were 

focused onto the sample to generate the nonlinear response along the probe line. The time delay 

between the second and third pulses (t2) was kept constant (i.e., zero delay) for all measurements. 

Additionally, all mid-IR pulses had uniform polarizations (i.e., parallel polarization). After the 

beams were overlapped on the sample, the nonlinear signal was generated in the same direction 

along the probe beam. The probe line (containing the nonlinear signal) was directed into a 

monochromator (Princeton Instruments, NJ, USA) and measured with a 128 -pixel mercury 

cadmium telluride (MCT) array (PhaseTech Spectroscopy, WI, USA). Raw data was initially 

processed through the QuickControl software (PhaseTech Spectroscopy, WI, USA) and further 

processed using MATLAB with a custom script. Adobe Illustrator software was used to generate 

the final 2D IR spectra. 

Electronic circular dichroism (CD) measurements were made on a J-810 

spectropolarimeter (Jasco, MD, USA) purged with N2(g) to prevent optic damage. All 

measurements were made at 24 oC. Spectra were collected from 190–260 nm in 1-nm increments 

at a scan rate of 100 nm per minute. Standard sensitivity (100 mdeg) was used for all CD 

measurements. Three spectra per sample were collected, averaged and smoothed in Microsoft 

Excel. The final spectra were plotted in MATLAB and further processed with Adobe Illustrator. 

3.4 Results and Discussion 

3.4.1 Peptide  -helicity is controlled through solvent conditions 

 Published 2D IR studies of -helices focused on either stable helical structures or those 

that could be switched between completely helical and completely disordered states.44,45,47 In this 

study, we aim to identify and localize structural changes as a peptide gains or loses -helicity. As 
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such, MAHP was identified as an ideal model system based on literature indicating that its helicity 

could be modulated gradually via pH.58 In acidic conditions, MAHP adopts a disordered 

configuration. As the pH of the solution is increased, the peptide’s ionizable sidechains become 

deprotonated and favorable intramolecular interactions (e.g., salt bridge formation between the E 

and K residues and deprotonation of the N-terminal D residue) promote and stabilize the peptide’s 

linear -helical structure. Such solvent-dependent behavior allows us to precisely control the 

peptide’s conformation and examine isotopic spectral features at each point. 

 The initial study reported a qualitative increase in -helicity with pH using CD, but did not 

quantify the amount of -helical content as a function of pH.58 To do so, and thus confirm that the 

structure of MAHP changed sufficiently to serve as a model system for this study, CD spectra were 

obtained across a pH range of 3–10. The CD signature of -helices is distinct—there is a maximum 

at 190 nm and two minima at 208 nm and 222 nm.60 The 222 nm band, which arises from an n→* 

electronic transition, is commonly used to quantify helical content in peptides and proteins.58,60 To 

extract quantitative information about -helical content within a peptide, the experimental mean 

residue ellipticity (MRE) value must be compared to the theoretical MRE for the same peptide .60 

In a CD experiment, MRE is a normalized value of the measured molar ellipticity, which varies 

significantly depending upon the peptide/protein system and experimental conditions (i.e., number 

of residues, concentration, pathlength, etc.).60 The following equation was used to compute the 

normalized MRE ([]) value: 

[] (
𝑑𝑒𝑔 ∗ 𝑐𝑚2

𝑑𝑚𝑜𝑙
) =



𝑙 ∗ 𝐶 ∗ 𝑁
                                  (3.1) 
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 where  is the measured ellipticity (millidegrees), l is the pathlength (mm), C is the 

concentration (mol/L), and N is the number of residues.60 The experimental MRE values for each 

solvent condition was compared to the theoretical MRE value of MAHP in a perfectly helical state. 

The following equation was used to calculate the theoretical maximum MRE ([]𝐻) value for a 

perfectly helical peptide with N residues: 

[]𝐻 = −40,000 ∗ (1 −
𝑥

𝑁
) + 100 ∗ 𝑇                      (3.2) 

where x is a chain-length dependent constant used to correct for non-hydrogen bonded 

carbonyls and T is the temperature (oC).61 The constant x has been previously estimated to range 

from ~0–3, where x is inversely dependent upon chain length.61 MAHP is a relatively short peptide 

with 12 residues, thus x was estimated as 2.5 based on the CD unfolding curves from the study by 

Scholtz and coworkers.61 Taken together, this yielded a []𝐻 value of ~ − 29,667 
𝑑𝑒𝑔∗𝑐𝑚2

𝑑𝑚𝑜𝑙
 at 24 

oC. Furthermore, we can calculate the percent peptide helicity as a function of solvent condition: 

% ℎ𝑒𝑙𝑖𝑐𝑖𝑡𝑦 =
[]

[]𝐻,
∗ 100                            (3.3) 

CD measurements at 222 nm revealed a pH-dependent increase in helicity for MAHP 

(Figure 3.2, solid lines). MAHP exhibited ~8% helicity at pH 3, indicating that the peptide is 

primarily disordered under this condition. Isotopes placed in the center of the helix would be 

expected to exhibit weak coupling at this solvent condition. At high pH (~10), the peptide’s helicity 

was increased to ~25%, but for the 12-residue MAHP this corresponds to only 3 residues adopting 

an -helical configuration which corresponds to just less than a full turn. As such, we could not 

be confident that paired isotope labels would reliably report coupling. To further enhance the 

peptide’s helicity, the helix-stabilizing cosolvent 2,2,2-trifluoroethanol (TFE) was introduced to 
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MAHP under the same pH conditions.62–65 CD spectra revealed that TFE (40% v/v) induced a 

greater effect on peptide helicity compared to pH alone (Figure 3.2, dashed lines). At high pH 

(~10) with 40% TFE (v/v), the peptide exhibited ~60% helical character, which corresponds to ~2 

helical turns in MAHP. Under this condition, the isotope labels placed in the center of MAHP are 

expected to participate in a well-organized -helix and thus experience strong vibrational coupling 

due to their proximity. Increased vibrational coupling between the isotope pairs should yield 

prominent spectral changes (i.e., frequency shifts, intensity changes, and crosspeaks) indicative of 

helix formation. Additionally, helix formation is stabilized by intramolecular hydrogen bonding, 

which should induce a larger, negative frequency shift (up to ~20 cm-1).48 In contrast, one or both 

of the peptide termini likely remain frayed under these conditions. Isotopic pairs placed three 

residues apart in a frayed region would exhibit weak coupling spectral features (i.e., constant 

frequencies, low intensities, and no observable off-diagonal features). Thus, we anticipate isotopic 

pairs placed at the helix center versus termini should yield distinct signatures in 2D IR spectra. 

 

 
 

Figure 3.2 Solvent conditions modulate peptide -helicity. CD spectra revealed an increase in pH 

from 3–10 resulted in an increase in -helicity (solid lines, 8.13%–25.13%). The addition of 40% TFE 
(v/v) further enhanced the peptide’s helicity with increasing pH (dashed lines, 43.83%–61.48%). 
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3.4.2 TFE enhances peptide  -helicity and blueshifts frequencies in 2D IR 

While TFE increases -helicity in MAHP, likely by creating a more hydrophobic 

environment that promotes the formation of intramolecular hydrogen-bonding, this environmental 

change can also result in solvatochromic shifts in IR frequencies.62,66–68 Therefore, before 

examining 2D IR spectral features that arise as MAHP transitions from a disordered to -helical 

structure, we must first find a way to decouple frequency shifts that arise from changes in structure 

versus those that arise from changes in solvent environment. To this end, we measured 

solvatochromic shifts in small model compounds. N-Methylacetamide (NMA) and N-Methyl-2-

Pyrrolidone (NMP) are both contain a single amide bond and have been used previously as peptide 

analogues for IR studies.48,69,70 Additionally, IR solvatochromic shifts of two amino acids, Arg and 

Asp, were studied. While the amino acids do not contain a true amide bond, the carboxylate and 

guanidino sidechain groups have vibrational modes within the amide I’ spectral region.54 The 

chemical structures of each model compound are depicted below in Figure 3.3. 

 

 
 

Figure 3.3 Chemical structures of model compounds used for solvatochromism study. Small organic 

molecules (A) NMA and (B) NMP were used to model the amide vibration. Amino acids (C) L-arginine 

and (D) L-aspartic acid were used as model compounds. 

 

2D IR spectra were collected of the model compounds in (1) neat D2O and (2) in a mixture 

of 40% TFE in D2O. In the presence of TFE, all model compounds exhibited 5–6 cm-1 blueshift 

compared to the same compound dissolved in neat D2O (Figure A1.6 and Table A1.1). The 
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blueshift confirms that the carbonyl bonds are strengthened in TFE, consistent with a reduction in 

the available hydrogen-bond partners in solution. While the ~6 cm-1 blueshift is considerable, 

vibrational coupling is expected to redshift the amide I’ frequencies. Therefore, while solvent-

induced frequency shifts may dampen structural-induced frequency shifts in the model peptide, 

they should not create “false positives” or prevent data analysis. 

Based on CD experiments (Figure 3.2), three solvent conditions were selected to 

characterize the model peptide’s spectral signatures with 2D IR. The first condition is at pH 3 

without TFE, which corresponds to a disordered structure. The second condition is at pH 10 

without TFE, which corresponds to an intermediate/partially helical secondary structure. The last 

condition is at pH 10 with the addition of the cosolvent, which corresponds to a mostly helical 

structure. Representative 2D IR spectra of unlabeled MAHP at each solvent conditions are shown 

in Figure 3.4. As the peptide’s helicity increases, the amide I’ frequency redshifts and the 

antidiagonal linewidth qualitatively narrows, a characteristic signature of higher-ordered 

secondary structures.40 It is important to note that the amide I’ frequency of MAHP continues to 

redshift as helicity increases, even once TFE is added. While the amide I’ mode shift is likely 

dampened by the solvatochromic effect of the cosolvent, the increase in vibrational coupling as 

the -helix forms is strong enough to dominate the overall spectral shift. 
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Figure 3.4 2D IR spectra of unlabeled MAHP under optimized solvent conditions. MAHP adopting 

a (A) disordered structure (low pH without TFE), (B) partially-helical structure (high pH without TFE), 
and (C) predominantly helical secondary structure (high pH with 40% TFE v/v). Amide I’ frequencies 

(red) and percent helicities quantified by CD experiments (black) are noted at the bottom-right of each 

spectrum. Aspartate sidechain presents as a shoulder near ~1580–1590 cm-1 at (A and B) low and 

intermediate conditions and an isolated transition at (C) the highest helicity.  

 

3.4.3 Dual 13C18O probes detect  -helix formation spanning central residues 

After establishing solvent conditions that corresponded to distinct helical states in the 

model peptide, three isotope-labeling variations were investigated by 2D IR: (1) double 13C, (2) 

double 13C18O, and (3) mixed 13C/13C18O. Isotopic probes were incorporated at the i and i+3 

positions in the model peptide’s sequence, where the carbonyls should be oriented parallel to each 

other when the -helix is folded. For initial experiments, the central residues were labeled at 

residues A5 and A8, as these residues span the center of the MAHP sequence where -helical turns 

are hypothesized to be most stable.  2D IR spectra of each labeling scheme incorporated into 

MAHP were examined under the three distinct solvent conditions previously discussed. 

Representative 2D IR spectra of the double 13C labeling scheme (i.e., Scheme 1, MAHP LS1, 13C-

labeled at A5 and A8) are shown in Figure 3.5. In the disordered configuration (Figure 3.5A), there 

is a clear isotope peak at ~1606 cm-1 redshifted ~44 cm-1 from the bulk amide I’ mode. The 13C 

transition is quite broad along the diagonal (Figure 3.5A), indicative of variations in the isotopes’ 
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environment, which is expected in a random coil conformation. In the intermediate condition, there 

are two transitions: one at 1606 cm-1 with more intensity, and another ~1580 cm -1, likely due to 

the aspartate sidechain mode (Figure 3.5B). While the more intense ~1606 cm-1 mode could 

indicate an increase in coupling between the 13C pair, it is difficult to discern due to the broadened 

transition. As the helicity is increased (Figure 3.5C), the isotope peak appears to redshift to ~1593 

cm-1. This significant redshift in the isotopic frequency is likely due to local intramolecular 

hydrogen bonding, which stabilizes helical structures. From these 2D IR experiments, it was clear 

that the dual 13C labels were not ideal for tracking changes in peptide helicity from this system due 

to insufficient separation from the bulk amide I’ transition and extensive broadening in the low-

frequency region. 

 

 

Figure 3.5 2D IR spectra of MAHP LS1 as a function of peptide -helicity. Double 13C-edited A5 

and A8 MAHP experiencing a (A) disordered, (B) intermediate, and (C) helical structure. The isotope 
labels appear as a distinct transition in the disordered peptide configuration (A, dashed line), but the 

isotope transition broadens as the peptide folds into a helix (B and C, dashed lines). In (B), the low-

frequency shoulder arises from the aspartate residue. 
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Next, 2D IR spectra of the double 13C18O-edited MAHP (i.e., Scheme 2, MAHP LS2, 

13C18O-labeled at A5 and A8) were collected (Figure 3.6). The heavier 13C18O isotope shifts the 

local amide I’ backbones further from the bulk amide I’ transition compared to 13C (~62 cm-1, 

Figure 3.6A). The larger frequency separation generally provides better spectral resolution to 

examine changes in the labeled mode, although it is important to note aspartate is located in this 

region. The 13C18O pair appears as an isolated transition at ~1589 cm-1 in the random coil structure 

(Figure 3.6A), which redshifts to ~1581 cm-1 and gains intensity as the helix begins to fold (Figure 

3.6B). These spectral signatures (i.e., redshifted frequency and higher intensity) reflect increased 

ordering, which arises from hydrogen bond formation and vibrational coupling, although these 

interactions cannot be decoupled. At the highest helical condition, the isotope pair is centered near 

~1584 cm-1, but is more intense compared to the intermediate structure (Figure 3.6C). This slight 

blueshift was due to TFE (see Section 3.4.2). The intensity gain suggests stronger vibrational 

coupling of the isotopes, indicative of increased -helicity. From this study, it is clear that 13C18O 

probes features are more resolved compared to 13C labels in this peptide system. These features 

are suggestive of helix formation through hydrogen bonding interactions and vibrational coupling, 

although the two events cannot be isolated from this set of experiments. In the following section, 

we will discuss how single labeling was utilized to assign the origin of these features.  
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Figure 3.6 Representative 2D IR spectra of MAHP LS2 at varying degrees of -helicity. The 13C18O 

mode is highlighted with horizontal dashed lines in each spectrum. (A) The isotopes appear at ~1589 cm-

1 in the random coil configuration. (B) As the helix begins to form, the isotope mode intensifies and 

redshifts to ~1581 cm-1. (C) The isotope mode remains near ~1584 cm-1 and intensifies in the helical 

conformation. 

 

Finally, the mixed labeling scheme incorporated into MAHP (i.e., Scheme 3, MAHP LS3, 

13C at A5 and 13C18O at A8) was examined by 2D IR to determine whether or not crosspeaks could 

be resolved between two different isotopic modes. The representative 2D IR data for MAHP LS3 

is illustrated in Figure 3.7. Two distinct features were observed at ~1589 cm-1 and ~1612 cm-1 in 

the low helicity condition, which matches with the frequencies observed in the double -labeled 

13C18O- and 13C-labeled peptides, respectively (Figures 3.6A and 3.5A), in the disordered peptide 

configuration. At the intermediate condition, both labeled modes double in intensity and redshift 

~10 cm-1 (Figure 3.7B). Again, the increased intensities reflect stronger local transition dipole 

coupling, revealing a higher degree of structural ordering (i.e., local disordered to helix tran sition). 

This magnitude in redshift (~10 cm-1) is characteristic of hydrogen bonding, which is another 

defining feature of helix stabilization. However, this spectral region is not well-resolved enough 

to detect crosspeaks between the isotope labels, if present. Interestingly, only one strong transition 



66 
 

is observed around ~1580 cm-1 when the peptide’s helicity was maximized (Figure 3.7C). This 

distinct mode has a higher-frequency shoulder along the diagonal trace (Figure 3.7C, top panel), 

which could suggest that the 13C-labeled A8 residue is experiencing hydrogen bonding and 

vibrational coupling, but cannot be spectrally resolved. For this system, this observation 

significantly complicates our characterization of the -helix due to the additional sidechain 

interferences. From these initial 2D IR measurements, it can be concluded that 13C was overall 

lacking at identifying local changes in peptide -helicity. 

 

 

Figure 3.7 2D IR spectra of MAHP LS3 as a function of peptide -helicity. The 13C and 13C18O 

features are denoted with horizontal dashed lines. (A) Both isotopes appear as isolated transitions when 

the peptide is disordered. (B) As the helix forms, both isotopes redshift ~10 cm-1. (C) At the high helicity 

condition, a single transition is observed at ~1581 cm-1 with an unresolved shoulder on the high-

frequency side. 

 

3.4.4 Double 13C18O labeling suggests terminal conformational differences 

Overall, labeling scheme 2 (i.e., double 13C18O editing at i and i+3 positions) was the most 

straightforward scheme for examining changes in isotopic signatures, which suggested local 
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differences between disordered and -helical secondary structures (Figure 3.6). To further probe 

the helix formation, the N-terminus (A3 and A6) and C-terminus (A8 and G11) were also edited 

with a pair of 13C18O isotopes. The isotopic signatures were monitored with 2D IR under the same 

solvent conditions to examine the helical termini conformations as a function of peptide helicity. 

The spectra for the double 13C18O labeling of N-terminal and C-terminal ends are shown in Figures 

3.8 and 3.9, respectively. The labeled N-terminus followed the same trend as the central labeling 

scheme (Figure 3.6), where the isotopic mode redshifted ~12 cm-1 and exhibited an intensity 

enhancement approximating the amide I’ mode (Figure 3.8). However, the 13C18O-edited C-

terminus displays a similar trend but to a lesser extent—the isotope transition shifted ~9 cm-1 and 

the intensity was comparatively weaker (Figure 3.9). Again, the slight blueshifted amide I’ 

frequencies here are attributed to the cosolvent. The frequency shift in the A8 and G11 signatures 

infers more hydrogen bonding interactions occur in the helical state compared to the unfolded 

conformation, but there seems to be a greater degree of disorder in this region. While the intensity 

of the isotopic probes increases, the magnitude is approximately half compared to when the probes 

are inserted at the N-terminus. Overall, these findings suggest the C-terminal 13C18O probes (A8 

and G11) do not participate in the helix to the extent of the other positions (A3, A5, and A6). This 

result is logical when considering the G11 residue exhibits a high degree of conformational 

flexibility due to its small hydrogen sidechain, which is known to destabilize helical structures.58,71 

In summary, 13C18O probe pairs inserted at the helical termini revealed that when the -helix is 

folded, the C-terminus (A8 and G11) adopts a less restricted structure compared to the other 

labeled positions examined (A3, A5, and A6). 
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Figure 3.8 N-terminal MAHP LS2 (A3 and A6) spectra as a function of -helicity. The 13C18O labels 

are denoted by dashed lines. (A) Isotope pair appears as an isolated transition at ~1594 cm-1 in the low 

helicity condition. (B) The isotope mode gains intensity and shifts to ~1581 cm -1 upon helicity increase. 

(C) 13C18O mode remains at ~1582 cm-1 at the highest helical condition. 

 

 

 

Figure 3.9 C-terminal MAHP LS2 (A8 and G11) spectra as a function of -helicity. Isotope-edited 

features are represented by horizontal dashed lines. (A) The labeled mode is present at ~1594 cm-1 in the 

disordered structure. (B and C) As the helicity increases, the isotope mode gains intensity and redshifts, 
but to a lesser extent compared to the other labeled positions. 
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3.4.5 Semi-quantitative intensity ratio comparison of sidechain and isotopes 

While we have demonstrated that 13C18O labels three residues apart report molecular 

changes in an -helix upon folding, we still need to address the underlying sidechain feature 

present in all of the MAHP samples. This feature is likely due to the ionizable aspartate residue, 

which simultaneously appears in the region of interest between ~1580–1590 cm-1.54 Here, we 

reveal the sidechain absorption is much weaker compared to the double 13C18O-labeled samples 

due to vibrational coupling effects. When two isotopes are oriented in the helical turn, their 

transition dipole strengths delocalize. This delocalization of charge induces a larger transition 

dipole and redistributes the oscillator strength. Since we are examining different positions along 

the same -helix, which inherently experiences some structural and solvent variations, ratios were 

hypothesized to be sufficient at capturing qualitative coupling differences. A more rigorous 

approach would quantify the transition dipole coupling strengths, which has been previously 

applied to the amide I’ signal in 2D IR studies.27,57 However, TDS calculations are not as sensitive 

to weaker signals, such as those arising from sidechains and isotopes. Here, we quantified the 

ratios between the low-frequency (sidechain and isotope signal contributions) and amide I’ signals 

for the unlabeled, single 13C18O-labeled, and double 13C18O-labeled peptides. Examining the single 

13C18O-edited (A5) peptide provided a way to compare how removing coupling between identical 

residues influenced the overall signal strength. 

Representative 2D IR spectra in the low-frequency spectral region (1540–1600 cm-1) and 

quantitative intensity ratios are summarized in Figure 3.10, Figure 3.11, and Table 3.1, 

respectively. Additional 2D IR spectra along with a full description of the ratio calculations are 

provided in Appendix 1. The sidechain signal strength in the unlabeled peptide spectrum is ~16–

18% of main amide I’ mode at the high pH condition(s). The low-frequency transition for the 
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single 13C18O-labeled (A5) peptide is approximately twice as intense as the sidechain alone under 

the same condition(s). It is critical to note that a single isotope does not experience the same 

vibrational coupling enhancement compared to the dual probes, where the transition dipole 

strength is delocalized over two residues. The low-frequency ratio calculated for A5 MAHP, which 

arises from a single label and the sidechain contributions, is consistent with a previous 2D IR study 

employing single labels in an -helix with aspartate residues.72 For the N-terminal (A3A6) and 

centrally (A5A8) labeled peptides, the ratio is greatly enhanced (~5–6x more intense) compared 

to the unlabeled peptide at the same condition. This verifies that, for these samples, coupling 

between the isotope pair is the primary contributor to signal strength and are suppressing the 

sidechain’s signal. For the C-terminal labeling scheme (A8G11), the overall signal strength is 

weaker and comparable to the single 13C18O mode intensity, especially at the highest helical 

condition. Additionally, there is more variations in the intensity ratios for the A8G11 spectra, 

which reflects more structural and/or solvent fluctuations. In conclusion , two coupled isotopes 

contribute substantially more to the overall signal strength compared to the underlying sidechain 

or a single 13C18O probe. This ratio comparison supports isotopic coupling in a folded -helix 

induces a larger intensity gain in this region in 2D IR measurements, allowing the local interactions 

to be measured in the presence of the sidechain mode. 



71 
 

 
 
Figure 3.10. Summary of intensity ratios (low-frequency to amide I’ mode) for unlabeled, single, 

and double 13C18O-labeled MAHP as a function of -helicity. The unlabeled (red) intensity increased 

at higher -helicity due to sidechain ionization. A single 13C18O isotope at A5 (orange) displayed the 

same trend as the unlabeled sample. The double 13C18O-edited samples (A3A6, yellow; A5A8, green; 

A8G11, blue) exhibited enhanced intensities in the intermediate and high conditions due to increased 

vibrational coupling between probes. The average intensity values and respective standard deviations are 

listed in Table 3.1. 
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Table 3.1 Low-frequency to amide I’ mode intensity comparison for 13C18O samples 

13C18O-labeled positions Average Low-Frequency to Amide I’ Mode Intensity Ratio (%) 

Unlabeled (low helicity) 7.0  1.4 

Unlabeled (intermediate helicity) 15.8  3.2 

Unlabeled (high helicity) 18.2  5.2 

A5 (low helicity) 15.1  4.3 

A5 (intermediate helicity) 37.0  11.8 

A5 (high helicity) 34.7  11.1 

A3A6 (low helicity) 33.6  9.4 

A3A6 (intermediate helicity) 103.4  11.7 

A3A6 (high helicity) 66.4  9.5 

A5A8 (low helicity) 34.3  3.1 

A5A8 (intermediate helicity) 79.1  7.7 

A5A8 (high helicity) 116.2  2.9 

A8G11 (low helicity) 18.9  1.5 

A8G11 (intermediate helicity) 51.2  16.1 

A8G11 (high helicity) 35.9  10.1 
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Figure 3.11 Representative 2D IR spectra of unlabeled, single, and double 13C18O-labeled MAHP 

in the low-frequency spectral window. (A–C) Unlabeled, (D–F) A5-labeled, (G–I) A3A6-labeled, (J–

L) A5G8-labeled, and (M–O) A8G11-labeled MAHP at low, intermediate, and high helicity conditions 

(left to right). See Appendix 1 for more details on this calculation. 
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3.5 Conclusions 

 In summary, we have demonstrated how 2D IR supplemented with isotope labeling 

methods can measure sensitive molecular interactions in a model -helix. By incorporating dual 

13C18O probes three residues apart in the -helix, we were able to monitor local intensity changes 

arising from local transition dipole coupling, allowing us to isolate where these particular 

structures formed. The isotopic transition revealed that the N-terminal and central region (A3, A5, 

and A6) underwent hydrogen bonding and vibrational coupling as a function of -helicity, while 

the C-terminus remained less ordered (A8 and G11). Additionally, single labeling with 13C18O at 

the central A5 position allowed us to decouple the effects of hydrogen bonding and vibrational 

coupling, revealing that hydrogen bonding was the primary contributor to the ~10 cm -1 redshift. 

Lastly, we addressed the interference of sidechain vibrations in  the spectral region of interest by 

showing that two coupled 13C18O probes induce a large enough intensity difference to effectively 

suppress the sidechain mode. 

Taken together, these results suggest that as the peptide folds it adopts ~2 helical turns 

spanning the N-terminal (A3 and A6) and central (A5 and A8) residues, but remains more flexible 

between positions A8 and G11. These findings are also in good agreement with CD measurements 

(~60%, Figure 3.2). This structure is also supported by the design of the model peptide, where the 

N-terminus is stabilized by a hydrogen bond with the D1 sidechain and a salt bridge between 

residues E4 and K7.58 Additionally, residues P2 and G11 are known to demarcate MAHP’s helical 

ends due to the helix-breaking propensity.58 G11’s inherent conformational flexibility supports the 

weaker coupling features (i.e., lesser frequency shifts and intensity gains) observed in 2D IR 

spectra (Figure 3.11).  
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While 13C18O probes were sensitive to the degree of peptide -helicity in 2D IR 

measurements, 13C labels were largely ineffective at capturing the same molecular events. In 

particular, the mixed labeling scheme (Scheme 3, 13C18O/13C) lacked crosspeaks, which would 

have been an additional spectral marker of vibrational coupling across the helical turn. In theory, 

a mixed amide I/II labeling scheme with 13C18O and 15N placed four residues apart could be used 

to monitor -helix formation through crosspeaks, which has been previously applied to a 310-helix 

but in a different solvent system (CDCl3 vs. D2O).53 Future work would need to address how to 

mitigate D2O interferences from an i,i+4 mixed amide I’/II’ labeling in an -helix to be compatible 

with peptide and protein IR structural studies. 

Additionally, future work could focus on collecting rephasing and nonrephasing spectra  of 

isotope-edited -helices, which may be more sensitive to crosspeaks compared to absorptive 2D 

spectra.53 The data presented here was collected using a mid-IR pulse shaper, where the two pump 

pulses are collinear and have the same polarization. All data provided in this study was collected 

utilizing a parallel polarization, where all pulses and the emitted signal are polarized in the same 

direction (i.e., ZZZZ). Implementing a perpendicular polarization scheme, where the pump and 

probe pulses’ have polarizations which are 90o offset (i.e., ZZXX), can help enhance crosspeaks 

in this experimental setup. However, the perpendicular polarization scheme was not informative 

in this isotope study (Appendix 1, Figures A1.11 and A1.12). 2D IR pump-probe measurements 

generally do not allow for fine polarization adjustments to the two individual pump pulses. Future 

work could examine these labeling schemes implementing a four-wave mixing 2D IR geometry or 

utilize more specific polarization schemes, which may help resolve crosspeaks obscured by the 

strong diagonal peaks.73 

Potential sidechain interferences in the MAHP sequence include Asp, Glu, and Arg. The 
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strongest sidechain feature, likely the underlying carboxylate from Asp, coincides with the isotope 

mode (~1580–1590 cm-1).54 While the sidechain is more intense at high pH (i.e., intermediate and 

high helicity conditions), the signals from two coupled isotopes exceed the sidechain absorption 

by at least 50% (Figures 3.10 and 3.11). While spectral subtraction methods can be implemented, 

a wide range of experimental factors (e.g., calibration, laser power fluctuations, peptide 

concentration, scatter, etc.) that affect 2D IR signals can complicate the subtraction process and 

introduce artifacts.72 Here, a semi-quantitative comparison was drawn between the unlabeled, 

single, and double 13C18O-labeled peptides in the low frequency region (1540–1600 cm-1). This 

intensity-ratio evaluation indicated the strong spectral features originated from coupling between 

the isotopes, rather than the underlying sidechain absorption (Table 3.1). As previously mentioned, 

transition dipole strength measurements could be applied to quantify coupling, but these 

measurements are difficult with weaker signals, such as those arising from one or two isotopes.57 

These issues could be overcome by altering sample conditions (increasing concentration or 

pathlength) or by introducing additional isotope labels (e.g., uniformly labeling domains)38 to 

improve signal strength. 

Future work could harness sidechains as label-free vibrational probes in peptides and 

proteins. For example, the aspartate residue in MAHP provides a well-resolved IR signal, which 

could probe local molecular changes as the helix folds. Aspartate mutation in the MAHP sequence 

has been shown to significantly decrease its helical content, revealing its crucial role in helix 

stabilization through end capping.58,71,74 The mechanism N-terminal stabilization through end 

capping could be further clarified through 2D IR lineshape analysis and waiting time studies of 

the sidechain carboxylate group in this model peptide.69,75–77 Additionally, the vibrational lifetime 

of the aspartate sidechain likely differs in the protonated and unprotonated forms. Lifetimes have 
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been previously used to suppress different protein signals in 2D IR experiments, which could have 

the potential to resolve isotopic signals underneath native sidechain modes.78 This approach could 

also be extended to the C-terminal Arg residue at higher pH (>10) to explore ionization effects on 

its local environment. 
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Chapter 4. Establishing conditions for structural analysis of nanoparticle-

bound peptides and proteins with two-dimensional infrared spectroscopy 

4.1 Abstract 

In this chapter, sample conditions necessary for future 2D IR studies of polypeptides in the 

presence of nanoparticles were established. For initial studies, a model -helical peptide (EK-

helix) and protein (lysozyme) were studied in the presence of gold colloids. Three distinct 

nanoparticle sizes were tested: 20 nm, 60 nm, and 74 nm gold colloids stabilized in citrate solution. 

The 20 nm and 60 nm gold colloids stabilized by 0.1 mg/mL sodium citrate were purchased from 

Alfa Aesar and used as supplied. The 74 nm gold colloids in citrate solution were synthesized by 

a collaborator in the Macdonald lab at Vanderbilt University and used as provided. The citrate 

stabilizer (0.1 mg/mL) did not impact peptide/protein structure or absorb IR light at sub milligram 

per milliliter concentrations. Centrifugation and sonication, which were techniques required for 

nanoparticle solvent exchange and isolations, did not alter the secondary structure of the model 

peptide/protein. Peptide/protein addition to the commercial nanoparticles resulted in no 

nanoparticle isolation after centrifugation, which was unexpected. The commercial nanoparticles 

were only separated from solution at low protein concentrations (nM), which were not feasible for 

2D IR characterization. The synthesized gold colloids were mixed independently with the model 

peptide and protein systems, which each displayed a different affinity. Lysozyme did not associate 

strongly with the gold colloids, as indicated by a slight redshift (~2 nm) in the LSPR band and the  

substantial removal of protein upon centrifugation. EK-helix interacted with the synthesized gold 

colloids, as reflected by a noticeable color change of the mixture and a larger redshift (~9 nm) in 

the LSPR peak. EK-helix stabilized the gold nanoparticles in solution, which could not be removed 
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by centrifugation. 2D IR spectra were collected of model peptide and protein with gold colloids 

added, but indicated no major structural changes were induced by the nanoparticles. Further 

characterization methods will be required to identify the different nanoparticle stabilization 

mechanisms induced by peptides and proteins. Other purification techniques could also be 

implemented to isolate the nanoparticles from free peptide/protein in solution, if desired. 

Importantly, the gold colloids did not exhibit major IR light scattering, which allows 

peptide/protein spectra to be collected without implementing spectral deconvolution methods.  

4.2 Introduction 

It is important to understand the impacts of nanomaterial exposure on all aspects of our 

world, especially biological systems.1–3 Nanomaterials range in size from ~1–1000 nm, are 

comprised of various materials (e.g., metals, polymers, etc.), and adopt many shapes (e.g., spheres, 

cubes, stars, etc.).4–11 The combination of nanoparticle size, composition, and shape modulates 

specific interactions with biological molecules and cells.12–17 The molecular associations between 

biological molecules and nanoparticles can be utilized for different biomedical applications, such 

as imaging, drug delivery, and sensing.18–24 However, despite their increasing use in medicine and 

other industries, much remains unclear about interactions between nanoparticles and biological 

entities on the molecular level. 

Nanoparticles can be tailored to induce selective interactions with various biological 

targets.25–27 Some nanomaterials can elicit strong associations with biomacromolecules, like DNA- 

and protein-magnetic nanoparticles.28–34 Other nanomaterials can be decorated with polymers, like 

short peptides or polyethylene glycol (PEG), to evade biological molecules.4,35–37 When biological 

molecules associate with nanoparticles, they tend to rapidly coat the surface and create a 
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biomolecular corona. The biomolecular corona gives the nanoparticle a new identity and dictates 

future interactions with other species.38–40 Proteins comprise a large percentage of biological 

media, such as blood serum.41,42 Nanoparticle introduction into biological media, like blood serum, 

can elicit favorable protein interactions, resulting in protein corona formation. Therefore, 

understanding the molecular compositions and resultant biological activities of protein coronas is 

critical not only for their medical use, but also application within other industries where they likely 

come in contact with biological species. 

A protein’s structure is vital for proper function. This holds true with protein coronas as 

well, where the protein’s global configuration will guide the complex’s interactions with different 

species.43–45 When proteins come in contact with nanoparticles, they can sometimes undergo 

structural changes to facilitate energetically favorable interactions.46,47 Even slight modifications 

in protein structure can result in drastically different biological activities of protein coronas, like 

autoimmune responses.48 Therefore, elucidating structural changes in protein coronas, whether 

intentional or unexpected, is vital for a more complete understanding of their biocompatibility.  

Many protein corona studies employ molecular spectroscopy to identify structural 

alterations before and after nanoparticle exposure.49–51 Common techniques to probe protein 

structure in the presence of nanoparticles include fluorescence, circular dichroism, and vibrational 

spectroscopies (e.g., Fourier transform IR and Raman), which provide information on global 

structural and conformational changes.51–54 However, proteins can also exhibit minor structural 

rearrangements, which could be lost without high-resolution techniques or additional labeling 

procedures. Therefore, spectroscopic techniques that can also capture site -specific structural 

changes are extremely advantageous for protein corona studies. 
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Two-dimensional infrared (2D IR) spectroscopy coupled with isotope labeling is capable 

of tracking site-specific structural changes within peptides and proteins.55–58 Isotopes, like 13C or 

13C18O, can be incorporated at specific locations within the polypeptide sequence through solid-

phase peptide synthesis or protein expression in isotope-enriched media.59,60 Integrating isotopes 

within the peptide backbone redshifts the residue’s molecular vibration, spectrally isolating it from 

the bulk protein amide I’ transition. Vibrational coupling of the labeled mode can be examined 

through spectral features (e.g., frequency shifts, intensity changes, lineshapes, crosspeaks, etc.), 

thus achieving residue-specificity. In addition, 2D IR spectroscopy has been utilized to examine 

molecular interactions at nanoparticle surfaces.61,62 Some nanoparticles (e.g., gold and silver 

colloids) do not strongly absorb or scatter light in the amide I’ region.63,64 This allows protein 

structure and dynamics to be tracked without spectral interferences from nanomaterials, which has 

been demonstrated with glutathione in the presence of silver nanoparticles.65,66 

The overarching goal of this project was to examine detailed structural changes in peptides 

and proteins upon nanoparticle exposure with 2D IR spectroscopy and isotope labeling. In 

particular, -helical proteins have been shown to commonly denature upon nanoparticle 

contact.63,67–70 Common serum proteins, like albumin and fibrinogen, contain a large percentage of 

-helical structure, providing motivation to study changes in protein helicity when exposed to 

nanoparticles.71,72 Therefore, I chose to examine model -helical peptides and proteins for my 

initial nanoparticles studies due to their high natural abundance and diverse roles in various 

biological activities. For preliminary experiments, I selected a robust model -helix (EK-helix, 

Ac-AEAAAKEAAAKEAAAKA-NH2) that is stable over a wide pH range to avoid structural 

differences arising from sample conditions.73 I also chose to examine a model protein (hen-egg 

white lysozyme, HEWL) containing a high abundance of helical character, which has been well-
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characterized and implemented in several protein corona studies.70,74–78 While there have been 

several protein corona studies with HEWL, I could not gain access to the exact nanoparticles used 

in this specific FTIR study due to proprietary rights from the company.70 We initially explored 

similar nanoparticles used in these studies (e.g., silica and alumina), but these species experienced 

significant solubility issues and thus were not carried forward. I eventually settled on gold colloids 

for the preliminary nanoparticle systems, which are easily quantifiable, suspend well in aqueous 

media, and are abundant throughout protein corona literature.4,14,63,64,78 I have used both 

commercially-purchased and synthesized citrate-capped gold colloids, which were synthesized by 

a collaborator in the Macdonald lab at Vanderbilt. In this Chapter, I will discuss my preliminary 

work on sample preparation and characterization of model peptide and protein corona samples.  

4.3 Materials and Methods 

 EK-helix (Ac-AEAAAKEAAAKEAAAKA-NH2) was synthesized on an automated 

microwave-assisted Liberty Blue peptide synthesizer using standard Fmoc chemistry as described 

in detail in Chapter 2. The N-terminus was acetylated immediately following Fmoc deprotection. 

N-terminal acetylation was carried out using a solution of 10% acetic anhydride (v/v) in 

dimethylformamide (DMF) using the standard amino acid coupling method. The peptide was 

cleaved from the resin (Rink Amide ProTide) and the sidechain protecting groups were removed 

using a cleavage cocktail of 95% trifluoroacetic acid (TFA), 2.5% triisopropylsilane (TIPS), and 

2.5% H2O. The cleavage cocktail was filtered from the resin and dried with compressed air. After 

the solution was dried into a film, the peptide was precipitated with cold diethyl ether and washed 

3x by centrifugation (5,000 rpms for 5 minutes). The crude peptide was dissolved in HPLC-grade 

H2O, vortexed, and filtered through a 0.20-m filter to prepare a ~2 mg/mL solution for RP-HPLC 

purification. The same gradient used for MAHP (See Chapter 2, Section 2.2.4) was sufficient to 
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elute EK-helix at ~28% Solvent B (90% acetonitrile in H2O with 0.045% HCl) composition. The 

peptide fractions were collected and lyophilized. EK-helix (1612.81 g/mol) was characterized by 

electrospray ionization mass spectrometry using the same preparation methods as the MAHP 

peptide (See Chapter 2, Section 2.2.5). The mass spectrum of purified EK-helix is shown in Figure 

4.1. Purified HEWL (~14,300 g/mol) was purchased from Millipore Sigma and used without any 

further modifications. 

 

 

 
Figure 4.1 Mass spectrum of EK-helix. Signals observed in the mass spectrum are characteristic of the 

EK-helix peptide (1612.81 g/mol). The most intense peak at 538.6 m/z represents [M+3H]3+. The weaker 

signal at 807.4 m/z is corresponds to [M+2H]2+. No peak is observed for the [M+H]+ species. 

 

Concentrated stocks of purified peptide (~10 mM) and protein (~20 mg/mL) were prepared 

in D2O or D2O with 0.1 mg/mL sodium citrate, depending on the experiment. The stock solution 

pH was recorded using a standardized micro pH probe (ThermoFisher, MA, USA). The peptide 

and protein stocks were quantified by UV-Visible spectroscopy on a Nanodrop One C 

spectrometer (ThermoFisher, MA, USA) using the pedestal option (1-cm pathlength). EK-helix 
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does not contain tryptophan and was therefore quantified at 205 nm using the calculated molar 

absorptivity value (-helix = 27.58 L g-1 cm-1).79 HEWL was quantified at 280 nm using the 

lysozyme setting installed on the Nanodrop software (HEWL ~ 39,000 M-1cm-1). 1 mM EK-helix 

and ~10 mg/mL (~0.70 mM) HEWL dilutions were prepared at low pH for initial 2D IR and CD 

experiments. The solutions were incubated at room temperature for at least 1 hour prior to 

collecting spectra. 

 Gold colloids (10, 20, and 60 nm diameters) with 0.1 mg/mL added sodium citrate were 

commercially purchased (Alfa Aesar, MA, USA). All nanoparticle suspensions were stored at 4 

℃ and covered with aluminum foil to prevent exposure to light. Supplementary information about 

these nanoparticles, which was provided by the company, is listed below in Table 4.1. 

Additionally, 74 nm gold colloids capped with sodium citrate were synthesized and characterized 

by a collaborator in the Macdonald lab according to a published protocol.80 For typical nanoparticle 

experiments, a 1-mL aliquot of nanoparticle stock was transferred to a 2-mL microfuge tube and 

centrifuged (17,000g, 20 minutes) to separate the nanoparticles from the solution, which formed a 

purple/red pellet at the bottom of the tube. The solvent was exchanged at least twice with 

deuterated solvent to avoid overlapping water absorptions in IR experiments. To minimize 

nanoparticle loss, a maximum of ~900 L of supernatant was carefully removed from the 1-mL 

aliquot and was replaced with the same amount of deuterated solvent. The nanoparticle 

concentrations were quantified with UV-Visible spectroscopy according to their localized surface 

plasmon resonance (LSPR) band on the Nanodrop One C (ThermoFisher, MA, USA) using the 

cuvette feature. A 1-cm pathlength quartz cuvette (Starna Cells, 1 mL total solution volume) was 

used to quantify all nanoparticle-containing solutions to avoid contaminating the pedestal. A 
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minimum of ~600 L of blank (D2O with 0.1 mg/mL sodium citrate) and nanoparticle solution 

was required in the 1-mL cuvette for the quantification. 

 

 

Table 4.1 Supplementary information for gold nanoparticles supplied in 0.1 mg/mL 

sodium citrate from Alfa Aesar 

 

Diameter 

(nm) 
SPR (nm) 

Particles 

per mL 

Molar 

extinction 

(M
-1

cm
-1

) 

Particle 

volume 

(nm
3
) 

Surface 

area (nm
2
) 

Molar 

mass 

(g/mol) 

Molar 

concentration 

(M) 

10 515-520 5.98E+12 1.01E+08 5.24E+02 3.14E+02 6.11E+06 9.93E-09 

20 524 6.54E+11 9.21E+08 4.19E+03 1.26E+03 4.89E+07 1.09E-09 

60 540 1.96E+10 3.07E+10 1.13E+05 1.13E+04 1.32E+09 3.25E-11 

 

Peptide/protein and nanoparticle mixtures were prepared in deuterated solvents to avoid 

overlapping water bending modes in the amide I’ region. After the nanoparticle solution was 

exchanged twice with deuterated solvent and quantified, the solvent was again removed by 

centrifugation (17,000g, 20 minutes). 900 L of supernatant was gently removed and replaced 

with the appropriate volume of peptide/protein stock and solvent. The final concentration of 

nanoparticles in solution was quantified as previously described. The final peptide and protein 

concentrations were ~1 mM (slightly less for HEWL, ~0.70 mM). Sodium citrate was present at a 

low concentration (0.1 mg/mL) to stabilize the colloidal charge in solution. The nanoparticle-

containing samples were vortexed, sealed with Parafilm, and incubated at room temperature for at 

least ~1 hour in the dark to avoid light exposure. For some experiments, the loosely -bound 

peptide/protein was removed by centrifugation to keep the “hard” corona. The supernatant 
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containing the free peptide/protein was removed and neat solvent was added. The “hard” corona 

was resuspended by briefly (~few seconds) sonicating and vortexing the mixture. The supernatant 

containing the free peptide/protein was saved and quantified, which could be used to roughly 

estimate the amount of peptide/protein associating with the nanoparticle. The “hard” protein 

corona mixture was also quantified at the peptide/protein and LSPR wavelengths on a Nanodrop 

One C spectrometer (ThermoFisher Scientific, MA, USA) using the cuvette option. 

After incubation, 2D IR samples were prepared by adding ~10 L of sample solution 

between two CaF2 windows with a 50-m Teflon spacer under N2 (g) flow. For CD experiments, 

40 L of EK-helix (Starna Cells, 0.1 mm pathlength) and 20 L of HEWL (Starna Cells, 0.01 mm 

pathlength) were sandwiched between two quartz windows. The decreased pathlength was utilized 

in CD experiments so the same sample conditions could be directly compared with 2D IR 

experiments. The quartz cuvette was gently placed into an adapter (Starna Cells) to accommodate 

for the difference in the CD sample holder’s pathlength (i.e., 10 mm). 

2D IR measurements were collected and processed as described in detail in Chapter 2 

(Section 2.4). CD spectra were collected on a J-810 CD spectropolarimeter (Jasco, MD, USA) 

purged with N2 (g) in the Biophysical Core at Vanderbilt University. CD spectra were collected 

from 190–260 nm in 1-nm increments with standard sensitivity (100 mdeg). Three spectra were 

collected for each sample and blank, which were averaged and smoothed in Microsoft Excel. The 

final spectra were analyzed with a custom MATLAB script and processed in Adobe Illustrator. 

4.4 Results and Discussion 

4.4.1 Citrate does not impact model peptide/protein signal or structure 
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 Nanoparticles are typically capped with ligands (i.e., small organic molecules) to precisely 

control growth and impart colloidal stability.81–83 Additionally, ligands can impart unique 

characteristics to the nanoparticle, providing more tunability to the system. 84–86 A common 

capping agent for gold and silver colloids is citrate.87,88 The molecular structure of citrate is shown 

below in Figure 4.2A. Citrate contains three carboxylate groups, which could interfere with the 

amide I’ region. 2D IR spectra of sodium citrate in D2O was measured to determine if citrate-

capped nanoparticles would be practical for IR studies. 2D IR spectrum of citrate (0.1 mg/mL in 

D2O) did not exhibit any absorption in the spectral region of interest (Figure 4.2B). Additionally, 

no IR absorption was detected upon a 10-fold increase in citrate concentration (Figure 4.2C). Thus, 

at concentrations below ~1 mg/mL, citrate should not interfere with the amide I’ signal. 

 

 

 
Figure 4.2 Citrate does not absorb in amide I’ region at relevant concentrations. (A) Molecular 

structure of citrate anion stabilized with three sodium cations. 2D IR spectra of (B) 0.1 mg/mL and (C) 

1 mg/mL sodium citrate in D2O with relative intensity bar (right). No interference from the citrate ion is 
detected at either concentration. 
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After confirming there was no spectral interference from sodium citrate at the 

concentrations present in the colloidal suspensions, citrate’s effect on the model peptide’s 

secondary structure was examined. Even at low concentrations, citrate in solution could alter 

peptide/protein structure. To investigate the impact of low (0.1 mg/mL) citrate concentrations on 

peptide structure, 2D IR and CD spectra of EK-helix was collected determine if there were any 

major structural interferences. No discernable differences in amide I’ frequency were observed in 

the 2D IR spectra for EK-helix upon adding sodium citrate (Figure 4.3).  

 

 

 
Figure 4.3 Amide I’ frequency of EK-helix is unaffected by citrate. 2D IR spectra of 1 mM EK-helix 

in D2O (A) neat and (B) with 0.1 mg/mL sodium citrate added. The amide I’ mode remains centered at 

1646 cm-1 in both sample conditions. 

 

CD measurements of the model peptide without and with added citrate were also collected 

to verify -helical content at 222 nm, as described in detail with MAHP in Chapter 3. Standard 

ellipticity values measured for EK-helix were converted to mean residue ellipticity using the 

following equation:  
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[] (
𝑑𝑒𝑔 ∗ 𝑐𝑚2

𝑑𝑚𝑜𝑙
) =



𝑙 ∗ 𝐶 ∗ 𝑁
                                  (4.1) 

where  is the measured ellipticity (millidegrees), l is the pathlength (mm), C is the molar 

concentration (M), and N is the number of residues.89 The theoretical maximum MRE value at 222 

nm for EK-helix was determined from the following equation: 

[]𝐻 = −40,000 ∗ (1 −
𝑥

𝑁
) + 100 ∗ 𝑇                      (4.2) 

where x is a constant used to correct for non-hydrogen bonded carbonyls, N denotes the 

number of residues, and T is the temperature (oC).90 The constant x has been previously estimated 

to range from ~0–3, where x is inversely proportional to chain length. EK-helix is a relatively short 

peptide with 17 residues, thus x was estimated as 2.5 based on the previous CD unfolding 

experiments by Scholtz and coworkers.90 This yielded a []𝐻 value of ~ − 31,717 
𝑑𝑒𝑔∗𝑐𝑚2

𝑑𝑚𝑜𝑙
 at 24 

oC for EK-helix using equation 4.2. Thus, we can estimate the percentage of peptide -helicity as 

a function of added citrate:  

% ℎ𝑒𝑙𝑖𝑐𝑖𝑡𝑦 =
[]

[]𝐻,
∗ 100                            (4.3) 

CD measurements at 222 nm further supported that there were no major structural changes 

in the model peptide’s helicity (Figure 4.4). From these initial studies, it was determined that at 

low concentrations (sub-milligram), sodium citrate does not absorb IR light in the protein 

wavelength region or impact the model peptide’s secondary structure. 
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Figure 4.4 Peptide -helicity remains constant in the presence of citrate. CD spectra of 1 mM EK-
helix (blue line) without citrate and (red dashed line) with 0.1 mg/mL citrate added. The percent helicity 

was ~93% for sample conditions, indicating citrate does not alter the peptide’s secondary structure. 

 

4.4.2 Centrifugation/sonication do not alter model peptide/protein structure 

Protein coronas can be comprised of multiple layers of different species. The region where 

the protein directly associates with the nanoparticle is known as the “hard” corona. The “hard” 

corona can induce multifaceted networks of more loosely-coordinated proteins, which do not 

directly interact with the nanoparticle but are still an integral part of the complex. The protein layer 

that associates indirectly with the nanoparticle is known as the “soft” corona. To examine the 

“hard” corona, the loosely-bound proteins must be separated and removed. The most common 

method of isolating nanoparticle-bound proteins is through centrifugation.91–94 Therefore, it was 

important to establish the conditions used to prepare the nanoparticles did not impact 

peptide/protein structure prior to characterization. 2D IR and CD spectra of EK-helix and HEWL 

were collected before and after three rounds of centrifugation, which matched the conditions used 
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for nanoparticle isolations. Centrifugation is a common method for protein isolations, so I did not 

anticipate structural differences would arise from this technique. As projected, no major changes 

in the amide I’ frequency were observed for either the peptide or protein (Figure 4.5). Again, CD 

measurements were used to confirm the approximate percent helicities estimated at 222 nm signal.  

For lysozyme, the theoretical MRE was estimated to be ~ − 37,290 
𝑑𝑒𝑔∗𝑐𝑚2

𝑑𝑚𝑜𝑙
 using the values x = 

1, N = 129, and T = 24 oC. CD measurements verified no loss in peptide or protein helicity (Figure 

4.5). 
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Figure 4.5 Centrifugation retains model peptide and protein secondary structure. 2D IR spectra of 
EK-helix (top panel) and HEWL (bottom panel) (A, C) before and (B, D) after centrifugation. No 

significant changes in the amide I’ mode or percent helicities (calculated by CD) were observed.  

 

Additionally, the effect of sonication on protein structure was established. Brief sonication 

was required to resuspend the synthesized gold nanoparticles after centrifugation, which is 

discussed in further detail in the next section. Sonication is much harsher than centrifugation and 

has been shown to induce protein structural changes or aggregation.95–97 2D IR spectra of lysozyme 

(~10 mg/mL in D2O) was collected before and after ~60 minutes of sonication. No major 

differences were reflected by the amide I’ mode (Figure 4.6). Therefore, a few seconds of 
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sonication required for nanoparticle resuspension are not expected to disrupt HEWL’s secondary 

structure. 

 

 

 

Figure 4.6 Sonication does not disrupt HEWL structure. No variations in the amide I’ frequency were 

observed in 2D IR spectra (A) before and (B) after an hour of sonication. 

 

4.4.3 Commercial AuNPs remain suspended upon peptide/protein addition 

After confirming the citrate additive and sample preparation methods did not impact 

protein secondary structure, the model peptide and protein were mixed with 20 nm citrate-capped 

gold nanoparticles (Alfa Aesar, MA, USA). The analyte concentrations for these initial isolations 

are listed in Table 4.2. After the nanoparticle solution was exchanged with the deuterated 

equivalent solvent, the peptide stocks were added to the nanoparticle pellet. The solution was 

resuspended, incubated in the dark for ~1 hour, and centrifuged. However, after centrifugation 

(17,000g for 20 minutes), the nanoparticles no longer crashed out of solution. 
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Table 4.2 Initial solution composition for nanoparticle and model peptide/protein mixtures 

Model 

peptide/protein used 

Total [peptide/protein] 

in solution 

NP diameter Total [NP] in solution Crashed 

Out? 

EK-helix 1 mM 20 nm 100 pM No 

Lysozyme 5 mg/mL 20 nm 100 pM No 

 

These experiments were repeated at least 3 times along with solvent-matching blanks. As 

expected, the nanoparticles were easily separated from the peptide/protein -free solutions upon 

centrifugation, while the nanoparticles remained suspended in peptide/protein-containing 

mixtures. From these centrifugation experiments, it was clear that peptide/protein addition 

prevented the nanoparticles from pelleting out of solution. Without nanoparticle isolation, only the 

entire protein corona could be examined. I troubleshooted the nanoparticle isolations by adjusting 

several experimental variables, which are summarized in Table 4.3. The simplest variable to test 

first was centrifugation conditions (speed, time, and temperature). The fastest speed on our lab 

benchtop microcentrifuge (accuSpin Micro 17, Fisher Scientific, PA, USA) is 17,000g (i.e., 13,000 

rpm). Therefore, extending the centrifugation time to an hour was first tested with the 20 nm gold 

nanoparticle-peptide/protein mixtures, but it did not result in nanoparticle isolation. 

Next, I switched to a refrigerated benchtop microcentrifuge (Eppendorf Centrifuge 5417R) 

and an ultracentrifuge (Beckman Optima TL Ultracentrifuge) in the Department of Cell and 

Developmental Biology (CDB) shared instrument core at Vanderbilt. Different combinations of 

speed, temperature, and time were tested on HEWL/gold nanoparticle mixtures (Table 4.3). The 

nanoparticles remained suspended in the protein solutions even at extremely high rotational forces 

(~100,000g) for extended times (~1 hour) and chilled (4 ℃). 
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Additional factors, such as the nanoparticle diameter, nanoparticle concentration, protein 

concentration, and incubation time were also examined. The only conditions where the 

nanoparticles were successfully separated from the mixture were at extremely low protein 

concentrations (~10 pM). It appeared that when the protein (HEWL) concentration was equal to 

or less than the nanoparticle concentration, the nanoparticles would crash out. While the 

nanoparticle concentration was limited by the stock concentration (Table 4.1), the protein 

concentration could be adjusted to closely match the nanoparticle concentrations through serial 

dilutions. To test this hypothesis, the protein concentration was systematically altered by a factor 

of 10 while keeping the nanoparticle concentration constant. This observation held true until the 

[HEWL] >> [NP] by a factor of 1000. Therefore, when the molar ratio of the protein to 

nanoparticle exceeded ~1000, the proteins irreversibly stabilized the nanoparticles in solution 

through a concentration-dependent mechanism. Due to the extremely low protein concentration 

required for isolations, the commercial citrate-capped gold nanoparticles were not feasible for IR 

studies under the conditions tested. 
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Table 4.3 Sample conditions used for troubleshooting nanoparticle isolations 

Model 

peptide / 

protein 

[Peptide / 

Protein] 

NP 

diameter 

[NP] 

Incubation 

time 

(minutes) 

Centrifugal 

force 

Cent. time 

(minutes) 

Cent. 

temp. 

Crashed 

out? 

EK-helix 1 mM 20 nm 100 pM 60 17,000g 15 25 ℃ No 

EK-helix 1 mM 20 nm 100 pM 60 17,000g 60 25 ℃ No 

HEWL 5 mg/mL 20 nm 100 pM 60 17,000g 20 25 ℃ No 

HEWL 5 mg/mL 20 nm 100 pM 60 17,000g 60 25 ℃ No 

HEWL 100 g/mL 20 nm 100 pM 60 17,000g 20 25 ℃ No 

HEWL 100 g/mL 20 nm 100 pM 60 17,000g 60 25 ℃ No 

HEWL 10 g/mL 20 nm 100 pM 60 17,000g 20 25 ℃ No 

HEWL 10 g/mL 20 nm 100 pM 60 17,000g 60 25 ℃ No 

HEWL 1 mg/mL 20 nm 100 pM 60 24,000g 30 25 ℃ No 

HEWL 1 mg/mL 20 nm 100 pM 60 25,000g 30 15 ℃ No 

HEWL 1 mg/mL 20 nm 100 pM 60 50,000g 10 4 ℃ No 

HEWL 1 mg/mL 20 nm 100 pM 60 100,000g 60 4 ℃ No 

HEWL 1 mg/mL 60 nm 10 pM 5 17,000g 60 25 ℃ No 

HEWL 10 pM 20 nm 100 pM 5 17,000g 72 25 ℃ Yes 

HEWL 10 pM 60 nm 10 pM 5 17,000g 72 25 ℃ Yes 

HEWL 10 pM 20 nm 100 pM 5 17,000g 20 25 ℃ Yes 

HEWL 100 pM 20 nm 100 pM 5 17,000g 20 25 ℃ Yes 

HEWL 1 nM 20 nm 100 pM 5 17,000g 20 25 ℃ Yes 

HEWL 100 pM 20 nm 1 nM 5 17,000g 20 25 ℃ Yes 

HEWL 1 nM 20 nm 1 nM 5 17,000g 20 25 ℃ Yes 

HEWL 10 nM 20 nm 1 nM 5 17,000g 20 25 ℃ Yes 

HEWL 100 nM 20 nm 1 nM 5 17,000g 20 25 ℃ 

Yes, but 

visibly 

less 
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4.4.4 Synthesized AuNPs exhibit opposite affinities for peptide/protein 

Next, I switched to the synthesized gold nanoparticles to see if they exhibited the same 

behavior as the commercial nanoparticles. A 1-mL aliquot of the 74 nm gold nanoparticles in 

citrate solution were exchanged with deuterated solvent as previously described. A brief (~5 

second) sonication was required to fully resuspend the nanoparticles, which should not impact 

HEWL structure (Figure 4.6). After the last exchange, deuterated solvent was added to the 

nanoparticles and the mixture was quickly sonicated and vortexed to resuspend. The HEWL stock 

solution was added to the nanoparticle mixture last to avoid additional sonication. The mixture 

was vortexed and incubated for ~1 hour in the dark. After incubation, the mixture was then 

centrifuged at 17,000g for 20 minutes, which was sufficient to pellet the nanoparticles. Additional 

information about the synthesized gold colloids and HEWL/nanoparticle concentrations for this 

experiment are listed in Table 4.4. 

 

Table 4.4 Solution composition for synthesized nanoparticle-HEWL mixtures 

NP diameter 

(nm) 

[NP] in stock 

(pM) 

Literature 

LSPR (nm) 

Particles per 

mL 

[HEWL] 

(mM) 

Crashed out? 

74 17.3 544 1.04E+10 0.070 Yes 

 

 Unlike with the commercial nanoparticles, the synthesized gold colloids were successfully 

isolated in the presence of the model protein. 2D IR spectra were collected of HEWL in the 

presence of the 74 nm gold colloids after ~3 hours of incubation in the dark, first without any 

washes and then with 1–2 washes to remove excess protein. The LSPR band was recorded before 

and after the addition of HEWL, which can be used identify interactions between the protein and  
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nanoparticle.23,66,98 No major changes in the location or intensity of the LSPR band was observed 

upon adding HEWL (Table 4.5). Additionally, the amide I’ mode did not change when HEWL 

was incubated with the 74 nm gold nanoparticles for ~3 hours (Figure 4.7). The protein-

nanoparticle mixture was centrifuged to remove excess weakly-associated HEWL. The 

supernatant was removed and the protein coronas were resuspended in deuterated solvent through 

brief sonication and vortexing. 2D IR spectra were collected immediately after each wash. The 

amide I frequency did not change after one wash, but the signal strength decreased ~10 -fold 

(Figure 4.7B). After two washes, no observable HEWL signal was detected (Figure 4.7C). 

Together, these initial results suggest that the gold nanoparticles do not associate strongly or 

impact HEWL secondary structure. 

 

Table 4.5 Representative LSPR data for gold nanoparticles with model protein 

Sample LSPR (nm) Intensity 

Gold nanoparticles 550 nm 9.71 

Gold nanoparticles + HEWL 552 nm 8.82 
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Figure 4.7 2D IR spectra of HEWL with synthesized gold nanoparticles. HEWL with gold colloids 

after ~3 hours of incubation with (A) no washes, (B) one wash, and (C) two washes. Intensity bars for 

each spectrum are at the top of each panel. The amide I’ signal strength substantially decreases after one 

wash (A and B). No protein signal is observed after two washes (C). 

 

 Additionally, EK-helix was mixed with the synthesized gold nanoparticles. A noticeable 

color change from pink to light purple occurred immediately upon adding the peptide, which was 

not observed in the HEWL experiment. Interestingly, centrifuging EK-helix and gold colloids 

mixtures did not separate the synthesized gold nanoparticles as expected. In the presence of the 

model peptide, the LSPR peak redshifted ~9 nm and the intensity decreased significantly, 

indicating the peptide was associating with the nanoparticles (Table 4.6). 2D IR spectra were 

collected of EK-helix before and after the nanoparticles (Figure 4.8). EK-helix’s amide I’ 

frequency remained constant in the presence of the gold nanoparticles, suggesting no structural 

change. 

  



104 
 

Table 4.6 Representative LSPR data for gold nanoparticles with model peptide 

Sample LSPR (nm) Intensity 

Gold nanoparticles 550 nm 14.15 

Gold nanoparticles + EK-helix 559 nm 3.56 

 

 

 

 

Figure 4.8 2D IR spectra of EK-helix with synthesized gold nanoparticles. 1 mM EK-helix (A) in 

D2O and (B) mixed with gold colloids (17 pM, 74 nm). The amide I’ mode remained constant after 

exposure to the gold nanoparticles, indicating no structural change. 

 

4.5 Conclusions 

 In this chapter, 2D IR spectroscopy was used to examine model peptide and protein signals 

in the presence of gold colloids. Model peptides and proteins with a high degree of helicity were 

chosen for initial studies because -helices are common secondary structures in proteins altered 

upon nanoparticle exposure.63,67–70 For the model peptide, a short model -helix (EK-helix) with 

a robust secondary structure was used. Additionally, hen egg white lysozyme (HEWL) was 
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selected as the model protein for initial experiments due to its high helical content. Both 

commercially purchased and synthesized gold colloids capped with citrate were implemented in 

these experiments. The gold colloids were stored in an aqueous suspension in sodium citrate (0.1 

mg/mL). Therefore, it was first imperative to establish if this additive disrupted the peptide/protein 

secondary structure. Additionally, citrate has functional groups that absorb in the protein spectral 

region, which could obscure the underlying amide signals. Citrate did not alter the peptide/protein 

secondary structure (Figures 4.3 and 4.4) or display any IR absorption (Figure 4.2) at this 

concentration. It was also important to establish that preparation methods required for nanoparticle 

samples did not change peptide or protein structure. The nanoparticle solvent was exchanged for 

a deuterated solvent (D2O with 0.1 mg/mL sodium citrate) to avoid overlapping absorptions from 

water in the amide I’ region. The solvent exchange required centrifugation and brief sonication; 

therefore, the impact of these two procedures on peptide/protein secondary structure were also 

examined. As expected, centrifugation did not impact peptide or protein secondary structure 

(Figure 4.5). Sonication also did not affect the model protein’s structure, which was reflected by 

no changes in the amide I’ mode (Figure 4.6). 

 After confirming the sample preparation methods did not alter peptide or protein secondary 

structure, the model peptide and protein were mixed with the gold colloids. The commercial 

nanoparticles remained irreversibly suspended in the presence of HEWL under most conditions 

tested (Table 4.3), which was unexpected. Most protein corona publications use centrifugation to 

isolate nanoparticles from protein solutions, but do not elaborate on details or challenges with these 

isolations.92–94 Nanoparticles are very sensitive to solution conditions (pH, charge, additives,  etc.), 

and it is no surprise that adding highly-ionic species like proteins could influence their solution 

stability.54,74,87,88,94 The initial studies with the commercial gold colloids suggested that at high 
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concentrations (i.e., when HEWL concentration exceeded the nanoparticle concentration by 

~1000x), the protein seemingly stabilized the gold colloids (both 20 nm and 60 nm) in solution 

and could not be removed by standard centrifugation methods (Table 4.3). However, the 

synthesized gold colloids (74 nm) were readily precipitated from HEWL-containing solutions 

(Table 4.4). Since the experiments were carried out under the same conditions (i.e., protein 

concentration, solvent system, pH, temperature, incubation times, etc.), this effect is likely due to 

the inherent differences in the synthesized and commercially-supplied nanoparticle stocks. The 

nanoparticle concentrations could affect this behavior, although the 60-nm and 74-nm colloids 

were used at similar concentrations (i.e., ~10 and 17 pM, respectively). A more likely explanation 

for this behavior is the presence of another highly-ionic species, which could have interacted 

strongly with the protein. Degradation of the purchased nanoparticles was unlikely, as there was 

no precipitate in the stock solution or in the deuterated samples. In summary, commercial 

nanoparticles should be used with caution, as they could contain unknown additives or not be the 

exact composition advertised by the company. Moving forward, synthesizing nanoparticles in lab 

would be the preferred option because the precise composition is known and can be readily 

modified. 

In summary, 2D IR spectroscopy is capable of examining structural changes within 

proteins and peptides induced by nanoparticles in solution. I have examined a model helical 

peptide and protein in the presence of citrate-stabilized gold colloids (74 nm), which displayed 

opposite affinities for the particles. When EK-helix was mixed with the synthesized gold colloids, 

there was an apparent color change (from pink to light purple) and the nanoparticles could not be 

isolated by centrifugation. However, when HEWL was added to the gold nanoparticle solution, 

there was no color change and the nanoparticles were readily isolated from the mixture. There was 
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no significant LSPR shift upon incubation with HEWL (~2 nm redshift, Table 4.5), but there was 

a ~9 nm redshift with EK-helix (Table 4.6). 2D IR spectra of the model peptide/protein incubated 

with gold colloids did not display any structural changes (Figures 4.7 and 4.8). Additionally, 

HEWL likely did not associate strongly with the nanoparticles, as it was washed away after two 

rounds of centrifugation (Figure 4.7). Further characterization of the nanoparticle-peptide/protein 

complexes will be required to further optimize and determine the types and strengths of 

interactions present in these complex samples. For example, CD spectroscopy can confirm there 

is no peptide/protein denaturation upon nanoparticle exposure, which is not as straightforward to 

monitor through the amide I’ feature alone. If partial unfolding is observed with a specific 

peptide/protein, the isotope labeling can be implemented to examine regions that undergo 

structural changes with 2D IR. Dynamic light scattering (DLS) can be used to determine the sizes 

of the protein coronas in solution, which could provide insight into the stabilization effect. 

Additional purification methods could also be explored, such as applying a sucrose density 

gradient to centrifugation methods or size exclusion chromatography.99,100 In addition to model 

helical structures, sulfur-containing peptides and proteins (i.e., cysteine and methionine) have the 

ability to interact strongly with gold/silver colloids, which could be further investigated.101,102 
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Chapter 5: Environmental changes in the Influenza A M2 proton channel 

revealed by 2D IR spectroscopy 

5.1 Abstract 

 Here, we have utilized 2D IR spectroscopy with isotope labeling to study the native 

transmembrane region of the influenza A matrix 2 protein (AM2TM). Distinctive spectral features 

in AM2TM were observed as a function of detergent type, revealing a conformational change in 

the highly-selective proton channel. A characteristic mode at ~1630 cm-1 was observed in the 

inward closed state of the tetramer, which was assigned to an alkene (C=C) ring stretch. This 

vibrational signature likely arises from enhanced vibrational coupling between His37 and/or Trp44 

residues in the closed conformation of  the tetramer. Future studies will examine M2 mutants 

(H37G and W44Y) to ultimately identify this distinctive vibrational mode. This unique feature 

was not observed at low pH, suggesting a conformational change to the inward open state. Addition 

of amantadine to the inward open state of M2 resulted in channel closing, revealed by the presence 

of the ~1630 cm-1 feature and more homogeneous lineshapes. Initial water dynamic studies of M2 

(wild type and isotopologues) were investigated through 2D IR waiting time measurements under 

previously established conditions. While dynamic changes were observed in the M2 isotopologues, 

the underlying aspartic acid residues (Asp24 and Asp44) also exhibited some time-dependent 

fluctuations, complicating spectral interpretation. A 13C-labeled AM2TM variant was also 

examined to determine if this label could avoid overlapping sidechain interferences, but was 

ineffective. Future studies will isotope edit aspartic acid sidechains and individual backbone 

carbonyls (Val27*, Ala30*, and Gly34*), which should decouple features in this spectral window. 
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Additionally, 2D IR waiting time studies of individually labeled aspartic acid residues (Asp24* 

and Asp44*) may provide further insight into water dynamics at the AM2 channel termini. 

5.2 Introduction 

Influenza viral infections can induce severe illnesses in humans and is the ninth leading 

cause of death among U.S. adults.1 Influenza A is a common RNA virus that causes disease in 

many mammals and is responsible for annual flu epidemics within the human population.2,3 The 

influenza A matrix 2 (AM2) protein is located in the viral envelope and is an essential for 

maintaining homeostasis and viral replication.4,5 This 97-residue protein embedded in the viral 

membrane is a common target for antiviral medications, including small molecule inhibitors 

amantadine and rimantadine.6,7 The selectivity of the AM2 ion channel arises from the highly-

conserved residues in the transmembrane region (22–46, SSDPLVVAASIIGILHLILWILDRL).8,9 

The 25-residue AM2 transmembrane (AM2TM) peptide forms a homotetramer, which is 

ultimately responsible for moving protons across the membrane in a selective, pH-dependent 

manner.10–13 Structural studies of the AM2 protein have shown under mildly acidic conditions 

(~5), protonation of the His37 sidechain induces an “open” conformation in the tetramer, 

promoting conductance.10,14–16 At neutral pH (7.0), His37 deprotonation results in a 

conformational change to the “closed” state, which limits proton transport through the 

channel.10,14–16 These pH-dependent configurations of the M2 protein have been extensively 

characterized by X-ray diffraction and NMR spectroscopy.10,15,17,18 However, these conformations 

are highly sensitive to variations in experimental conditions, such as sequence mutations and 

certain membrane mimetics.18–20 Additionally, small molecule channel inhibitors, like amantadine 

and rimantadine, are largely ineffective due to growing antiviral resistance.21,22 Therefore, there 
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has been extensive research focused on elucidating the mechanism of proton conduction spanning 

all residues of the transmembrane M2 ion channel. 

Ion channels accommodate water molecules, which play key roles in protein function.23–26 

Substrate and ion transportation is mediated by water ordering, dynamics, and hydrogen bonding 

as it flows through the channel.27–29 Several methods have been proposed for water-mediated 

conductance mechanism(s) in influenza M2 proton channels.10,15,17,26,30 One proposed method of 

proton movement is by transiently hopping along chains of hydrogen-bonded water molecules, or 

water “wires”, from the N-terminus to the His37 tetrad and into the viral interior.9,31 Another 

potential mechanism is through proton shuttling by His37/Trp41 gating, triggered by a 

conformational switch.17,30 However, details of water structure and dynamics in the M2 proton 

channel are not completely understood. Other residues in the pore could be vital to support water’s 

hydrogen bonding network around His37 tetrad. Additionally, the water dynamics at various pore-

lining residues could differ between the open and closed states. Water molecules also influence 

interactions between antiviral drugs and the target residues in the tetramer. Thus, revealing water 

orientation and movement along the transmembrane region is essential for a better understanding 

of ion channels and antiviral resistance in the AM2 protein. 

In this chapter, I have outlined a collaboration between our group and the DeGrado Group 

at the University of California San Francisco (UCSF) to investigate water dynamics in the 

AM2TM channel using 2D IR spectroscopy. 2D IR spectroscopy has been previously used to 

characterize ultrafast events within ion channels, which is possible due to its inherent 

subpicosecond temporal sensitivity.19,20,32 Previously, the DeGrado group demonstrated structural 

control of the AM2TM tetrad through the use of different detergents.18 For this study, we chose 

decyl maltose neopentyl glycol (DMNG) and dodecylphosphocholine (DPC) detergents to 
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stabilize the inward closed and inward open conformations of AM2TM, respectively . Here, we 

characterized AM2TM stabilized in these two distinct conformations through 2D IR 

measurements, which revealed a novel spectral feature in the inward closed state. Additionally, 

this previous study by the DeGrado group demonstrated that adding amantadine to the AM2TM-

DPC mixture induced a change from the inward open to inward closed state. 18 Here, we also 

characterized spectral features before and after addition of amantadine to the inward open state, 

which confirmed channel closure. To probe water dynamics throughout the transmembrane 

channel, a single 13C18O label was incorporated into AM2TM at pore-lining residues Val27*, 

Ala30*, and Gly34* (where * denotes isotope location). Spectral dynamics at each labeled position 

were probed through waiting time studies under the two distinct conformations. Underlying 

sidechain features, likely arising from Asp24 and Asp44, interfered with the isotopic spectral 

signatures, which is discussed in detail below. 

5.3 Materials and Methods 

Wild type and isotope-edited M2 samples were synthesized and purified by Dr. Huong 

Tran Kratochvil in the DeGrado Group at UCSF. The lyophilized peptides, detergents, and 

amantadine (Sigma Aldrich) were shipped to Vanderbilt, where I prepared the sample solutions 

and performed 2D IR experiments. A total solution volume of 50 L and a 1-to-50 mM peptide to 

detergent ratio were used for all 2D IR experiments. First, an excess (~500 L) of ~50 mM 

detergent stock solution was dissolved in deuterated methanol (CDOD3, Millipore Sigma) under 

N2 (g) flow. For the DMNG detergent (949.08 g/mol), this corresponds to ~23.73 grams in 500 L 

of methanol-d4. For the DPC detergent (351.50 g/mol), ~8.76 grams were dissolved in ~500 L 

of methanol-d4. The detergent solution was sealed with Parafilm to prevent evaporation and 
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incubated at room temperature for an hour. An appropriate volume of the detergent stock was 

aliquoted into individual microfuge tubes such that resuspension in 50 L of solvent resulted in a 

final detergent concentration of 50 mM. Excess D2O (at least ~3x by volume) was added to the 

microfuge tube to help successfully freeze and lyophilize the detergent solution. The detergent 

samples were sealed with Parafilm and incubated for at least an hour at room temperature. The 

detergent solutions were lyophilized overnight into a dry, white powder. 

AM2TM peptides (wild type M2, molecular weight 2769 g/mol, and 13C18O-labeled M2, 

molecular weight 2772 g/mol) were quantified at A280 using the Nanodrop instrument in the 

pedestal mode (AM2TM = 5500 M-1cm-1 or A280 = 2.016 for 1 mM of AM2TM). The stock M2 

samples were dissolved in methanol-d4. Diluted samples were prepared in a 1:3 ratio of stock M2 

to D2O (e.g., 5 L stock and 15 L D2O) and quantified at 280 nm. After confirming the stock 

concentration, an appropriate volume of M2 stock was added to the lyophilized detergent to result 

in a 1 mM final peptide concentration. Again, excess D2O was added to the mixture to ensure the 

solution could be frozen with N2 (l) and lyophilized. Before freezing, the mixtures were sealed 

with Parafilm and incubated at room temperature for an hour. The peptide-detergent mixtures were 

dried overnight by lyophilization. For M2 drug-binding studies with amantadine, a concentrated 

(~50 or 100 mM) amantadine (151.25 g/mol) stock was prepared in D2O. An appropriate volume 

of amantadine stock was added to the peptide-detergent sample to result in a 4 mM final drug 

concentration. If necessary, the peptide-detergent-drug sample was further diluted with excess 

D2O, sealed with Parafilm, and incubated for ~1 hour at room temperature. The sample was frozen 

with N2 (l) and lyophilized overnight. 

The final M2 samples were resuspended in 50 L of deuterated sodium phosphate buffer 

(0.1 M, pH 7.5) under a constant flow of N2 (g). The final peptide to detergent ratio was 1-to-50 
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mM. For amantadine studies, the final solution composition was 1 mM peptide, 50 mM detergent, 

and 4 mM amantadine in 50 L of solution. The final M2 samples were sealed with Parafilm and 

incubated at room temperature for an hour. After incubation, ~5 L of final M2 sample were 

sandwiched between two CaF2 windows with a 50-m Teflon spacer under N2 (g) flow. 2D IR 

measurements were collected and analyzed as described in Chapter 2 (Section 2.4). For waiting 

time studies, the time delay between the second and third pulses were programmed in the 

PhaseTech software, which controlled the motorized stage in the pump beamline. The final 2D IR 

spectra were analyzed with a custom MATLAB script and further processed in Adobe Illustrator. 

5.4 Results and Discussion 

5.4.1 AM2TM exhibits unique spectral feature in the inward closed state 

 2D IR spectra of wild type (WT) AM2TM in each detergent (1-to-50 mM peptide-to-

detergent ratio) were collected to establish baseline spectral features (Figure 5.1). The DMNG and 

DPC detergents stabilize the M2 tetramer in the inward closed and open states, respectively, at  

neutral pH.18 The detergent-solubilized peptides both exhibited a strong amide I’ transition 

centered near ~1659 cm-1, indicative of a transmembrane -helix. Additionally, a weak sidechain 

absorption was observed around ~1594 cm -1 for both conformations, likely arising from two 

underlying aspartic acid residues. The high frequency peak at ~1680 cm -1 present in both spectra 

is from trifluoroacetic acid (TFA), the counterion used during peptide purification. Spectral 

differences were observed between the two detergent samples. M2 in DMNG exhibits a more 

homogeneous (i.e., more rounded) amide I’ lineshape (Figure 5.1C) compared to the peptide in 

DPC detergent (Figure 5.1D). The more homogeneous amide I’ lineshape in the DMNG detergent 

indicates less water exposure in the inward closed state compared to the inward open state, 



120 
 

respectively. Another interesting difference in each 2D IR spectrum is the feature at ~1630 cm-1. 

In the DPC sample, this region appeared as broadened shoulder. This peak is unique to the inward 

closed state, and could arise from enhanced vibrational coupling between alkene (C=C) ring 

stretches.33 This absorption feature could signify enhanced vibrational coupling between His37 

and/or Trp44 residues near the C-terminal end of the channel, which would be stronger in the 

inward closed state compared to the inward open state. 

 

 

 
Figure 5.1 AM2TM exhibits prominent spectral signature in DMNG detergent. 2D IR spectra and 

linear trace along the fundamental mode (blue contours) of wild type AM2TM in (A, C) DMNG and (B, 

D) DPC detergent. Dashed red line denotes feature at ~1630 cm-1 in the DMNG sample. 

 

 Additionally, 2D IR spectra of wild type M2 peptide in the DMNG detergent at low pH 

was also collected to further probe the sensitivity of this feature (Figure 5.2). At low pH, the 

histidine sidechains in the tetramer are fully protonated (pKa ~6.0). As the solution pH was 
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lowered (~1.86), this absorption feature transformed into a broadened shoulder (Figure 5.2, B and 

D). Additionally, the mode at ~1590 cm-1 was not detected at the low pH condition, likely due to 

protonation of the aspartic acid sidechains (pKa ~4.0). The vibrational signatures of M2 in DMNG 

at low pH (Figure 5.2, B and D) parallels those of M2 solubilized in DPC detergent at neutral pH 

(Figure 5.1, B and D). As the pH is lowered for M2 in DMNG detergent, the amide I’ mode reflects 

more inhomogeneity, indicative of increased solvent exposure. This observation supports that a 

conformation change to the inward open state occurs upon protonation of the His37 tetrad. 

Protonation of His37 residues likely destabilizes the helix-helix packing and induces a 

conformational switch to the inward open conformation, promoting proton flow through the 

channel. In summary, this unique feature detects M2 stabilized in the inward closed state. 

However, future work examining M2 mutants (H37G and W44Y) under matched experimental 

conditions will be necessary to definitively assign this novel feature. 
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Figure 5.2 Characteristic M2 feature is not present at low pH in DMNG detergent. 2D IR spectra 

and diagonal trace along the 0→1 transition (blue contours) of wild type AM2TM in DMNG detergent 

at (A, C) neutral pH (7.50) and (B, D) low pH (1.86). M2 exhibits a broadened shoulder near ~1630 cm-

1 at low pH. At neutral pH, the ~1630 cm-1 mode appears as an isolated transition. 

  

5.4.2 Amantadine induces a conformational change in AM2TM 

 Amantadine is a small molecule with an adamantane backbone (Figure 5.3A) that can block 

and induce conformational changes in the AM2 proton channel.34,35 To probe if amantadine 

induced any conformational changes in the channel, 2D IR spectra were collected before and after 

addition of amantadine (4 mM) to wild type AM2TM in DPC (1 mM to 50 mM peptide to detergent 

ratio). Introducing amantadine to the M2 tetramer in the inward open state resulted in a more 

homogeneous amide I’ lineshape (Figure 5.3). Additionally, the reappearance of the ~1630 cm -1 

mode verifies the amantadine-induced conformational change (Figure 5.3, C and E). 
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Figure 5.3 Amantadine alters AM2TM tetramer conformation. (A) Chemical structure of small 
molecule adamantane. 2D IR spectra of wild type AM2TM (B, D) without and (C, E) with amantadine 

(4 mM). M2 with added drug exhibits spectral features attributed to the inward closed state. 

 

5.4.3 Isotopic lineshapes suggest differences in local water environment 

 To probe local water dynamics in the AM2 proton channel, 2D IR spectra of the M2 

isotopologues (Val27*, Ala30*, and Gly34*) were measured at various waiting times. By varying 

delay between the pump and probe pulses in a 2D IR experiment, subpicosecond fluctuations are 

revealed. Spectral variations on this timescale are caused by electrostatic changes of the vibrational 

mode, which are heavily influenced by the surrounding water molecules.19,20 These vibrational 

fluctuations induce a change in the 2D lineshape. For example, a static lineshape indicates no 

relative electrostatic changes on the measured timescale (i.e., the pumped and probed frequencies 
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are the same). Variations in the 2D lineshape signify an altered environment on the t imescale 

measured (i.e., the pumped and probed frequencies are not equivalent). A prominent example of 

this is hydrogen bond formation and breaking. When a carbonyl and water molecule are hydrogen 

bonded, the observed carbonyl frequency is lowered. Likewise, when the hydrogen bond is broken, 

the carbonyl frequency increases. More hydrogen bonding variations are accompanied by more 

homogeneous lineshapes (i.e., rounder peak pairs) as a function of increasing the pump -probe 

delay. Therefore, 2D IR waiting time studies are sensitive to the amount and mobility of water. 

Static 2D IR measurements (i.e., 0 fs pump-probe delay) of M2 isotopomers in the inward 

closed and open states were collected to establish the baseline features. Upon visual inspection, 

Val27* and Ala30* AM2TM have similar lineshapes in both conformations (Figure 5.4, A–D). 

The Gly34* signature appears to have a slightly more homogeneous lineshape in the inward open 

state (Figure 5.4, E and F). Since all isotope-edited positions examined in this study are pore-

lining, this static measurement could indicate an increase in water ordering surrounding the Gly34* 

backbone in the inward open state. 
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Figure 5.4 Static 2D IR measurements of AM2TM isotopologues. 2D IR spectra of (A, B) Val27*, 
(C, D) Ala30*, and (E, F) Gly34* in DMNG and DPC detergents, respectively. These measurements 

were collected with a standard 0-fs delay between the pump and probe pulses. 

 

Next, time-dependent 2D IR spectra of the M2 isotopologues in both states were measured 

to examine the local water dynamics. Figure 5.5 displays the labeled region of AM2TM in the 

inward closed state (i.e., DMNG detergent samples) after a 500-fs pump-probe delay. The 
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signatures of Val27* and Gly34* are similar after the delay time, indicating the water dynamics 

are unaltered near these residues on this timescale. However, Ala30* exhibits a change in lineshape 

after the delay, reporting on a local fluctuation. This time-dependent feature suggests water 

molecules surround Ala30* residues in the inward closed conformation of AM2TM. 
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Figure 5.5 Isotopic signatures of AM2TM in the inward closed conformation. Time-dependent 2D 

IR spectra of AM2TM labeled at positions (A, B) Val27*, (C, D) Ala30*, and (E, F) Gly34* before (left 

column) and after (right column) a 500-fs delay. 

  

Waiting-time measurements were also collected in the inward open state to reveal local 

water motions. 2D IR spectra of M2 isotopologues were collected after a 500-fs pump-probe delay 

and compared to the baseline spectra collected with no waiting time (Figure 5.6). Val27* does not 
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display any notable variations with an increased time delay (Figure 5.6, A and B). This result 

suggests proximal water is immobilized around Val27 on this timescale. A more homogeneous 

lineshape was observed for Ala30* after 500 fs, indicative of mobile water (Figure 5.6, C and D). 

Likewise, Gly34* exhibits a slightly more homogeneous lineshape after the delay (Figure 5.6, E 

and F). These initial 2D IR measurements suggest mobile water around Ala30* and Gly34* in the 

inward open state of the M2 channel. 
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Figure 5.6 Isotopic features of AM2TM in the inward open state. 2D IR spectra of AM2TM isotope-

edited at positions (A, B) Val27*, (C, D) Ala30*, and (E, F) Gly34* before (left column) and after (right 

column) a 500-fs time delay between the pump and probe pulses. 

 

 While there are distinct time-dependent features in the 2D IR spectra of isotope-edited M2 

samples, it is important to acknowledge the underlying sidechain features arising from Asp24 and 

Asp44 in the AM2TM sequence. The aspartic acid residues are located at the N-terminal and C-
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terminal ends of the transmembrane domain, and are likely critical for assisting proton conduction 

through the channel. Additionally, this sidechain mode in M2 spectra typically appears more 

intense in the closed state, which may arise due to their proximity. The time-dependence of the 

aspartic acid vibrations in wild type AM2TM peptide were also probed through 2D IR waiting 

time studies (Figure 5.7). After 500 fs, the aspartate lineshape becomes more homogeneous, 

indicative of solvent fluctuation in the inward closed state (Figure 5.7, A and B). However, the 

sidechain mode remains more inhomogeneous in the inward open configuration, suggesting a more 

constant water environment on this timescale (Figure 5.7, C and D). These features strongly 

suggest Asp24 and/or Asp44 associate with water in the inward closed state.  
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Figure 5.7 Sidechain exhibits time-dependent feature in inward closed state. 2D IR waiting time 
spectra of wild type AM2TM peptide stabilized in (A, B) DMNG and (C, D) DPC detergent before (left 

column) and after (right column) 500-fs delay. The aspartate mode is more homogeneous at 500 fs in 

DMNG. After the same waiting time, this mode is largely unchanged in the opposite detergent.  

 

 It is clear that 13C18O-edited amide I’ residues and aspartic acid sidechains have similar 

vibrational frequencies, which complicates spectral assignments in native M2. To circumvent 

overlapping vibrations, while avoiding mutations that alter the channel’s native conformation and 

activity (e.g., D44N)19, we investigated whether a single 13C label was suitable for this system. 

Incorporating a single 13C label is traditionally less ideal than 13C18O for longer peptide sequences 

due to the higher natural abundance of 13C (~1.1%). However, for wild type AM2TM, this spectral 

region appears less congested in the 2D IR spectrum (Figure 5.1, C and D). Incorporating a 13C 
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isotope should induce a ~35–40 cm-1 redshift in the amide I’ transition, theoretically allowing this 

mode to be more isolated compared to 13C18O. However, no distinct isotopic feature was observed 

in the 2D IR spectra for the 13C-labeled Ala30* sample (Figure 5.8), rendering the 13C probe 

uninformative. 

 

 
 
Figure 5.8 13C is not a feasible vibrational probe for AM2TM. Diagonal trace (A) and 2D IR spectrum 

(B) of 13C-labeled AM2TM at residue Ala30* in DPC detergent. The 13C isotope is not well-resolved in 

the anticipated spectral region (~1610–1620 cm-1). 

 

5.5 Conclusions 

 In this chapter, the native influenza A M2 proton channel was characterized with 2D IR 

spectroscopy in collaboration with the DeGrado Group at UCSF. Here, we examined the wild type 

M2 transmembrane region (residues 22–46, SSDPLVVAASIIGILHLILWILDRL) along with 
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several isotopologues (13C18O-labeled Val27*, Ala30*, Gly34*, and 13C-edited Ala30*). The 

tetramer conformation (inward closed vs. open) was stabilized by different detergents, previously 

demonstrated in an NMR study of the S31N AM2 variant.18 Wild type AM2TM exhibited different 

2D IR vibrational signatures in the inward closed and open states (Figure 5.1). In the inward closed 

configuration, the M2 tetramer exhibited a prominent feature at ~1630 cm -1 (Figure 5.1B). This 

mode likely arises from the asymmetric alkene (C=C) ring stretch, perhaps due to stronger 

vibrational coupling between the His37 and/or Trp44 tetrad in the closed state. In the open state of 

the M2 tetramer, the ~1630 cm-1 feature does not appear as an isolated transition (Figure 5.1D), 

reflecting an environmental change. Additionally, this unique feature exhibited pH-dependent 

behavior (Figure 5.2). At low pH (~2) in DMNG detergent (i.e., inward closed state), the ~1630 

cm-1 mode was not detected. Instead, the 2D IR spectrum strongly resembled the AM2 tetramer in 

DPC detergent (Figure 5.1D), confirming a pH-induced conformational switch to the inward open 

state. Additionally, introducing amantadine to the inward open state of AM2TM resulted in 

channel closure. This was revealed by changes in the amide I’ lineshapes and the reappearance of 

the ~1630 cm-1 feature (Figure 5.3). In summary, 2D IR spectroscopy detected conformational 

changes in the wild type AM2 transmembrane domain induced by differences in detergent, pH, 

and a small-molecule M2 inhibitor. Additional characterization of specific M2 mutants (H37G and 

W44Y) will be necessary to conclusively assign this novel, conformational-dependent feature in 

2D IR spectra. 

Initial waiting time experiments reported on water dynamics in the closed and opened AM2 

tetramer surrounding Val27*, Ala30*, and Gly34*. Static measurements (i.e., 0 fs delay) suggested 

Gly34* exhibited a more homogeneous lineshape in the inward open state compared to the inward 

closed conformation (Figure 5.4, E and F). In the inward closed state, Ala30* displayed a more 
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homogeneous lineshape after 500 fs (Figure 5.5, C and D), which may indicate mobile water 

around this residue. In the inward open state, both Ala30* and Gly34* variants displayed lineshape 

changes, revealing subpicosecond water motions (Figure 5.6, C–F). Interestingly, the Val27* 

lineshape remained largely unchanged in both the inward closed and open states on the timescale 

measured (i.e., 500 fs). In summary, this 2D IR waiting time study detected transient (500 fs) water 

motions localized around Ala30* (in both states) and Gly34* (inward open state only). 

The underlying aspartic acid residues, which cooperatively absorb in the isotope region, 

were also examined with 2D IR waiting time studies. Wild type AM2TM revealed a transition to 

a more homogeneous lineshape in the inward closed state after a 500-fs delay (Figure 5.7, A and 

B). However, no major time-dependent spectral changes were observed in the sidechain mode in 

the inward open conformation (Figure 5.7, C and D). Spectral interference from aspartic acid 

residues complicates the interpretation for the M2 isotopologues. While spectral subtraction can 

be applied to examine underlying features, we were not able to isolate the isotopes using this 

method in this study. However, the aspartic acid signatures are still quite useful because they 

provide additional information about water movement in the channel. 2D IR spectra suggests water 

is mobile on this timescale surrounding the aspartic acid residues in the inward closed state, but 

remains largely unchanged in the open state. This could indicate these terminal residues play 

essential roles regulating water in the closed state, whereas transient (500 fs) water interactions are 

likely facilitated by other internal residues in the inward open state. However, since we were 

primarily focused on the isotope-variants for this study, we attempted to circumvent the 

overlapping Asp/13C18O-edited amide I’ absorptions by utilizing a 13C isotopic probe instead. 

Unfortunately, the 13C isotope was not visualized in the 2D IR spectrum of 13C-edited Ala30* 

AM2TM (Figure 5.8), indicating it was not a suitable vibrational probe for th is system. 
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In addition to the previously discussed mutation studies, future work will incorporate 

13C18O labels into Asp24 and Asp44. Sidechain isotope labeling will redshift their absorptions ~60 

cm-1, which is beneficial for many reasons. First, systematically labeling the Val27*, Ala30*, and 

Gly34* peptide backbones and both aspartic acid residues should avoid overlapping absorptions. 

After confirming this approach eliminates sidechain interferences near ~1590 cm-1, the water 

dynamics will be systematically investigated for Val27*, Ala30*, and Gly34* M2 isotopologues 

under the previously established conditions. Additionally, individual isotopic editing of Asp24* 

or Asp44* could uncover critical water interactions at both ends of the M2 proton channel. Water 

movement around these residues initialize and finalize proton conduction at the transmembrane 

termini, which likely exhibit a conformational dependence. In conclusion, conformational 

differences and subpicosecond water fluctuations in the highly-selective AM2TM proton channel 

were revealed by 2D IR spectroscopy and isotope labeling. The foundational work outlined here 

can be expanded to examine more detailed structural and dynamic changes in this proton channel 

and other ion channels. 
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Chapter 6: Outlook and Future Work 

6.1 Introduction 

 Two-dimensional infrared (2D IR) spectroscopy in combination with isotope labeling can 

extract detailed molecular information about protein structure and dynamics in real time. 1–5 During 

graduate school, I have had the unique opportunity to explore interesting questions in protein 

science with cutting-edge techniques. I have been fortunate to learn and develop proficiency in 

many different synthetic and analytical techniques, which are outlined in Chapter 2. In this final 

chapter, I will summarize my graduate work and discuss future directions each project may take.  

6.2 Investigating -helical structures with 2D IR and isotope labeling 

The most challenging project I have worked on, along with several others in the group, is 

the -helix isotope labeling project (Chapter 3). During my second year, I worked closely with 

Kayla Hess to troubleshoot and optimize the synthesis and purification methods for 13C18O-

backbone-labeled alanine. We later expanded these experimental methods to label glycine and 

phenylalanine at the same position (C), which were effective. After we successfully prepared the 

isotope-labeled MAHP samples in 2019, I then experienced difficulties acquiring decent spectra 

from the laser system. Our first laser system had many issues, which was ultimately resolved when 

the company replaced most of its parts in the summer of 2020. After these repairs, I was able to 

successfully collect clean isotope-labeled peptide spectra. 

 While we did not observe any crosspeaks indicative of helix formation in the labeling 

schemes studied, we were able to track helicity changes through frequency/intensity changes in 

MAHP. In the predominantly -helical condition, the ~10 cm-1 redshift in the labeled amide I’ 
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mode was attributed to hydrogen bonding interactions, while drastic intensity changes were 

determined to arise from coupling between 13C18O labels. Coupling allowed us to probe isotopic 

features, even in the presence of evident sidechain modes. However, MAHP is a small -helical 

peptide with only a few interfering sidechains (aspartic acid, glutamic acid, and arginine).6 Larger 

peptides and proteins have dozens of sidechains (e.g., 7 Asp, 2 Glu, and 12 Arg in HEWL) that 

strongly absorb in the 13C18O-edited amide I’ region, limiting the feasibility of double 13C18O 

labeling.7,8 For structural studies of larger helices, it may be useful to uniformly label the entire 

domain with a more cost-effective 13C isotope, which has been achieved with -D crystalline.9 

Sometimes, isotopic features can be examined in the presence of sidechains with careful spectral 

subtraction methods.5 However, the data set should be collected on the same day, if possible, to 

minimize variations in spectral artifacts and other spectrometer conditions. 

Studying native sidechain vibrational modes with 2D IR spectroscopy could be of great 

interest moving forward. In MAHP, the vibrational mode observed near ~1580–1590 cm-1 is likely 

attributed to aspartic acid, arising primarily from the asymmetric C=O stretch in carboxylate.8 

Aspartic acid residues have titratable sidechains (pKa ~4.0), which plays critical roles in enzymatic 

activities.10–12 In the MAHP sequence, Asp1 deprotonation is responsible for N-terminal helix 

stabilization through end capping.6 Examining this sidechain feature in unlabeled MAHP would 

provide a label-free method to examine molecular details regarding terminal helix stabilization. 

2D IR waiting time studies would reveal vibrational lifetime and environmental differences in the 

N-terminus as a function of peptide helicity, which has yet to be determined. MAHP mutants 

should be compared under high helicity conditions to ensure other modes (i.e., glutamic acid and 

arginine) do not contribute. If multiple sidechains contribute to the signal, the sidechain of interest 

could be isotopically labeled to isolate its signature, although this approach is more expensive. 
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6.3 Elucidating nanoparticle-induced structural changes in peptides and 

proteins with 2D IR spectroscopy 

 Here, I investigated the impact of gold colloids on a model -helical peptide (EK-helix) 

and protein (hen egg white lysozyme, HEWL) with 2D IR spectroscopy. Different interactions 

were observed between the model peptide and protein in the presence of the same nanoparticle 

system. The model peptide associated strongly with the nanoparticles, indicated by a visual color 

change and a quantifiable redshift and decrease in the LSPR band. The model protein, however, 

did not appear to interact favorably with the gold colloids, as reflected by no visual color change 

or LSPR shift. Initial 2D IR measurements indicated the model peptide and protein retained their 

overall secondary structures in the presence of these nanoparticles. While this study demonstrated 

the capability of 2D IR to measure peptide/protein signals without interference from the gold 

nanoparticles, there are questions that remain unanswered and more avenues to explore. For 

example, how many peptides/proteins must coat nanoparticle surface to be detected with 2D IR? 

Can 2D IR examine different layers of the protein corona, or can it just detect changes in secondary 

structure within peptides/proteins with ambient nanoparticles in solution? Do certain nanoparticles 

(e.g., metal colloids) amplify the peptide/protein signal, allowing lower concentrations (below 

millimolar) to be detected? Can particular residues that directly interact with the nanoparticle 

surface be detected through isotope labeling? Can a chemical tag (e.g., cystine) be added to a stable 

model -helix to facilitate metal nanoparticle interactions? 

Different nanoparticle systems should be explored. However, it is critical that the 

nanoparticles do not absorb or scatter IR light in the amide I’ region and can be solvent-matched. 

Gold colloids stabilized with citrate were a practical starting point because they did not absorb or 
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scatter IR light to a great extent. Additionally, the low concentration (0.1 mg/mL) of citrate 

stabilizer did not impact the protein signal or structure in 2D IR measurements (Chapter 4). The 

gold colloidal solution was also easy to exchange with a deuterated solvent system, which was 

required to eliminate overlapping water absorptions in the amide I’ spectral window. Two rounds 

of centrifugation (~17,000g, 15 minutes, ~25 ℃) was sufficient to replace the solvent with D2O 

(with added citrate stabilizer), as water signals were not detected in 2D IR measurements. 

Centrifugation was the most straightforward technique for solvent exchange. Lyophilization was 

also examined, but this process caused irreversible nanoparticle degradation. Looking forward, the 

impact of charge on nanoparticle-peptide/protein interactions should be closely examined. Proteins 

and nanoparticles are both extremely sensitive to charged species, which influence the structure 

and stability of both species. I conducted my initial experiments at pH ~4 to closely match the pH 

of the colloidal suspension. The effect of pH and different ionic species on peptide/protein 

interactions with nanoparticles should be closely examined with 2D IR and complementary 

characterization methods. 

Future experiments will be required to characterize underlying molecular interactions 

between peptides/proteins and gold colloids in solution. Dynamic light scattering (DLS) can be 

implemented to measure the hydrodynamic radii of peptide/protein-nanoparticle complexes in 

solution. CD spectroscopy can confirm that the helical structure is preserved upon introduction to 

nanoparticles, since the amide I’ region is not as sensitive to these binary changes. Peptides and 

proteins with different secondary structures could be examined with these gold nanoparticles, 

which do not interfere with the amide I’ signal under the conditions examined here. Specifically, 

peptides/proteins with sulfur-containing residues can covalently interact with gold atoms, which 

may induce unique interactions.13–15 Other noble metal nanoparticles, like silver and copper, could 



142 
 

also be examined, which share similar advantages and properties to the gold colloids used here. 

For example, 2D IR spectroscopy has been recently used to examine the self -assembly of 

glutathione, a thiol-containing peptide, on the surface of silver nanoparticles.16 The link between 

varying nanoparticle properties (size, shape, ligand, etc.) on peptide/protein structure could also 

be examined with the same peptide/protein. 

6.4 Probing local water dynamics in the Influenza A M2 proton channel with 

2D IR spectroscopy 

 In collaboration with the DeGrado Group at UCSF, we demonstrated the utility of 2D IR 

to extract molecular changes in the influenza A M2 proton channel. 2D IR revealed distinctive 

spectral features in the AM2 tetramer as it transitioned between the inward open and closed states, 

which was precisely controlled by the detergent type.17 In the inward closed state, M2 exhibited 

more homogeneous lineshapes, indicative of a more hydrophobic environment. Additionally, a 

unique feature at ~1630 cm-1 was detected for M2 in the inward closed state. This mode was 

assigned to the asymmetric stretch of an alkene (C=C) ring, which would experience stronger 

vibrational coupling due to channel closure.8 This C=C stretch likely arises from the His37 proton 

sensor and/or Trp44 gate, although future mutation studies will be required to definitively assign 

this novel feature. Upon conformational switch to the inward open state, the AM2TM lineshapes 

were inhomogeneously broadened, likely due to water flow through the channel. The effect of pH 

and amantadine, a small-molecule channel inhibitor, on M2 conformation were also identified by 

these characteristic features in 2D IR spectra. 2D IR waiting time studies were employed to 

investigate water dynamics in wild type AM2TM and three isotopologues (Val27*, Ala30*, and 

Gly34*), where * indicates backbone labeling with a single 13C18O. These experiments revealed 

subpicosecond and conformation-dependent water movement in specific residues of the AM2 
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proton channel, but definitive assignments were complicated by underlying aspartic acid modes 

(Asp24 and Asp44). 

There are still many unanswered questions regarding proton conduction through AM2TM. 

For example, the origin of the novel feature at ~1630 cm -1 is still not well understood. This likely 

arises from either the highly-conserved His37 proton sensor, Trp44 gate, or both. To address this 

question, future studies will mutate these residues systematically to examine if this feature persists. 

Since both residues are crucial for the proton conduction through the M2 channel, experimental 

conditions (i.e., detergent type, pH, etc.) will need to be reestablished to ensure the conformational 

dependence is retained. If these conditions hold, H37G and W44Y mutants will then be 

characterized with 2D IR and compared to our previous findings. 

Additionally, it is still not well understood how water transiently and selectively moves 

throughout the M2 channel. It is well-established that water molecules accommodated in ion 

channels facilitate critical interactions.18–20 Thus, transient water movement along the M2 channel 

is an essential piece of the puzzle to AM2TM’s selectivity. Underlying sidechain absorptions from 

aspartic acid residues (Asp24 and Asp44) overlap significantly with the 13C18O-edited amide I’ 

backbones, complicating spectral interpretation. Mutating these residues is an option, but these 

changes impart structural and functional differences from the wild type peptide. Therefore, future 

2D IR experiments will utilize additional labeling procedures to separate the sidechain signatures 

from the critical pore-lining residues (Val27*, Ala30*, and Gly34*). The carboxylate groups of 

Asp24 and Asp44 will be isotopically labeled  to shift their sidechains below 1550 cm-1, leaving 

behind only the signatures from the individual backbone-labeled residues. 2D IR waiting time 

studies on the backbone- and sidechain-labeled M2 samples will be conducted to investigate local 

water dynamics in the inward open and closed states. The M2 channel with bound amantadine will 
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also be examined through 2D IR waiting time experiments to reveal how the drug alters local water 

interactions. Future 2D IR studies will compare these findings to the S31N mutant, which is 

amantadine-resistant. Additionally, different combinations of isotopes (13C, 18O, 15N) can be 

incorporated into single aspartic acid residues to simultaneously investigate the transitory water 

dynamics at the pore termini, which has yet to be illuminated. 
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Appendix 1. Supporting Information for Chapter 3 

A1.1 Materials and Experimental Methods 

A1.1.1 General information 

 All reagents were used as purchased, excluding the modifications made to L-alanine and 

L-glycine (1-13C), as described in the 9-fluorenylmethoxycarbonyl (Fmoc) protection and 18O-

exchange reaction sections. Fmoc-protected amino acids, Oxyma, and Rink Amide ProTide resin 

(high-loading, 0.70 meq/g) were purchased from CEM. Isotope reagents, including L-alanine (1-

13C, 99%), L-glycine (1-13C), and 18O-H2O (98% enriched), were purchased from Cambridge 

Isotope Laboratories. Piperazine and N-Methylacetamide (NMA) were purchased from Alfa 

Aesar. N,N'-Diisopropylcarbodiimide (DIC), N-Methyl-2-pyrrolidone (NMP), and N-(9-

Fluorenylmethoxycarbonyloxy)succinimide (Fmoc-Osu) were purchased from Oakwood 

Chemical. Sodium deuteroxide (NaOD, 30 wt. %), deuterium chloride (DCl, 20 wt. %), 

triisopropyl silane (TIPS), and 2,2,2-trifluoroethanol (TFE, 99.8% extra pure) were purchased 

from Acros Organics. Sodium bicarbonate (NaHCO3), potassium bisulfate (KHSO4), 

dimethylformamide (DMF), diethyl ether, acetone, acetonitrile, hydrochloric acid (12.1 N), and 

methanol were purchased from Fisher. All other reagents were purchased from Sigma Aldrich. 

A1.1.2 Peptide synthesis and purification 

The 12-residue model -helical peptide (MAHP, DPAEAAKAAAGR-NH2) was 

synthesized on a CEM Liberty Blue automated microwave peptide synthesizer using conventional 

9-fluorenylmethoxycarbonyl (Fmoc) solid-phase peptide synthesis (SPPS) with piperazine 

deprotection and DIC/Oxyma activation. Rink Amide ProTide resin was used as a solid support to 
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produce an amidated C-terminus. MAHP was cleaved from the resin and side-chain protecting 

groups were removed using a cleavage cocktail of 95% trifluoroacetic acid (TFA), 2.5% 

triisopropylsilane (TIPS), and 2.5% water for 3 hours. The peptide was filtered from the resin and 

the solvent was removed. The crude peptide was precipitated in ice-cold diethyl ether and further 

purified via high-performance liquid chromatography (HPLC) using an XBridge C18 preparative 

column coupled with a UV detector (215 nm). A binary solvent system of water (Solvent A) and 

90% acetonitrile in water (Solvent B) with 0.045% HCl as the counterion was used for all HPLC 

methods. A gradient of 0% Solvent A to 40% Solvent B (2% per minute) was sufficient to elute 

the peptide (~11 minutes, Figure 2A). Fractions were collected, lyophilized, and stored at -20 ℃ 

for short-term use. Isotope-labeled peptides were synthesized and purified in the same manner as 

previously described, using isotope-labeled alanine (13C and 13C18O) labeled at the C1 position 

during SPPS. L-Alanine (1-13C, 99%) was modified using the Fmoc-protection (Figure A1.1) and 

18O-exchange procedures (Figure A1.2) prior to solid-phase peptide synthesis. 

A1.1.3 Fmoc protection reaction with 13C-enriched amino acids 

The Fmoc protecting group was added to L-alanine-1-13C before peptide synthesis (Figure 

1).  This reaction was carried out on a 1-gram (10 mmol) scale using equimolar amounts of amino 

acid, Fmoc-OSu, and NaHCO3. The starting materials were combined in a 100-mL round-bottom 

(RB) flask and dissolved in 30 mL of 1:1 water/acetone mixture. The reaction stirred for 24 hours 

at room temperature, followed by quenching with 2 M KHSO4 until the solution reached pH 2 (~3 

mL). The white precipitate was washed with ~50 mL of ice-cold deionized water, collected via 

vacuum filtration, and dried via lyophilization. These washes were repeated at least 3 times to 

remove salts. The purity of the Fmoc-13C-alanine was confirmed via electrospray-ionization mass 

spectrometry (ESI-MS). Fmoc-13C-glycine was prepared in the same manner. 
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Figure A1.1 Fmoc protection of a generic 13C-C1-L-amino acid for solid-phase peptide synthesis. R 

group = CH3 for alanine and H for glycine. 
 

A1.1.4 Acid-catalyzed 18O-exchange with Fmoc-protected 13C-edited amino acids 

For 13C18O-labeled peptides, an acid-catalyzed 18O-exchange was performed with the 

Fmoc-protected 13C-alanine. This reaction was performed on a 1-gram scale using the Fmoc-

protected 13C alanine in dioxane/4 M HCl in dioxane and 18O-enriched water (Figure 2). All 

glassware was flame dried under vacuum before adding Fmoc-13C-alanine. The amino acid was 

quickly added to a 50-mL round-bottom (RB) flask and the glassware was flame dried again to 

remove residual water. The amino acid was dissolved in dioxane (8 mL) and 4 M HCl in dioxane 

(4 mL) under an atmosphere of nitrogen. The reaction mixture was heated to reflux at 150 ℃ 

(bright yellow solution) for ~30 minutes before injecting 1 mL of 18O-enriched water. The mixture 

refluxed for 4 hours at 150 ℃. After 4 hours, the solvent was removed by lyophilization. This 

procedure was repeated twice more (3 times in total) to ensure the labeling efficiency was >90% 

(determined by ESI-MS, Equation 1). 18O-enriched glycine was prepared in the same manner. 
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Figure A1.2. HCl-catalyzed 18O-exchange with generic Fmoc-13C-C1-L-amino acid. Red asterisks 

denote 18O isotopes. Both 16O-oxygens were exchanged with 18O, as they are chemically-equivalent 

during solid-phase peptide synthesis. R = CH3 for alanine and H for glycine. 

 

 

% 𝑒𝑛𝑟𝑖𝑐ℎ𝑚𝑒𝑛𝑡

=
𝐼𝑛𝑡𝑒𝑛𝑠𝑖𝑡𝑦( 𝐶13 𝑂18 𝑂18 ) +

1
2

∗ 𝐼𝑛𝑡𝑒𝑛𝑠𝑖𝑡𝑦( 𝐶13 𝑂18 𝑂)16

𝐼𝑛𝑡𝑒𝑛𝑠𝑖𝑡𝑦( 𝐶13 𝑂18 𝑂18 ) + 𝐼𝑛𝑡𝑒𝑛𝑠𝑖𝑡𝑦( 𝐶13 𝑂18 𝑂16 ) + 𝐼𝑛𝑡𝑒𝑛𝑠𝑖𝑡𝑦( 𝐶13 𝑂16 𝑂16 )
  (1) 

 

Fmoc-13C18O18O-alanine was purified by precipitation with dry, ice-cold diethyl ether. The 

first wash yielded a dark orange supernatant with a small amount of precipitate. The precipitate 

was likely an unwanted side product of  acid-catalyzed 18O-exchange (Figure 2) and was discarded. 

The dark orange supernatant was dried with compressed air and resuspended in ~10 mL of dry 

diethyl ether to precipitate the amino acid. The mixture was centrifuged at 5000 rpm for 5 minutes. 

This wash yielded a substantial amount of off-white precipitate and a yellow-orange supernatant. 

The supernatant was removed and dried with compressed air/nitrogen. The washes were repeated 

until a reasonable yield (>70%) of amino acid was achieved (4 washes total). 

A1.1.5 Sample preparation for ESI-MS characterization 

All peptides and isotope-labeled amino acids were characterized using ESI-MS on a 

ThermoFisher Scientific LTQ XL linear ion trap mass spectrometer using direct infusion mode. 

HPLC/Optima grade solvents were used to make all solutions for MS analysis. For peptide 

samples, 1 mg/mL stock solutions were prepared by dissolving the lyophilized peptide in a 70/30 
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methanol/water mixture. 10 g/mL dilutions were made from the stock solution and the same 

solvent mixture. Fmoc-13C-alanine and glycine solutions were prepared following the same 

procedure. Fmoc-13C18O18O alanine and glycine were dissolved in 100% acetonitrile instead of an 

organic/aqueous mixture to avoid significant back exchange with the 18O-enriched oxygens. 

A1.1.6 Sample preparation for 2D IR and circular dichroism experiments 

 Lyophilized MAHP was dissolved in D2O to make a ~10 mM stock solution. The stock 

solution was quantified on a Nanodrop One-C spectrometer (ThermoFisher Scientific, MA, USA). 

5 mM MAHP dilutions were prepared in D2O and TFE (if applicable) for 2D IR and CD 

measurements. The following three solvent conditions were prepared: (1) low pH (~2) without 

TFE, (2) high pH (~10) without TFE, and (3) high pH (~10) with 40% TFE (v/v). The solution pH 

was adjusted using small aliquots (~0.20 L) of NaOD and/or DCl stocks. For the high helicity 

condition (high pH with 40% TFE by volume), the pH of the peptide solution was adjusted, 40% 

TFE (v/v) was added, and the pH was measured again to ensure the acid did not cause a significant 

(<1 unit) drop in pH. 

The peptide solutions were gently vortexed and incubated at room temperature for at least 

an hour before 2D IR and CD measurements. For 2D IR experiments, a small aliquot (~10 L or 

less) of peptide solution was placed between two CaF2 windows (Crystran, UK) separated by a 50-

m Teflon spacer. The sample cell was placed in the spectrometer box purged with dry, 

compressed air to avoid hydrogen exchange from ambient water vapor. For CD experiments, ~40 

L of the stock solution was placed between two 0.1-mm quartz windows (Starna Cells, CA, 

USA). 
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A1.1.7 Peptide quantification 

All peptide solutions were quantified using a NanoDrop One-C spectrophotometer 

(ThermoFisher Scientific, MA, USA). All peptides were quantified at 205 nm. The molar 

extinction coefficient of MAHP at 205 nm was estimated by accounting for backbone residues and 

sidechains that absorb ultraviolet radiation at this wavelength (for a 1-cm pathlength at 205 nm, 

=31,930 M-1cm-1 or 28.36 mg/mL).1 Peptide solutions were quantified in triplicate and the 

average concentration was recorded. 

A1.1.8 2D IR measurements 

A detailed description of 2D IR data collection and processing methods are described 

elsewhere.2 Briefly, 800-nm pulses (7 mJ, 1 kHz, 60 fs) were generated by a Ti:sapphire oscillator 

and amplified with a neodymium-doped yttrium orthovanadate (Nd:YVO4)-pumped regenerative 

amplifier (Solstice Ace, Spectra Physics, CA, USA). The 800-nm pulses were directed into a 50/50 

beam splitter, where half the beam was sent into an optical parametric amplifier (TOPAS-Prime, 

Spectra Physics, CA, USA) coupled with difference frequency generation (DFG) to produce 6-m 

pulses (30 J, 1 kHz, 70 fs). The mid-IR light was directed into a commercial 2D IR spectrometer 

(2DQuick IR, PhaseTech Spectroscopy Inc., WI, USA) and split into pump (90%) and probe (10%) 

lines. The pump line was passed through a germanium acousto-optic modulator (Ge AOM) pulse-

shaper to generate pairs of pump pulses with varying time delays between them. The pump and 

probe pulses were overlapped at the sample to generate the signal. The signal was directed into a 

monochromator and dispersed onto a mercury cadmium telluride (MCT) array detector (Princeton 

Instruments, NJ, USA). The data was collected using QuickControl Software (PhaseTech 
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Spectroscopy Inc., WI, USA) and further processed using a custom MATLAB script. Adobe 

Illustrator software was used to process final 2D IR spectra. 

Prior to 2D IR measurements, the MCT array was calibrated with a 4-nitrobenzaldhyde 

(4NBA, 500 mM in toluene) standard. 4NBA (~300 mM in toluene) absorbs IR radiation at 1535 

cm-1, 1605 cm-1, and 1711 cm-1, which spans the isotope and amide I’ spectral regions. The probe 

spectrum of the calibrant was collected and the pixels were matched to the absorption minima. 

Calibration with small molecules standards like 4NBA minimizes variations in the data collected 

over various months. Additionally, while ambient water vapor can also be used to calibrate the 

detector, small-molecule calibrants are more robust because they are invariant to ambient humidity 

variations. 

A1.1.9 Circular dichroism measurements 

 All CD measurements were collected on a J-810 CD spectropolarimeter (Jasco, MD, USA). 

The instrument was purged with N2(g) to prevent damage to the optics. Spectra were collected 

from 190–260 nm in 1-nm increments. All measurements were collected at 24 oC, 100 mdeg 

sensitivity, and a scan rate of 100 nm per minute. Three spectra were collected for each sample 

and solvent blank, which were averaged and smoothed in Microsoft Excel. Additional post-

processing was completed with MATLAB and Adobe Illustrator software. The CD signal was 

converted from millidegrees to mean residue ellipticity (Equation 2) and compared to the 

theoretical value of a perfectly helical peptide (Equations 3 and 4).3,4 

[] (
𝑑𝑒𝑔 ∗ 𝑐𝑚2

𝑑𝑚𝑜𝑙
) =

 (mdeg)

𝑙(𝑐𝑚) ∗ 𝐶 (
𝑚𝑜𝑙

𝐿
) ∗ 𝑁(#)

                                  (2) 
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[]𝐻 = −40,000 ∗ (1 −
2.5

𝑁
) + 100 ∗ 𝑇                                                (3) 

% ℎ𝑒𝑙𝑖𝑐𝑖𝑡𝑦 =
[]

[]𝐻,
∗ 100                            (4) 

 

A1.2 Supplementary Data 

 

 

 

Figure A1.3. Characterization of 13C and 13C18O18O-labeled alanine. Mass spectrum of (A) Fmoc-
13C-alanine, where m/z 335.08 corresponds to the Na+ adduct, and (B) Fmoc-13C18O18O-alanine, where 

m/z 339.16 and 355.08 correspond to the Na+ and K+ adducts, respectively. 
 

 

 

 
Figure A1.4. Purification and characterization of unlabeled model peptide. Chromatogram (A) and 

corresponding mass spectrum (B) for unlabeled MAHP (molecular weight = 1126 g/mol). The peaks at 

m/z 1127 and 563.9 corresponds to the 1+ and 2+ protonated charge states of MAHP, respectively. 
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Figure A1.5. Purification and characterization of MAHP isotopologues.  Chromatograms (A, C, and 

E) and corresponding mass spectra (B, D, and F) for labeled peptides (LS1, LS2, and LS3, respectively). 

All peptides eluted at ~10 minutes after they were injected onto the C18 column. The 1+ and 2+ protonated 

charge states were observed for all labeled peptides corresponding to the correct molecular weight.  
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Figure A1.6. Supplementary 2D IR spectra for small-molecule solvatochromism study with TFE. 

Model compounds (A, B) NMA, (C, D) NMP, (E, F) Arg, and (G, H) Asp without and with 40% TFE 

(v/v) added. Diagonal frequency shifts ~5–6 cm-1 in the presence of TFE. 
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Figure A1.7. FTIR measurements corroborate TFE-induced blueshift in NMA frequency. FTIR 

spectra of neat NMA in D2O (68 mM) exhibits an amide transition centered at 1623 cm-1 (red, orange, 
and yellow traces). A blueshift in NMA’s frequency to 1629 cm-1 was observed upon addition of 40% 

TFE (v/v) (green, blue, and purple traces). 

 

 

 

 

Figure A1.8. FTIR measurements verify cosolvent-induced blueshift in NMP frequency. FTIR 

spectra of neat NMP in D2O (60 mM) exhibits consistent transition centered at 1643 cm-1 (red, orange, 
and yellow traces). A blueshift in NMP’s frequency to 1649 cm-1 was observed upon addition of 40% 

TFE (v/v) (green, blue, and purple traces). 
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Table A1.1 Solvatochromatic effects of TFE on model peptide-like compounds 

Model Compound % TFE (by volume) Average Frequency (cm-1) Average Shift (cm-1) 

NMA 
0 1623 +6 

40 1629 

NMP 
0 1643 +6 

40 1649 

Arginine 
0 1624 +6 

40 1630 

Aspartic Acid 
0 1611 +5 

40 1616 
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Figure A1.9. Quantifying peptide -helicity as a function of solvent conditions. Unlabeled MAHP 
helicity increases with pH and the addition of TFE according to CD spectroscopy. An increase in pH 

from 3–10 resulted in an increase in peptide helicity (solid lines, 8.13%–25.13%). The addition of 40% 

TFE (by volume) further enhanced the peptide’s helicity with increasing pH (dashed lines, 43.83%–

61.48%). *Equivalent to Figure 3.2 in the main text. 
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Figure A1.10. Monitoring structural changes induced by pH and 40% TFE (v/v) through 2D IR 

frequency shifts. A redshift in the amide I’ frequency is observed as the pH increased (A–C). The 

addition of 40% TFE (by volume) induces a larger redshift in the amide I’ mode (D–F). The 
solvatochromic effect of TFE is discussed in detail in the main text.  
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Figure A1.11. Perpendicular 2D IR spectra of double 13C18O-edited peptides at high helicity 

condition. MAHP labeled with 13C18O probe pairs at residues (A) A3A6, (B) A5A8, and (C) A8G11. In 

each spectrum, no crosspeaks were observed between the labeled and main amide I’ mode.  

 

 

 

 

 

Figure A1.12. Perpendicular 2D IR spectrum of MAHP LS3 (mixed 13C and 13C18O) at 

intermediate helicity condition. No crosspeaks were detected between the two labeled isotopic 
transitions at the intermediate helicity condition.  
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Figure A1.13. Comprehensive 2D IR spectra of unlabeled MAHP under each solvent condition 

used for intensity ratio calculations. MAHP under (A–C) low, (D–F) intermediate, and (G–I) high 

helicity solvent conditions. Minimum intensity values used in calculations are listed in Table A1.2. 
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Figure A1.14. Comprehensive 2D IR spectra of single-labeled A5 MAHP under each solvent 

condition used for intensity ratio calculations. A5 MAHP under (A–C) low, (D–F) intermediate, and 

(G–I) high helicity solvent conditions. Corresponding intensity values are listed in Table A1.3. 
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Figure A1.15. 2D IR spectra of double 13C18O-labeled A3A6 MAHP under each solvent condition 

used for intensity ratio calculations. A3A6 MAHP under (A–C) low, (D–F) intermediate, and (G–I) 

high helicity solvent conditions. Corresponding intensity values are listed in Table A1.4. 
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Figure A1.16. Comprehensive 2D IR spectra of double 13C18O-edited A5A8 MAHP under 

optimized solvent conditions used for intensity ratio comparisons. MAHP A5A8 isotopomer at (A–

C) low, (D–F) intermediate, and (G–I) high helicity solvent conditions. Corresponding intensity values 
are listed in Table A1.5. 
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Figure A1.17. All 2D IR spectra of double 13C18O-labeled A8G11 MAHP under each solvent 

condition used for intensity ratio calculations. A8G11 MAHP under (A–C) low, (D–F) intermediate, 

and (G–I) high helicity solvent conditions. Corresponding intensity values are listed in Table A1.6. 

  



166 
 

Table A1.2 Signal strength comparison of sidechain to amide I’ mode for unlabeled MAHP 

Solvent Condition 
Reference 

Spectrum 

Amide I’ 

Intensity 

SC / IL 

Intensity 

Intensity 

Ratio (%) 

Average 

Intensity 

Ratio (%) 

Low pH, no TFE 

A1.13, A -0.0409765 -0.00333121 8.1 

7.0  1.4 A1.13, B -0.0419162 -0.00227966 5.4 

A1.13, C -0.102823 -0.00752702 7.3 

High pH, no TFE 

A1.13, D -0.0257806 -0.00417583 16.2 

15.8  3.2 A1.13, E -0.0556773 -0.0104532 18.8 

A1.13, F -0.0805287 -0.00969614 12.0 

High pH, 40% TFE (v/v) 

A1.13, G -0.061468 -0.0103226 16.8 

18.2  5.2 A1.13, H -0.112093 -0.015577 13.9 

A1.13, I -0.110395 -0.0264468 24.0 
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Table A1.3 Signal strength comparison of low-frequency to amide I’ mode for A5 MAHP 

Solvent Condition 
Reference 

Spectrum 

Amide I’ 

Intensity 

SC / IL 

Intensity 

Intensity 

Ratio (%) 

Average 

Intensity 

Ratio (%) 

Low pH, no TFE 

A1.14, A -0.104994 -0.0103601 9.9 

15.1  4.3 A1.14, B -0.039532 -0.00804571 20.4 

A1.14, C -0.0500183 -0.0075983 15.2 

High pH, no TFE 

A1.14, D -0.0895657 -0.0186268 20.8 

37.0  11.8 A1.14, E -0.0447408 -0.0184542 41.2 

A1.14, F -0.0375706 -0.0183449 48.8 

High pH, 40% TFE (v/v) 

A1.14, G -0.136546 -0.0277935 20.4 

34.7  11.1 A1.14, H -0.0499752 -0.0182188 36.5 

A1.14, I -0.0457998 -0.021667 47.3 
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Table A1.4 Signal strength comparison of low-frequency to amide I’ mode for A3A6 MAHP 

Solvent Condition 
Reference 

Spectrum 

Amide I’ 

Intensity 

SC / IL 

Intensity 

Intensity 

Ratio 

(%) 

Average 

Intensity 

Ratio (%) 

Low pH, no TFE 

A1.15, A -0.0306391 -0.00986792 32.2 

33.6  9.4 A1.15, B -0.0601529 -0.0137586 22.9 

A1.15, C -0.0558441 -0.0255479 45.7 

High pH, no TFE 

A1.15, D -0.0185848 -0.0161305 86.8 

103.4  11.7 A1.15, E -0.0475488 -0.053132 111.7 

A1.15, F -0.0460252 -0.0513296 111.5 

High pH, 40% TFE (v/v) 

A1.15, G -0.0437578 -0.0279592 63.9 

66.4  9.5 A1.15, H -0.0252376 -0.0142072 56.3 

A1.15, I -0.0658208 -0.0520858 79.1 
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Table A1.5 Signal strength comparison of low-frequency to amide I’ mode for A5A8 MAHP 

Solvent Condition 
Reference 

Spectrum 

Amide I’ 

Intensity 

SC / IL 

Intensity 

Intensity 

Ratio (%) 

Average 

Intensity 

Ratio (%) 

Low pH, no TFE 

A1.16, A -0.0272617 -0.00997091 36.6 

34.3  3.1 A1.16, B -0.0232173 -0.00842695 36.3 

A1.16, C -0.0512339 -0.01533512 30.0 

High pH, no TFE 

A1.16, D -0.0216698 -0.0184578 85.2 

79.1  7.7 A1.16, E -0.0183814 -0.0154162 83.9 

A1.16, F -0.0382742 -0.0261437 68.3 

High pH, 40% TFE (v/v) 

A1.16, G -0.0390891* -0.021818* 55.8* 

116.2  2.9 A1.16, H -0.0164337 -0.0186122 113.3 

A1.16, I -0.0346594 -0.0412963 119.1 

*Asterisk denotes outlier (Grubb’s test) and was omitted from average ratio calculation. 
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Table A1.6 Signal strength comparison of low-frequency to amide I’ mode for A8G11 MAHP 

Solvent Condition 
Reference 

Spectrum 

Amide I’ 

Intensity 

SC / IL 

Intensity 

Intensity 

Ratio (%) 

Average 

Intensity 

Ratio (%) 

Low pH, no TFE 

A1.17, A -0.0699669 -0.011792 16.9 

18.9  1.5 A1.17, B -0.0332828 -0.00678339 20.4 

A1.17, C -0.0352358 -0.00690865 19.6 

High pH, no TFE 

A1.17, D -0.0573457 -0.016404 28.6 

51.2  16.1 A1.17, E -0.0347388 -0.0209255 60.2 

A1.17, F -0.0348736 -0.022595 64.8 

High pH, 40% TFE (v/v) 

A1.17, G -0.0556688 -0.0120884 21.7 

35.9  10.1 A1.17, H -0.306972 -0.13148 42.8 

A1.17, I -0.307934 -0.133335 43.3 
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