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CHAPTER 1 

 

1. Introduction 

 

Microtubules are dynamic polymers found in all eukaryotic cells. They are one 

of the major components of the cytoskeleton and are essential for a number of 

dynamic cellular processes; from forming the mitotic spindle and axoneme, to acting 

as tracks for molecular motors to facilitate intracellular transport. The dynamic nature 

of the polymer facilitates formation of architectures which are necessary for the cellular 

processes the microtubule network supports. In the absence of microtubules, cells 

suffer from defects in spindle formations, cell cycle arrest, and eventually cell death 

(Strome et al., 2001)(Hannak et al., 2002)(Yuba-Kubo et al., 2005).  

Microtubules are stiff, hollow tubes typically containing 13 protofilaments that 

are formed through self-assembly of αβ-tubulin heterodimers that join longitudinally in 

a head-to-tail fashion (Figure 1)(Tilney et al., 1973)(Margolis and Wilson, 1978)(Desai 

and Mitchison, 1997). This arrangement results in structurally distinct polymer ends, 

with α-tubulin exposed at one end (termed the minus end), and β-tubulin exposed at 

the other (termed the plus end) (Fan et al., 1996)(Nogales et al., 1999). The 

biochemical and structural polarity is fundamental to microtubule function and 

dynamics. It is typically thought that microtubule minus ends are anchored to 

microtubule organizing centers (MTOCs), while the plus ends are free to explore the 
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cytoplasm, however this is not always the case. Some microtubule-associated 

molecular motors recognize the structural polarity of microtubules and use it as a 

directional signal. Microtubule-associated proteins (MAPs) can differentially regulate 

microtubule dynamics at the two ends, helping to change the overall microtubule 

architecture. While the basic mechanism underlying dynamic instability has been 

identified, many of the observed impacts MAPs have on dynamics are not explained 

within this simple model. Thus, despite being an intrinsic property of microtubules, 

dynamic instability is not fully understood. In order to understand how MAPs can 

change microtubule dynamics in order to regulate microtubule organization and 

function, we must understand all of the characteristics of microtubules that play a role 

in defining its stability. 

 

Figure 1. Schematic of the microtubule polymer structure. Microtubules 

are built out of tubulin heterodimers that polymerize head-to-tail, where β-

tubulin is exposed at the plus end and α-tubulin is exposed at the minus 

end. 



 3 

 

1.1. The microtubule network adapts distinct architectures in support of its 

cellular functions 

Microtubule dynamics are regulated both spatially and temporally to 

dramatically change the overall microtubule architectures in cells. There are two major 

types of microtubule networks, centrosomal and noncentrosomal arrays. While arrays 

can be classified broadly into these two types, there are many cell-type-specific arrays 

that are essential for proper cellular functions (Figure 2). The regulation of microtubule 

dynamics at an individual microtubule level is required to drive the formation, and 

evolution, of these larger architectures to adapt to the needs of the cell. 

 

1.1.1. Centrosomal arrays 

Centrosomal microtubule arrays, found in many cell types such as 

mesenchymal cells, form when the centrosome, or spindle pole body, is the major 

microtubule organizing center (MTOC) and microtubules nucleate radially towards the 

cell cortex. Microtubules nucleate from microtubule nucleation complexes such as the 

g-tubulin ring complex (g-TURC), the most abundant nucleator in mammalian cells, 

with microtubule minus ends attached and the plus ends free to explore the cytoplasm 

(Martin and Akhmanova, 2018) (Liu et al., 2021). De novo nucleation and elongation 

are not an energetically favorable process, thus microtubule nucleation complexes, 

and their associated regulatory factors, help overcome this energy barrier by providing 
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templates for microtubule nucleation (Zheng et al., 1995)(Moritz et al., 2000)(Aldaz et 

al., 2005)(Kollman et al., 2010)(Roostalu and Surrey, 2017)(Liu et al., 2021). The a-

tubulin of an incoming ab-dimer binds head-to-tail off of the 13-protofilament template 

to begin polymerization (Aldaz et al., 2005) (Kollman et al., 2010). The placement of 

these complexes is a mechanism employed by the cell to regulate microtubule 

organization (Kollman et al., 2011). The location of g-TURC complexes move 

throughout the cell cycle with the centrosomes, even increasing in number at the onset 

of mitosis, suggesting cell cycle dependent regulation of MTOCs and regulatory 

proteins (Khodjakov and Rieder, 1999). Although the microtubule network 

dramatically reorganizes throughout the cell cycle and specifically at the onset of 

mitosis, these shape changes are all still centered around centrosomal microtubule 

arrays. While the centrosome is the major MTOC in centrosomal microtubule arrays, 

microtubules are also nucleated from other MTOCs located throughout the cell. Other 

MTOCs during mitosis include the spindle microtubules themselves, kinetochores, 

and around the chromatin (Heald et al., 1996)(Maiato et al., 2004)(Petry et al., 2013). 

In interphase cells, it is now well established that the nuclear envelope, Golgi, and 

plasma membrane can serve as MTOC locations (Tassin et al., 1985)(Mogensen and 

Tucker, 1987)(Chabin-Brion et al., 2001)(Efimov et al., 2007). It is when these MTOCs 

overtake nucleation, compared to the centrosome, that the formation of 

noncentrosomal arrays dominates. 
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Figure 2: Cartoon of different microtubule arrays. Microtubules are in 

black, nuclear material in blue, centrosomes in red, Golgi apparatus in 

grey, and cell membrane in purple. 

 

1.1.2. Noncentrosomal arrays 

Noncentrosomal arrays are found in many cell types including plant cells, blood 

cells, polarized epithelial cells, and neurons. Noncentrosomal microtubule arrays can 

be formed in cells that contain centrosomes, just the centrosomes are not the primary 

location of microtubule nucleation in the cell. Similar to centrosomal arrays, nucleation 

of microtubules in noncentrosomal arrays occurs from nucleation complexes such as 

the g-TURC and is regulated by a number of accessory proteins (Petry and Vale, 

2015). MTOCs that form noncentrosomal arrays include the plasma membrane, the 

Golgi, and frequently the microtubule networks itself. It is important to note that as 

mentioned above, cells with centrosomal arrays will still have a subpopulation of 

microtubules that are nucleated from other MTOCs. Despite centrosomes being the 
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classic MTOC example, these other arrays are equally important for a number of 

essential cellular processes. The nucleation of Golgi-derived microtubules is highly 

regulated (Sanders and Kaverina, 2015). They can help direct cell migration, regulate 

insulin secretion, and help define overall cell and Golgi morphology (Efimov et al., 

2007)(Ori-McKenney et al., 2012)(Zhu et al., 2015). Moreover, the cortical microtubule 

network in plants is highly organized and responsive to environmental cues (Cyr, 

1994). Similarly, during differentiation, mesenchymal cells undergo a transition where 

the microtubule networks are reorganized into polarized noncentrosomal microtubule 

arrays (Datta et al., 2021).  

Many general pathways needed to elicit these changes are known, however, 

the exact mechanisms that facilitate the spaiotemporal regulation of MTOCs are not 

well understood. The formation and regulation of these imperative microtubule 

networks is an area of active research in the field and it is already known that 

regulation of microtubule dynamics plays a significant role in defining these networks. 

Uncovering the keys to regulation of microtubule dynamics will contribute to 

understanding the mechanisms driving reorganization of microtubule arrays. 

 

1.2. The GTP-cap model describes microtubule dynamic instability 

Ever since it was first observed, the mechanisms behind microtubule dynamics 

have fascinated researches. Microtubules display dynamic instability, the ability of 

individual microtubules to stochastically switch between phases of growth and 
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shrinkage (Figure 3)(Walker et al., 1988). Dynamic instability is an intrinsic property 

of tubulin. While many key principles of dynamic instability have been identified, some 

fundamentals of the process are still not understood.  

 

 

Figure 3. Microtubules undergo dynamic instability. Dynamic instability 

is characterized by stochastic periods of microtubule growth and shrinkage. 

During growth, GTP-tubulin dimers add onto the microtubule end. Shortly 

after incorporation, GTP hydrolyzes into GDP, creating a lattice of GDP-

tubulin. The difference between the growth and GTP hydrolysis rate 

produces a GTP-cap at the growing end. Loss of this cap results in a 

catastrophe event and the microtubule switching to a phase of shrinkage. 

Transition from shrinkage to growth is a rescue. 

 

1.2.1. Microtubule dynamics require GTP hydrolysis 

The building block of microtubules, tubulin, is a GTPase, thus having the ability 

to bind and hydrolyze GTP. While both α- and β-tubulin bind GTP, only the nucleotide 
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associated with β-tubulin undergoes hydrolysis (Jacobs et al., 1974)(Kobayashi, 

1975)(Weisenberg et al., 1976)(David-Pfeuty et al., 1977). GTPase activity in tubulin 

requires completion of the catalytic site, which occurs when an adjacent α-tubulin from 

another dimer provides an essential residue to β-tubulin (Nogales et al., 1998). The 

catalytic site of α-tubulin can never be completed because the essential residue 

needed from β -tubulin is missing, indicating why hydrolysis cannot occur in the α-

tubulin subunit within a heterodimer (Löwe et al., 2001). For this reason, GTP 

associated with β-tubulin is considered to be in the exchangeable site, while GTP 

associated with α-tubulin is in the non-exchangeable site.  Therefore, the nucleotide 

state of a tubulin dimer refers to the nucleotide state of the β-subunit. 

In order to grow, αβ-tubulin heterodimers associated with GTP add on to 

microtubule ends (Figure 3)(Maccioni and Seeds, 1977). Once a dimer is 

incorporated, GTP in the β-subunit undergoes hydrolysis and phosphate release, 

resulting in a microtubule lattice of GDP-tubulin dimers (Linse and Mandelkow, 

1988)(Carlier et al., 1989). Hydrolysis does not occur instantaneously but after a 

delay, resulting in a ‘cap’ of GTP-tubulin dimers at the growing end (Carlier and 

Pantaloni, 1981). This GTP-cap is stabilizing, protecting a growing microtubule from 

undergoing a catastrophe event and switching into a phase of rapid shrinkage (Hyman 

et al., 1992)(Caplow and Shanks, 1996). This GTP-cap model of dynamic instability 

provides an explanation for the observed characteristics of microtubule dynamics, the 

ability of individual microtubules to stochastically switch between phases of growth 

and shrinkage through transitions known as catastrophe and rescue (Mitchison and 

Kirschner, 1984). This unique microtubule behavior is the result of GTP hydrolysis. 
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Hydrolysis induces a number of conformational changes within the tubulin dimer, 

resulting in a lattice of unstable GDP-tubulin (Alushin et al., 2014)(Zhang et al., 2015). 

It is thought that these structural changes introduce strain into the microtubule lattice 

that is released upon depolymerization. 

 

1.2.2. A lattice of GTP-tubulin is stable and protective, while one of GDP-tubulin is 

unstable 

Soon after the proposal of the GTP-cap model by Mitchison & Kirshner, 

microtubule dynamics at the level of individual microtubules were observed thanks to 

the use of dark field and video-enhanced DIC (differential interference contrast) 

microscopy (Horio and Hotani, 1986). These methods were utilized to perform a 

number of pivotal experiments to support the claim that GTP-tubulin is stable and 

protective in polymer form while GDP-tubulin is unstable. First, microtubules 

polymerized with a slowly hydrolysable analogue of GTP, GMPCPP, are stable 

against catastrophe, indicating that hydrolysis is needed for dynamics, but not 

polymerization (Hyman et al., 1992). Second, severing microtubules in the middle of 

the lattice, using either UV-laser or a microneedle, results in rapid depolymerization 

from the site of severing, suggesting that the GDP-lattice is unstable and when 

exposed, cannot protect itself against catastrophe (Walker et al., 1989)(Tran et al., 

1997). Third, dilution of soluble tubulin dimers during growth results in microtubule 

catastrophe and rapid depolymerization, but only after a small portion of the tip slowly 

shrinks (Walker et al., 1991)(Duellberg et al., 2016). Finally, the presence of a single 
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layer of GTP-tubulin is sufficient to protect a microtubule against catastrophe (Caplow 

and Shanks, 1996). These results support the conclusion that while GDP-tubulin is 

not stable in polymer form, GTP-tubulin is, and has the ability to protect microtubules 

against depolymerization. 

 

1.2.3. The GTP-cap model predicts slow dynamic, or fast persistent growth 

The GTP-cap is the result of the balance between GTP-tubulin addition, the 

microtubule growth rate, and the GTP hydrolysis rate. Thus, a faster growing 

microtubule is expected to have a larger GTP-cap, while a slower growing microtubule 

will have a smaller GTP-cap (Figure 4). This is under the assumption that the GTP 

hydrolysis is constant, and is not coupled to the microtubule growth rate. While there 

have been estimations of the GTP hydrolysis rate, it is still unknown what the GTP 

hydrolysis rate at the level of an individual microtubule is, and if this rate is coupled to 

the microtubule growth rate (O’Brien et al., 1987)(Flyvbjerg et al., 1996)(Bowne-

Anderson et al., 2013). Due to the protective nature of the GTP-cap, it is predicted 

that a larger GTP-cap results in a more protected microtubule, whereas a smaller 

GTP-cap results in a less protected microtubule, as it is more likely to lose its cap and 

undergo a catastrophe (Figure 4)(Mitchison and Kirschner, 1984). There are many 

reports that increasing microtubule growth rate correlates with increased microtubule 

stability (Walker et al., 1988)(Drechsel et al., 1992)(Gardner et al., 2011b). However, 

confirming the prediction that a larger GTP-cap correlates with increased lifetime was 

not possible for decades because visualizing the GTP-cap on live microtubule is 
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presents many challenges (discussed in more detail in Chapter 6). It wouldn’t be until 

a proxy for the GTP-cap on dynamic microtubules was determined that the correlation 

between GTP-cap size, microtubule growth rate, and stability could be elucidated.  

The ability to measure these three parameters on dynamic microtubules has facilitated 

investigations into how robust this correlation is, and how other proteins that interact 

with microtubules could alter it. 

 

Figure 4: The GTP-cap model predicts slow dynamic growth, or fast 
persistent growth. Schematic kymographs of dynamic plus and minus 

microtubule ends growing off of stabilized seeds (black line). Microtubule 

end position is indicated by the grey line and GTP-cap size is depicted in 

yellow. 

 

1.3. Microtubule associated proteins 

In cells there is a myriad of microtubule associated proteins (MAPs) that tune 

and regulate microtubule dynamics. MAPs can be very broadly categorized into two 



 12 

major categories based on their impact on microtubules; stabilizers or destabilizers 

(Goodson and Jonasson, 2018). Proteins can be further classified based on their 

specific function, localization, or shared domain structure. MAPs encompass one 

group of microtubule binding proteins (MTBP), while other groups interact with 

microtubules but do not directly affect microtubule dynamics. These include nucleation 

complexes, molecular transport motors, microtubule bundlers, and intracellular 

transport roadblocks. Certain MAPs have the ability to recognize and target specific 

structures within the microtubule lattice, such as the nucleotide state of tubulin, or 

differentially regulate the two microtubule ends. This very diverse set of microtubule 

regulators has the ability to define and regulate microtubule networks, allowing them 

to be as dynamic, or stable, as required for their function. 

 

1.3.1. Stabilizers 

 Microtubule stabilizers are classified as proteins that positively impact 

microtubule growth, either by promoting growth or inhibiting shrinkage. Stabilization 

of the polymer can occur through two major mechanisms; it can manifest as increasing 

microtubule growth rate, or, decreasing the rate of depolymerization and increasing 

the microtubule’s ability to live through pausing events. Microtubule polymerases are 

proteins that promote faster elongation. The most well-known microtubule polymerase 

is XMAP215, which is a potent polymerase conserved across species (Vasquez et al., 

1994). Details on the mechanisms of action driving XMAP215 can be found in Chapter 

5, however in brief, XMAP215 is a processive polymerase that uses an array of 
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tubulin-binding TOG (tubulin overexpressed gene) domains to increase microtubule 

growth rate. In addition to increasing growth rates, two other polymerases, Kinesin-5 

and CKAP2, simultaneously decrease catastrophe frequency (Chen and Hancock, 

2015)(McAlear and Bechstedt, 2022). It is hypothesized that Kinesin-5 does this by 

stabilizing lateral interactions between protofilaments, thus holding the polymer 

together (Chen and Hancock, 2015). The EB protein family has an overall stabilizing 

effect as a result of the recruitment and action of other proteins it brings to the 

microtubule end. While EB1 can mildly increase microtubule growth rate and 

catastrophe frequency in vitro, because depletion of EB results in decreased stability 

in cells, it is considered to have an overall stabilizing effect (Tirnauer et al., 2002)(Vitre 

et al., 2008). Some polymerases, such as XMAP215, are also considered to be 

nucleation factors because they promote either templated or de novo microtubule 

nucleation (Roostalu and Surrey, 2017). There are a number of proteins that can 

associate with nucleating complexes, such as gTURC, to promote/enhance 

microtubule nucleation. Some of these include TPX2, CAMSAP, and CLASP. All of 

these proteins are thought to promote growth by stabilizing lateral and/or longitudinal 

interactions between dimers within the microtubule polymer (Zhang et al., 

2017)(Atherton et al., 2017)(Majumdar et al., 2018).  

 Other types of stabilizers do not promote microtubule growth, but inhibit 

shrinkage by increasing rescue frequency, decreasing catastrophe frequency, or 

decreasing shrinkage rate. Thus, it is possible for MAPs to have his stabilizing effect 

on microtubule dynamics without significantly impacting the microtubule growth rate 

(Roostalu et al., 2015)(Lawrence et al., 2018). The CLASP family of proteins decrease 
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the frequency of catastrophe and increase the frequency of rescue, overall promoting 

microtubule lifetime (Lawrence et al., 2018)(Aher et al., 2018)(Lawrence et al., 2020). 

TPX2 has been shown to decrease catastrophe frequency and the rate of shrinkage 

(Roostalu et al., 2015). Tau is a thin unstructured protein that binds between 

protofilaments through electrostatic interactions to sterically stabilize microtubules 

(Ramirez-Rios et al., 2016).  Some of the first MAPs identified were MAP2 and MAP4, 

both of which stabilize the microtubule lattice similarly to tau (Dehmelt and Halpain, 

2004). Stathmin blocks the ends of protofilaments, decreasing the overall catastrophe 

frequency and increasing the time microtubules spend in a pause state (Gupta et al., 

2013). All of these proteins listed, and others, have the intrinsic ability to stabilize 

microtubules and play an important role in regulating the microtubule network in cells. 

Their stabilization of microtubules is often counteracted by destabilizers, resulting in 

a very dynamic microtubule network.  

 

1.3.2. Destabilizers 

There are many families of destabilizers, each defined by their overall function 

and mechanism, but a commonality is that they all have the ability to promote 

microtubule shrinkage. Destabilizers can be broadly subcategorized as 

depolymerases or severing enzymes. MCAK is a kinesin-13 motor protein that uses 

its ATPase activity to pull tubulin dimers off protofilament ends, thus increasing 

catastrophe frequency (Moores and Milligan, 2006). Kip3 is a kinesin-8 that uses its 

ATPase activity to walk to the microtubule end and promote catastrophe (Gardner et 
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al., 2011b). It is hypothesized that depolymerase activity of both motors is mediated 

by them tightly binding to conformations of tubulin dimers found at the microtubule 

end (Mulder et al., 2009)(Asenjo et al., 2013)(Arellano-Santoyo et al., 2017). Another 

class of MAPs that destabilize microtubules by pulling tubulin dimers out are severing 

enzymes. Severing enzymes are molecular machines driven by ATP hydrolysis that 

bind to the microtubule lattice and create holes in it by pulling out individual tubulin 

dimers (Kuo and Howard, 2021). If these holes are made large enough, the 

microtubule lattice will be severed, creating two new ends which can trigger 

depolymerization. While destabilization of microtubules may initially be thought of as 

negative, proper spatiotemporal regulation of microtubule destabilization is essential 

for the microtubule network to be dynamic, required for reorganization of the 

microtubule network. 

  

1.3.3. Combinations of MAPs 

While individual MAPs have specific effects on microtubule dynamics, MAPs 

can act in concert to drive complex mechanisms of microtubule dynamics regulation. 

The EB family of proteins is an excellent example of this; as EB recruits a number of 

other proteins to the microtubule tip, generating an overall stabilizing effect on the 

microtubule (Tirnauer et al., 2002). In addition, EB works in synergy with XMAP215 to 

increase microtubule growth rates to physiological rates, up to ~30-fold (Zanic et al., 

2013). 
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Another example of MAPs working together to drive regulation of microtubule 

networks is the amplification of microtubule networks via severing enzymes (Vemu et 

al., 2018)(Kuo et al., 2019). This mechanism is dependent on the combined action of 

severing enzymes with other MAPs, such as SSNA1, CLASP and SPR2, that are 

thought to recognize and stabilize sites of microtubule damage (Nakamura et al., 

2018)(Aher et al., 2020)(Lawrence et al., 2021). While severing enzymes are 

intrinsically destabilizers, they are an excellent example of how their function is used 

by the cell to elicit a different response within the microtubule network.  

While the hallmark behavior of microtubules is dynamic instability, microtubules 

can exhibit another behavior, treadmilling. Treadmilling is a complex polymer 

phenomenon characterized by polymerization at one end and simultaneous 

depolymerization at the other, leading to overall polymer movement in one direction. 

Although microtubule treadmilling had been observed in cells for years, it was not 

known what properties of microtubule dynamics would produce treadmilling behavior. 

Recent work has identified that a set of four MAPs, EB1, XMAP215, CLASP, and 

MCAK, reconstitute microtubule treadmilling as observed in cells (Arpaǧ et al., 2020). 

This is just another example of how the cell uses the diverse function of MAPs to drive 

complex mechanisms of microtubule dynamics regulation. 
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1.4. Summary 

 Microtubules are highly dynamic polymers essential for a number of vital 

cellular processes. To carry out these functions, the microtubule network must adopt 

a number of diverse architectures. This plasticity is facilitated through microtubule 

dynamics, which is the essential property that allows the network to dynamically 

remodel, and regulation of dynamics through the action of MAPs. In order to 

understand how the microtubule network can be remodeled, it is imperative to 

elucidate the fundamental properties governing microtubule dynamics, and how MAPs 

can alter these properties. 

 This dissertation questions a conventional paradigm, that the size of the GTP-cap 

determines the microtubule stability. In Chapter 2, I discuss the in vitro reconstitution 

assay used to collect the data herein and the image analysis methods used to analyze 

the data. In Chapter 3, I demonstrate that increasing the microtubule growth rate by 

increasing tubulin concentration correlates with larger EB1 comet lengths and 

suppression of microtubule catastrophe, supporting the conventional paradigm. In 

Chapter 4, I demonstrate that although microtubule minus ends have small GTP-cap 

sizes, set by their slow growth rate, they are more stable. In Chapter 5, I show that the 

microtubule polymerase XMAP215 simultaneously increases microtubule growth rate and 

catastrophe frequency by perturbing the growing microtubule end. In Chapter 6, I discuss 

how this work relates to the current state of knowledge in the field, and future directions 

that need to be addressed to better understand the molecular mechanisms underlying 

microtubule catastrophe. In the Appendix Chapters I investigate the correlation between 
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microtubule tapered end structures and microtubule catastrophe, and present preliminary 

data on the relationship between EB1 comet length and microtubule growth rate in cells. 

  

 

 

  



 19 

CHAPTER 2 

 

2. In vitro reconstitution of microtubule dynamics 

 

2.1. Introduction 

 The microtubule network in cells is very dense, making it difficult, or even 

impossible, to visualize changes at an individual microtubule level. This has resulted 

in challenges against interrogating the concepts of dynamic instability in living cells. 

Additionally, the cellular environment contains a myriad of proteins that are known to 

interact with microtubules, some of which have the ability to modify microtubule 

dynamics (Akhmanova and Steinmetz, 2008). Because of these confounding factors, 

many researchers have taken a biochemical reconstitution approach to studying the 

molecular mechanisms underlying microtubule dynamics. Biochemical reconstitution 

provides a controlled system to study properties of individual microtubules and how 

they can be regulated by different microtubule associated proteins. To date, this 

approach has resulted in many mechanistic discoveries facilitating further 

understanding of how microtubules are regulated in cells to carry out their distinct 

functions. 

Microtubules were first observed as fibers that composed the mitotic spindle in 

sea urchin embryos (Inoué and Sato, 1967). Using polarized light microscopy, it was 

noted that this population of fibers could switch between states of polymerization and 
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depolymerization. Changes in fiber dynamics appeared to coincide with the phase of 

mitosis and could be altered by the addition of drugs or changes in buffer conditions 

(Inoué and Sato, 1967)(Borisy and Taylor, 1967)(Weisenberg et al., 1968).  

Additionally, it was hypothesized that the dynamic nature of these filaments drove 

chromosome separation, thus first identifying microtubules’ most well-known function. 

Shortly after, the protein dimer tubulin, the building block of microtubules, was 

identified and isolated from microtubule-rich structures, such as the mitotic spindle 

and cilia (Shelanski and Taylor, 1967). Efficient microtubule assembly from purified 

tubulin in vitro was found to require GTP, Mg2+, and a calcium chelator, such as EGTA 

(Weisenberg et al., 1968)(Weisenberg, 1972)(Shelanski et al., 1973)(Schilstra et al., 

1991). Future studies would identify tubulin as a GTPase, with catalytic activity 

requiring a Mg2+ ion as a cofactor binding within the catalytic site in order for hydrolysis 

to occur(Martin et al., 1987). The requirement of a calcium chelator is still not well 

understood to this day; however, it is well-known that high concentrations of calcium 

are able to damage and promote depolymerization of microtubules, suggesting why 

the presence of a calcium chelator is essential for efficient microtubule polymerization 

(Weisenberg, 1972)(O’Brien et al., 1997). The identification of these necessary 

components enabled the development of a protocol for large scale tubulin purification 

from ungulates, primarily cows and pigs (Borisy et al., 1975). While modifications to 

this original protocol have been adopted, it is still the primary source of tubulin for in 

vitro studies to this day (Williams and Detrich, 1979)(Castoldi and Popov, 2003). While 

microtubule dynamics were first observed in living cells, the isolation of tubulin, and 

the discovery of its polymerization conditions, facilitated the subsequent seminal 
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discovery of microtubule dynamic instability (Mitchison and Kirschner, 1984). 

Mitchison and Kirschner utilized purified tubulin to investigate bulk polymer dynamics, 

identifying that microtubules coexist in growing and shrinking populations. Future 

studies directly observed dynamic instability at an individual microtubule level using 

light microscopy (Horio and Hotani, 1986)(Walker et al., 1988). Since then, in vitro 

reconstitution has facilitated numerous studies contributing to our mechanistic 

understanding of microtubules and MAPs’ regulatory ability. As technologies and 

basic knowledge of fundamental processes develop, the complexity of in vitro 

reconstitution increases to better mimic the cellular environment. The vital insight 

gained through this approach continues to contribute to the general understanding of 

how biological processes are regulated. 

Biochemical in vitro reconstitution provided us a controlled system to 

interrogate the fundamental relationship between microtubule stability and the GTP-

cap size. We were able to regulate microtubule dynamics using purified protein 

components, and image the subsequent conditions using Total Internal Reflection 

Fluorescent (TIRF) microscopy. This approach resulted in data suitable for rigorous 

image analysis, allowing us to measure small changes in parameters such as 

microtubule growth rate fluctuations and microtubule end morphologies. While we 

were also interested in comparing our in vitro results to those from cells (see Chapter 

6), in vitro reconstitution was the primary approach taken to obtain the majority of the 

data presented in this thesis. The major components of this approach are detailed in 

the following sections of this Chapter, while more detailed methods specific to 

individual Chapters can be found at their end. 
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2.2. Experimental Approach 

2.2.1. Protein expression and purification 

Purified proteins were obtained using various methods, with the chosen method 

for each protein being dictated by the protein’s characteristics, such as charge and 

size. The most essential protein to this study is tubulin. Competent tubulin was purified 

through rounds of temperature-dependent polymerization and depolymerization in a 

high molarity PIPES buffer from bovine brains (Castoldi and Popov, 2003). 

Polymerization of competent tubulin dimers is done at a warm temperature, in 

polymerization promoting conditions. After polymerization, microtubule polymers are 

centrifuged, to remove all unwanted components. These polymers are then 

depolymerized in cold temperature with physical assistance, using the force of a 

douncer. This solution is then centrifuged to remove any polymers not competent to 

disassemble, and to isolate the tubulin dimers. This cycle is repeated to ensure that 

the final product is pure, polymerization competent, tubulin. Carrying out this process 

in a high molarity PIPES buffer decreases the binding affinity of MAPs to microtubules, 

as their interactions are electrostatic. This low-cost method yields a relatively large 

(micrograms) amount of tubulin, consisting of a heterogeneous population of isoforms.  

Once obtained, isolated tubulin is labeled with fluorescent dyes to allow for 

visualization of tubulin using TIRF microscopy. Purified tubulin was polymerized and 

covalently labeled with either TAMRA or Alexa 647 (Invitrogen), then depolymerized 

(Hyman et al., 1991). Another cycle of polymerization and depolymerization was 
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carried out to ensure that the final population of tubulin dimers was polymerization 

competent. Labeling of tubulin dimers while they are in polymer form is critical to 

ensure that conjugation of the fluorescent dye occurred at residues of tubulin not 

needed to facilitate interactions between other dimers for polymerization. These 

methods resulted in purified tubulin used to reconstitute microtubule dynamics in vitro. 

MAPs used in this study were obtained from expression in E. coli bacteria and 

S. frugiperda (Sf9), and purification using chromatography. The expression system 

used for each MAP was determined based on the protein’s size and complexity. Large 

and more complex proteins, such as XMAP215, were expressed in Sf9 cells, while 

smaller, simpler proteins, such as EB1, were expressed in bacterial cells. While the 

bacterial system is faster, bacteria lack the ability to carry out certain post-translational 

modifications, and lack chaperons to assist in protein folding. The Sf9 system is more 

time consuming and costly, however, it provides a better environment for complex 

protein assembly. Expression of fluorescently tagged proteins yielded populations of 

pure protein with a 1:1 protein:tag stoichiometry. This allowed for visualization of 

protein localization on the microtubule in our reconstituted system using TIRF 

microscopy. Purification of MAPs from expression systems was done using affinity 

and size-exclusion chromatography. The initial type of affinity chromatography was 

determined based on the affinity tag attached to the expressed protein. A series of 

His-tags at either end of the protein was most commonly used, leading to the use of 

a nickel column for purification. Subsequent size-exclusion chromatography was used 

to clean up the protein if needed. Our ability to express and purify proteins from 
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different systems and utilizing different techniques provided the ability to obtain all the 

necessary components needed for our in vitro reconstitution assay in house.   

 

Figure 5: Schematic of microtubule dynamic assay set up and example 
of microtubule kymograph. (A) Stabilized GMPCPP microtubule seeds 

are attached to coverslips via antibodies. Soluble tubulin is introduced into 

reaction to visualize dynamic microtubule extensions off of stabilized 

seeds. Microtubule seeds and extensions are labeled with fluorophores to 

facilitate visualization using TIRF microscopy. (B) Example kymograph 

produced from dynamic assay. Microtubule dynamic parameters are 

quantified from kymographs. 

 

2.2.2. Microtubule dynamics assay 

 The essential assay used to produce the data presented throughout this work 

is the microtubule dynamics assay. In brief, this assay consists of fluorescently labeled 

tubulin forming dynamic microtubule extensions from stabilized microtubule seeds, 

which are attached to a glass coverslip (Figure 5). Other MAPs, such as EB1 and 
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XMAP215, are included in the reaction, either as a probe or to test their effects on 

microtubule dynamic parameters. The assay is imaged over time using TIRF 

microscopy, resulting in time-lapse movies of dynamic microtubules. Fluorescently 

tagged MAPs facilitate visualization of their localization along these dynamic 

microtubules. The movies are analyzed, as detailed in the sections below, to quantify 

the characteristics of microtubule dynamics and localization of MAPs. While the exact 

experimental details depend on the question being addressed and the appropriate 

analytical method, the fundamental assay remains the same. 

 To carry out the microtubule dynamics assay, reactions containing purified 

protein components are incubated and imaged within an imaging channel, termed a 

‘flow cell’. Flow cells are constructed out of two piranha-cleaned and silanized 

coverslips, separated by parafilm, in custom brass holders. Piranha solution is a 

mixture of sulfuric acid and hydrogen peroxide that destroys organic matter, cleaning 

the glass coverslips. The coverslips are then coated with silane to make them 

hydrophobic and repel any future debris. A 22 x 22 mm coverslip is placed at the 

bottom of the brass holder, then three thin (1 x 22 mm) strips of parafilm are placed 

2-3 mm apart from each other horizontally, creating two channels. An 18 x 18 mm 

coverslip is placed on top, sandwiching the parafilm, which is subsequently melted, 

creating a seal between the two coverslips. This process results in a flow cell 

consisting of two isolated flow channels. Channels are then perfused with a series of 

solutions to prepare the glass surface. Between solutions, channels are washed with 

the standard buffer microtubules polymerize in, BRB80 (80 mM PIPES/KOH, pH 6.8, 

1 mM MgCl2, and 1 mM EGTA). First, anti-tetramethylrhodamine (TMRA) antibody 
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(1:50 dilution) is nonspecifically bound to the surface, to later bind microtubule seeds 

labeled with TMRA. Next, the surface is passivated using Pluronic F127 to block any 

protein from binding non-specifically to the surface. Stabilized microtubule seeds are 

polymerized with a slowly-hydrolyzable GTP analogue, GMPCPP, and TMRA labeled 

tubulin, which facilitates seed binding to the flow cell surface. Seeds are composed of 

25% TMRA -tubulin and 75% unlabeled tubulin. Polymerization with GMPCPP yields 

stable microtubules, as tubulin within these microtubule seeds will not undergo 

hydrolysis within the timeframe needed. Microtubule nucleation de novo is 

energetically unfavorable which results in a high energy barrier. This barrier is 

overcome with the use of stabilized seeds, as they provide templates for dynamic 

extensions to grow off of. Seeds were polymerized for 1 hour at 35°C, then 

ultracentrifuged at 126,000 g for 5 minutes to remove any unpolymerized dimers. The 

pellet of seeds was resuspended in 100 µl of BRB80, then diluted 1:10 to perfuse 

through the flow cell. Incubation time and volume of seeds perfused was dependent 

on the desired final seed density, determined based on the experimental conditions. 

Imaging channels were then ready for use, and were placed on the TIRF microscope 

for 10 minutes prior to the addition of a reaction mixture to ensure the flow cell was 

heated to 35°C. The basis of all reaction mixes was purified tubulin labeled with A647 

dye (labeling ratio was 10% of the tubulin concentration), 1 mM GTP, and anti-fade 

solution (40 mM D-glucose, 40 μg/ml glucose oxidase, 16 μg/ml catalase, 0.08 mg/ml 

casein, 10 mM dithiothreitol (DTT)). Final salt concentration in the reaction was made 

to be 17-50 mM KCl, depending on the experiment. 0.01% methylcellulose was 

included in all reactions to help weight the microtubule polymers down and keep them 
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close to the surface. This basic reaction was modified to result in various buffer 

conditions, tubulin concentrations, nucleotide types, and the addition of MAPs at 

various concentrations. This microtubule dynamic assay provides a robust and 

controlled method to interrogate the effects of various perturbations, such as tubulin 

concentration, titration of individual MAPs and the combination of multiple MAPs, on 

microtubule dynamics. Modifications to this general method for individual experiments 

are described in their respective methods Chapters. 

 

2.2.3. TIRF microscopy 

In order to visualize our in vitro microtubule dynamics assay we utilize TIRF 

microscopy (Figure 5). TIRF is a modality of light microscopy that takes advantage of 

a specific principle: the evanescent wave. An evanescent wave is formed when total 

internal reflection occurs as the result of a plane wave hitting the interface between 

two materials with different reflective indexes at a critical angle. In light microscopy, 

this is manifested when the laser light passes through glass, then water, at a critical 

angle. The evanescent wave illuminates approximately 100 nm into the sample, 

exponentially decaying away from the point of interference. The advantage of this 

modality is that only the 100 nm closest to the coverslip is illuminated, as opposed to 

classic fluorescence which illuminates infinite depth of the sample. This dramatically 

reduces the amount of background fluorescence by not exciting fluorophores out of 

the 100 nm range, therefore increasing the effective signal-to-noise ratio of the 
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sample. Because of its characteristics, TIRF microscopy is an excellent tool for 

observing processes directly at the coverslip surface, such as dynamic microtubules. 

For the work herein, unless otherwise specified, imaging was performed using 

a Nikon Eclipse Ti microscope with a 100×/1.49 NA TIRF objective; an Andor iXon 

Ultra EM-CCD (electron-multiplying charge-coupled device) camera; 488-nm, 561-

nm, and 640-nm solid-state lasers (Nikon Lu-NA); and a Finger Lakes Instruments 

HS-625 high-speed emission filter wheel with standard filter sets. An objective heater 

was used to maintain the sample at 35°C. Images were acquired using NIS-Elements 

(Nikon). Time-lapse lengths varied from 1 - 15 minutes, and frame rates varied from 

5 - 0.2 frames per second, depending on the question being addressed. Faster 

temporal imaging was used to better approximate shrinkage rates and for EB1 comet 

analysis. 

 

2.3. Image Analysis 

2.3.1. Microtubule dynamics analysis 

 Microtubule dynamic parameters (growth rate, shrinkage rate, catastrophe 

frequency, and rescue frequency) were analyzed by producing kymographs of 

dynamic microtubules over time using a custom plugin in FIJI (Figure 5)(Schindelin et 

al., 2012). If drift occurred in x,y space over the time-lapse, it was corrected using the 

Image Stabilizer plugin prior to analysis. Kymographs were formed from drawing 5-

pixel-wide lines along individual microtubules on a maximum intensity projection of the 

time-lapse. 20 kymographs were made and analyzed per condition for dynamic 



 29 

parameter analysis. Dynamic parameters were determined as previously described 

(Zanic, 2016). Briefly, a three-point-system was used to define coordinates of 

microtubule growth events with the first point being the beginning of the event, the 

second the point the time of catastrophe, and the third point the end of the growth 

event. If a microtubule did not catastrophe, but rather grew out of the field of view, the 

second and third point was the same. If a microtubule event rescued, the last point of 

that event and the first point of the subsequent event was the same. These 

coordinates were imported into Excel and the difference between the coordinates 

were used to determine the dynamic parameters. Individual growth and shrinkage 

rates were averaged over an experimental condition to determine an average rate and 

standard error. Catastrophe frequency was determined as the number of catastrophes 

observed within the total time spent in growth for all events. Similarly, rescue 

frequency was determined as the number of rescues observed within the total time 

spent in shrinkage for all events. Any additional analysis of microtubule growth, such 

as growth rate variability and instantaneous growth rate, is described in detail within 

the respective Chapter.  

 

2.3.2. EB1 comet analysis 

 Analysis of EB1 comet lengths were used as a proxy for the size of the GTP-

cap, similar to previously published work (Bieling et al., 2007)(Seetapun et al., 2012). 

In order to analyze EB1 comet lengths, reactions included 200 nM EB1-GFP. EB1 

comet lengths were determined using a series of custom MATLAB (version R2020a, 
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MathWorks) scripts. These analysis scripts evolved over time as we refined our 

methodology. Detailed methods are provided in each subsequent Chapter to explain 

how comet analysis was done for each dataset. While the exact methods changed 

overtime, they were changed to best represent the acquired data, and the general 

methodology remained the same and is detailed here.  

It is well known that EB1 localization resembles a comet-shape, with the 

brightest signal closest to the microtubule tip and exponentially decaying down the 

microtubule lattice. We used kymographs of microtubule growth events to take 

intensity profiles of EB1-GFP along each frame during a defined period of growth 

using a 1-pixel-wide linescan. These intensity profiles, or linescans, were then aligned 

based on the maximum intensity pixel, assumed to be the microtubule tip position. 

The background intensity for each linescan was determined by averaging the intensity 

in a set number of pixels in front of the microtubule tip. This background intensity was 

then subtracted from the linescan so that each linescan was independently 

background subtracted to account for any variations in the background intensity 

throughout the field of view. Each pixel along the background subtracted linescans 

was averaged, generating one averaged intensity profile per microtubule growth 

event. This intensity profile was then fit to an exponential decay function to determine 

the decay constant, or the GTP-cap size. Only microtubule growth events of an 

invariable growth rate were used for comet analysis so that each averaged intensity 

profile, thus comet length, could be correlated with a growth rate. Growth rates for 

each growth event were calculated by taking the difference between the start and end 

coordinates, determined from the same kymograph linescans were made on. This 
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analysis pipeline resulted in a correlation between microtubule growth rate and EB1 

comet length, or GTP-cap size, as previously reported (Bieling et al., 2007). 

 Interestingly, this work details the observation of noncanonical EB1 comet 

morphologies. As explained above, EB1 typically localized in a comet-like-shape, 

however, we saw instances of EB1 comets splitting into two puncta. To our knowledge 

this is the second report of these splitting comets being observed (Aher et al., 2018). 

We interpret these splitting comets to indicate that a subset of the protofilaments are 

growing faster than the others, the leading comet, while the lagging comet signifies 

where the tips of the remaining protofilaments are, forming a full microtubule lattice. 

There are instances when the leading comet appears to curl outward, away from the 

lagging comet’s growth trajectory; we termed these events curled comets. EB1 comet 

morphologies were considered while choosing microtubule growth events on which to 

preform comet analysis, with only growth events displaying full comets being used.  

 

2.4. Summary 

 The combination of in vitro reconstitution with quantitative image analysis 

provides a robust assay for interrogating the effect of various MAPs on microtubule 

dynamics, including GTP-cap size, in a controlled manner. Increasing the system’s 

complexity by increasing the number of components allows closer resemblance to a 

cellular system.   
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CHAPTER 3 

 

 3. GTP-cap size scales with microtubule growth rate in vitro 

 

Adapted from: 

Farmer, V., G. Arpağ, S. Hall, and M. Zanic. 2021. XMAP215 promotes microtubule 

catastrophe by disrupting the growing microtubule end. J. Cell Biol. 220:1–13. 

doi:10.1101/2020.12.29.424748. 

 

3.1. Introduction 

Although the concept that the GTP-cap size scales with microtubule growth 

rate and lifetime has been accepted by the field for decades, this hypothesis could not 

be tested because there was no way to visualize the GTP-cap. The identification of 

the EB family of proteins as markers for the GTP-cap has facilitated testing of this 

hypothesis, as well as a deeper investigation of the GTP-cap size under various 

conditions. While many of these results in this Chapter have been previously reported 

in the literature, these observations were essential to establish in our hands as they 

are the basis of this entire work.  
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3.1.1. Direct observation of the GTP-cap is not possible 

While there are many lines of evidence to support the idea that there is a GTP-

cap at the growing end of a microtubule, it has been challenging to investigate the 

cap’s role in microtubule stability because direct visualization of the nucleotide state 

of tubulin within dynamic microtubules has not been possible. Structural biology 

techniques, such as x-ray crystallography and electron microscopy, are needed in 

order to have sufficiently high resolution to visualize the nucleotide state of tubulin. 

These techniques typically require fixed samples and averaging of images which 

makes visualizing dynamic microtubules almost impossible. While there have been 

improvements to sample preparation and image processing throughout the years, we 

are still unable to directly visualize the GTP-cap on the end of a dynamic microtubule 

and correlate it to microtubule stability. In order to correlate the GTP-cap size with 

microtubule stability, the GTP-cap size must be visualized on dynamic, live, 

microtubules. 

 

3.1.2. The EB family of proteins are well characterized microtubule tip markers 

In cells there is a myriad of MAPs that bind to microtubules, affecting 

microtubule dynamics directly, or acting indirectly by targeting other proteins to the 

microtubule. One of the most well-known families of MAP is the EB family of proteins 

(Su et al., 1995)(Mustyatsa et al., 2017). This family of proteins is conserved across 
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species with higher order organisms such as humans, having three isoforms, EB1, 2, 

and 3, while yeast have a single isoform, Mal3 (Lansbergen and Akhmanova, 2006). 

A coiled-coil motif directly prior to the C-terminal domain of the protein mediates 

dimerization of EB monomers (Figure 6A)(De Groot et al., 2010). The very C-terminal 

domain facilitates EBs interactions with other proteins, with truncation of the last 20 

amino acids of the protein eliminating EB’s ability to recruit other proteins to the 

microtubule tip (Komarova et al., 2005). The EB family of proteins is most known for 

its autonomous microtubule tip localization during growth (Bieling et al., 2007)(Maurer 

et al., 2012). This tip tracking is mediated thorough the Calponin homology (CH) 

domain at the N-terminus of the protein (Figure 6B). While dimerization of EB is not 

needed for its tip localization, it is thought to be a prerequisite in cells to tip track and 

to recruit other proteins to the microtubule tip (Sen et al., 2013). EB is frequently used 

as a marker for microtubules in cells due to its ability to clearly and specifically mark 

growing ends. The microtubule network is extremely dense, making visualization of 

the network overwhelming if looked at using a tubulin probe. However, visualization 

of the network using the EB proteins provides a less dense readout of microtubule 

ends, allowing individual microtubules to have the ability to be followed through space 

and time. The use of EB as a marker for microtubule tips in cells is elaborated on later 

in this work. 
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Figure 6. Domain structure of EB1 facilitates its functions. (A) Major 

protein domains of EB1. EB1 forms a dimer through its coiled-coil domain. 

EB1 recruits other MAPs and proteins to the microtubule tip through 

interactions with its EBH domain and EEY/F motif. (B) EB binds the 

microtubule lattice, at the intersection of four tubulin dimers, though its CH 

domain. 

 

Along with autonomously tip tracking, EB family members are known to recruit 

a number of other proteins to the microtubule tip. As a result, it is known to regulate a 

complex network of proteins called the +TIPs (Lansbergen and Akhmanova, 

2006)(Mustyatsa et al., 2017). These proteins include other MAPs, signaling factors, 

and motor proteins. These protein complexes help anchor microtubules to the cell 

cortex, connect microtubule to kinetochores, and regulate microtubule dynamics. All 

of these activities are regulated both spatially and temporally, making the overall 

microtubule architecture important for acting as signaling hubs throughout various 

cellular processes. 
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3.1.3. EB proteins recognize the nucleotide state of tubulin in the microtubule lattice 

The EB family of proteins was widely used as a microtubule tip marker before 

it was understood what drove its localization. EB localizes to the growing microtubule 

end in a comet-like shape, with the strongest localization at the tip, while localization 

exponentially decays down the lattice (Tirnauer et al., 2002)(Bieling et al., 

2007)(Maurer et al., 2014). It was observed that EB only localized to growing 

microtubule ends, not shrinking ends, indicating that whatever it recognizes is only 

present during the phase of growth (Maurer et al., 2012)(Duellberg et al., 2016). Using 

nucleotide analogues, it was observed that EB has a higher affinity for binding 

microtubule lattices polymerized with GTP-like analogues over GDP-like analogues 

(Zanic et al., 2009)(Maurer et al., 2011). This data suggested that EB is able to 

recognize the nucleotide state within the microtubule lattice and has a preference for 

GTP-tubulin over GDP-tubulin. Structural studies support this concept, suggesting 

that EB is able to recognize the structural changes induced by GTP hydrolysis within 

the tubulin dimers in the microtubule lattice (Maurer et al., 2012)(Alushin et al., 

2014)(Zhang et al., 2015). EB binds at the interface of four tubulin dimers, so it is 

thought that EB has to have two adjacent protofilaments present in order to complete 

its binding site (Maurer et al., 2012). Recent molecular dynamic simulations have 

suggested that EB may be able to bind to a partially formed binding site with a different 

affinity, thus only needing one protofilament to bind (Reid et al., 2019). The details of 

this localization need to be further investigated; however, it holds true that EB binds 
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the stabilizing region of the microtubule end. High temporal imaging of EB at the 

microtubule tip has demonstrated that not only does EB not localize to shrinking ends, 

but it is lost prior to the onset of catastrophe (Maurer et al., 2012)(Duellberg et al., 

2016). This has been shown both on microtubules that undergo catastrophe naturally, 

and after catastrophe is artificially induced. These studies conclude that there is a 

threshold of EB localization that must be reached before a microtubule will undergo a 

catastrophe, indicating that the GTP-cap size must decrease to a critical size before 

it will no longer protect a microtubule against catastrophe (Maurer et al., 2012). This 

observation corroborates the GTP-cap model, suggesting that the GTP-cap must be 

lost prior to the onset of catastrophe. The culmination of all of these results lead to the 

field’s conclusion that EB marks the GTP-cap. 

 

3.1.4. EB proteins modulate microtubule dynamics 

 While it is thought that EB’s tip localization is primarily used by the cell to recruit 

other microtubule regulatory proteins to the microtubule end, EB itself does have 

effects on microtubule dynamics. Modulation of EB expression levels in cells results 

in altered microtubule dynamics. However, these alterations in microtubule dynamics 

are not thought to be the direct result of EB acing on the microtubule, but thought to 

be driven by mislocalization of the microtubule regulators EB typically brings to the tip. 

The C-terminal domain of EB mediates direct binding to other proteins through 

cytoskeleton-associated protein-glycine-rich (CAP-Gly) and SxIP motifs (Honnappa et 

al., 2006)(Weisbrich et al., 2007)(Steinmetz and Akhmanova, 2008)(Bieling et al., 
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2008)(Dixit et al., 2009)(Honnappa et al., 2009). C-terminal truncations of EB reveal 

that EB still localizes to the microtubule tips, but altered microtubule dynamics still 

exist, a result that is attributed to the loss of other regulators (Komarova et al., 2005). 

In vitro reconstitution was used in order to determine what direct effect EB has on 

microtubule dynamics. It is now understood that EB1 has the ability to increase 

microtubule growth rate around 1.5-fold, and increase catastrophe frequency around 

2-fold on its own (Vitre et al., 2008)(Komarova et al., 2009)(Stepanova et al., 2010). 

In other words, EB1 is able to increase microtubule growth rate, while simultaneously 

decreasing microtubule lifetime. It is hypothesized that EB1 does this by promoting 

lateral interactions between protofilaments, and thus increasing the GTP-hydrolysis 

rate at the growing end. Unfortunately, to date, there is no way to fully test this 

hypothesis since EB is our best readout for the GTP-cap. While these effects on 

dynamics appear to be true, they are thought to be side-effects of EB’s high specificity 

to the growing end, and not the primary role of the protein.  

 

3.1.5. The GTP-cap size positively scales with microtubule growth rate, and inversely 

correlates with microtubule stability when microtubule growth rate is modulated with 

tubulin concentration 

Identification of EB as a marker for the GTP-cap size has allowed the field to 

interrogate the relationship between microtubule growth rate and GTP-cap size 

proposed by the GTP-cap model. In addition, it facilitates investigation of the assumed 

relationship between microtubule stability and GTP-cap size, that a larger GTP-cap is 
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more protective than a smaller GTP-cap. It is well established in the field that 

increasing tubulin concentration results in faster growing microtubules (Walker et al., 

1988). Using a tubulin titration and constant EB, it is demonstrated that, in vitro, 

increasing microtubule growth rate leads to larger GTP-caps and a suppression of 

catastrophe frequency (Bieling et al., 2007)(Farmer et al., 2021).  

 

3.2. Results 

3.2.1. Increasing the microtubule growth rate by increasing tubulin concentration 

correlates with an increase in GTP-cap size and suppression of microtubule 

catastrophe 

To directly investigate the relationship between microtubule growth rate, 

catastrophe frequency, and GTP-cap size, we used an established in vitro assay (Gell 

et al., 2010). Dynamic microtubule extensions were polymerized from GMPCPP-

stabilized seeds using a range of tubulin concentrations (12 - 60 µM), and imaged with 

TIRF microscopy (Figure 7A). To determine the size of the GTP-cap, we included 200 

nM EB1-GFP in all conditions, and measured the EB1 comet size at growing 

microtubule ends over a range of growth rates. The increase in growth rate achieved 

with tubulin titration was accompanied by a simultaneous suppression of catastrophe 

frequency (Figure 7B), consistent with studies using tubulin alone (Walker et al., 

1988). In addition, increasing growth rates resulted in a linear increase in the average 

EB1 comet size (Figure 7C), consistent with previous reports (Bieling et al., 2007). 

Thus, our measurements directly establish an inverse correlation between GTP-cap 
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size and catastrophe frequency, when increase in growth rate is achieved by 

increasing tubulin concentration in the presence of EB1 (Figure 7D). This finding is 

consistent with a model in which faster microtubule growth leads to a larger GTP-cap, 

which in turn provides enhanced protection against catastrophe. 

 

Figure 7. Increasing the microtubule growth rate by increasing tubulin 
concentration correlates with larger EB1 comet lengths and suppression 
of microtubule catastrophe. (A) Top: schematic of TIRF assay. Dynamic 

microtubule extensions were polymerized from GMPCPP-stabilized seeds 

using unlabeled tubulin in the presence of EB1-GFP. Bottom: Representative 

kymographs of microtubule plus ends grown with either 12 or 40 μM tubulin 

and 200 nM EB1-GFP. (B) Microtubule catastrophe frequency as a function of 

microtubule growth rate. Each point is the mean growth rate and catastrophe 

frequency for a single experimental condition. Error bars are SEM and CE, 

respectively. Any error bars that are not visible are smaller than the size of 

the data point. (C) EB1 comet length as a function of microtubule growth rate. 
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Dim points are growth rates and comet lengths for individual 30-second growth 

segments. Error bars are 95% CI. Bold points are weighted means for each 

experimental condition, with error bars being the weighted error. Any error 

bars that are not visible are smaller than the size of the data point. (D) 

Catastrophe frequency (displayed in B) replotted as a function of mean EB1 

comet length (displayed in C) for each experimental condition. For all panels, 

20 microtubule kymographs were analyzed for each experimental condition. 

All experiments were performed on the same day. 

 

3.3. Discussion 

The identification of EB1 as a marker for the GTP-cap has, for the first time, 

facilitated a way to interrogate the size of the GTP-cap on live, dynamic microtubules. 

By employing EB as a proxy for the GTP-cap, we have confirmed that, when grown 

with tubulin alone, increased microtubule growth rate leads to increased GTP-cap size 

and microtubule lifetime. Therefore, EB1 will be employed throughout the remainder 

of this work in order to interrogate the correlation between GTP-cap size and 

microtubule stability. While we cannot be sure what the GTP-cap size is in the absence 

of EB1, EB1 is always present in vivo, thus it is physiologically relevant. Despite the 

fact that very low concentrations of EBs have been reported to increase the GTP 

hydrolysis rate (see Chapter 6)(Maurer et al., 2011), this baseline can still be used to 

understand how other MAPs change the GTP-cap size of microtubules grown with 

EB1 (as is always the case in cells). To control for this possibility, the same saturating 

concentration of EB1 is used for all experiments. In addition, the hypothesis that EB1 
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increases the GTP hydrolysis sets a precedent for other MAPs to have the same 

ability. 

 

3.4. Methods 

3.4.1. Protein Purification 

Bovine tubulin was purified and labeled with fluorescent dyes are previously 

described in Chapter 2. EB1-GFP was expressed in Escherichia coli and purified as 

previously described (Zanic et al., 2009) and stored in 10 mM Bis-Tris, 10 mM TrisHCl, 

100 mM KCl, 1mM DTT, 5% glycerol, pH 6.6. Protein concentration was determined 

using absorbance at 280 nm. 

 

3.4.2. Dynamics assays 

Tubulin titration was performed as previously described in Chapter 2, and 

tubulin concentrations are indicated within the figures. For Figure 7, reactions 

contained imaging buffer, concentrations of tubulin ranging from 12 to 60 µM, 200 nM 

EB1-GFP, 1 mM GTP, 17 mM KCl, and 0.1% methylcellulose were used in the imaging 

reaction. Images were taken at 1.67 FPS.  
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3.4.3. EB1 comet length analysis 

EB1 comet lengths were determined using a series of custom MATLAB 

(version R2020a, MathWorks) scripts. Briefly, beginnings and ends of individual 

growth events were manually determined on kymographs and divided into 30-second 

segments. The initial estimate of microtubule tip position over time was obtained 

assuming a constant growth rate. For each time frame, the pixel with the brightest EB1 

intensity within a window (± 10 pixels, or ± 2 pixels for 12 µM condition) around the 

initially-estimated tip position was subsequently assigned as the microtubule tip 

position. The tip positions were then fit by a linear regression to assign a growth rate 

to each segment. Segments were then filtered to include only segments with well-

defined growth rates using R2>0.9 criterium, except for the 12 µM condition which 

displayed little displacement over a 30-second time period. To generate time-

averaged intensity profiles, the determined tip positions from each temporal frame 

within the segment were aligned. The microtubule lattice intensity was determined by 

averaging the intensities of 5 pixels (located 5-10 pixels away from the tip for the 12 

µM condition, and 15-20 pixels away from the tip elsewhere), and subsequently 

subtracted from the intensity of all pixels along the averaged intensity profile of a given 

segment.  

To determine EB1 comet length, the averaged intensity profiles were fit to an 

exponential decay function using 20 pixels starting with the pixel immediately following 

the tip position (Bieling et al., 2007): 

Ae("#/%) 
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where # is the intensity at pixel 1, and $ is the comet decay length. Exclusion of the 

zeroth pixel intensity from the fit ensured that any potential sub-pixel perturbations in 

the tip structure not detected by our imaging did not affect the comet length 

measurement.  
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CHAPTER 4 

 

4. Microtubule minus ends have long lifetimes despite small GTP-caps 

 

Adapted from: 

Strothman, C., V. Farmer, G. Arpağ, N. Rodgers, M. Podolski, S. Norris, R. Ohi, and 

M. Zanic. 2019. Microtubule minus-end stability is dictated by the tubulin off-rate. J. 

Cell Biol. 218:2841– 2853. doi:10.1083/jcb.201905019.  

 

4.1 Introduction 

The microtubule polymer is structurally and biochemically polarized, with the 

plus end growing faster than the minus end (Fan et al., 1996)(Nogales et al., 

1998)(Horio and Hotani, 1986)(Walker et al., 1988). In cells, microtubule minus ends 

are typically anchored to microtubule organizing centers while plus ends are free to 

be dynamic (Dammermann et al., 2003)(Akhmanova and Steinmetz, 2015). As a 

result, the majority of studies investigating microtubule dynamics have been focused 

on the highly dynamic plus end. However, there are a number of microtubule 

architectures in different cell types, including neurons, meiotic spindles, and polarized 

epithelial cells, that contain microtubule arrays with free minus ends (Yvon and 

Wadsworth, 1997)(Dammermann et al., 2003)(Sanchez and Feldman, 2017)(Martin 

and Akhmanova, 2018). In these systems it has been demonstrated that regulation of 
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microtubule minus ends, both their special arrangement and dynamics, is vital for 

basic cellular functions (Akhmanova and Steinmetz, 2015)(Akhmanova and 

Hoogenraad, 2015)(Martin and Akhmanova, 2018). Early in vitro reconstitution studies 

demonstrated that, although both microtubule ends exhibited dynamic instability, 

minus ends had distinctly slower growth rates and undergo less frequent catastrophes 

(Figure 8)(Bergen and Borisy, 1980)(Mitchison and Kirschner, 1984)(Horio and 

Hotani, 1986)(Walker et al., 1988). These observations are in contrast to the plus end 

where slow growth rates lead to more frequent catastrophes, presumed to be the 

result of a small GTP-cap (Walker et al., 1988)(Drechsel et al., 1992)(Gardner et al., 

2011b) (Duellberg et al., 2016)(Rickman et al., 2017). How are the minus ends able 

to grow slow but be more stable? What is the key to minus end longevity?  

 

Figure 8. Minus ends grow slower and are more stable than plus ends. 
(A) Microtubule catastrophe frequency as a function of tubulin 

concentration. Error bars represent CE. Any error bars that are not visible 

are smaller than the size of the data point. (B) Microtubule catastrophe 
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frequency replotted as a function of growth rate. Error bars represent CE 

and SE, respectively. Shaded area indicates matching growth rates of plus 

and minus ends. 

 

One logical hypothesis is that the GTP-cap size is inherently larger at the minus 

end compared to the plus end, yielding longer lifetimes. Despite investigation of GTP-

cap size at the microtubule plus end, the size of the GTP-cap at minus ends had yet 

to be determined. In fact, many were under the impression that minus ends did not 

have EB1 comets, however, this is because microtubule minus ends are typically 

anchored in cells, not growing. Just like the plus ends, growing minus ends have 

comets. We used EB1 as a marker for GTP-cap size to determine if the enhanced 

stability of microtubule minus ends is a result of inherently larger GTP-caps. 

 

4.2. Results 

4.2.1. In the presence of EB1, microtubule minus ends are more stable than plus ends 

 EB1 is known to increase microtubule catastrophe frequency. We needed to 

ensure that this effect wasn’t end specific and that in the presence of EB catastrophe 

frequency was still increased at the plus end compared to the minus end. In fact, minus 

ends exhibited lower frequency of catastrophe as a function of growth rate than plus 

ends over a range of tubulin concentrations (Figure 9). This result was important to 

establish before using EB1 as our proxy for GTP-cap size. 
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4.2.2. Microtubule minus ends have small cap sizes, set by slow growth rate 

To compare the size of the GTP-cap at plus and minus ends, we analyzed 

localization of EB1-GFP at growing microtubule ends (Figure 10). A direct comparison 

of EB1 comets at ends of microtubules grown with 40 μM tubulin revealed that slower-

growing minus ends have on average shorter EB1 comet decay lengths (minus end: 

272 ± 10 nm, 95% CI, N = 3, 865 linescans; plus end: 383 ± 20 nm, 95% CI, N = 3, 

587 linescans), (Figure 10, closed circles). To investigate whether the growth rate 

alone sets the size of the EB1 comets at both ends, we then used 20 μM tubulin to 

obtain slow plus-end growth rates to match those measured at the minus ends at 40 

μM tubulin (Figure 10, open circles). We found that in 20 μM tubulin, plus ends grew 

at the same rate (35 ± 3 nm/s, SE, N = 59) as minus ends in 40 μM tubulin (34 ± 5 

nm/s, SE, N = 29), and that the corresponding average comet lengths were matched 

in these conditions (plus end at 20 μM tubulin: 276 ± 28 nm, 95% CI, N = 3, 1220 

linescans; minus end at 40 μM tubulin: 272 ± 10 nm, 95% CI, N = 3, 865 linescans). 

Our results demonstrate that average EB1 comet size is set by the average growth 

Figure 9. Minus ends are more stable 
than plus ends in the presence of 
EB1. Microtubule catastrophe 

frequency as a function of growth rate. 

Each point represents one experimental 

repeat. Error bars represent CE and SE, 

respectively. Any error bars that are not 

visible are smaller than the size of the 

data point. 
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rate, irrespective of the microtubule end. In other words, when plus and minus ends 

are growing at the same growth rates (in different tubulin concentrations), their cap 

sizes are equivalent, yet minus ends have longer lifetimes. We thus conclude that the 

average size of EB1 comets alone does not define microtubule lifetime. 

 

 

 

Figure 10. Minus end cap size is small and scales with growth rate. (A) 

Representative image of EB1-GFP at both growing ends of a single 

microtubule (40 μM tubulin). A line scan was drawn along this microtubule 

to generate intensity values along the microtubule, showing a distinct peak 

at each end. (B) Average EB1 comet length as a function of average growth 

rate of plus and minus ends in 20 or 40 μM tubulin with 200 nM EB1-GFP. 

Two independent repeats were done for each condition. Comet length error 

bars are 95% CI from the fit. Growth rate is weighted average of individual 

growth events and error is weighted SD. Weights are determined as the 

inverse of 95% CI of the linear fit to individual growth events.  
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4.3. Discussion 

Microtubule catastrophe occurs via the loss of a protective cap of GTP-tubulin, 

the size of which is widely considered to be the determinant of microtubule plus-end 

stability. When microtubule growth rate is increased in vitro by increasing tubulin 

concentrations, the plus-end EB-comet size also increases (Bieling et al., 2007), while 

microtubule catastrophe is suppressed (Walker et al., 1988)(Drechsel et al., 

1992)(Gardner et al., 2011b). Furthermore, larger EB comets have been directly 

correlated with prolonged stability against dilution-induced catastrophe at microtubule 

plus ends (Duellberg et al., 2016). The size of the GTP cap is set by the difference 

between the microtubule growth and GTP hydrolysis rates; thus, modulation of the 

GTP hydrolysis rate may be a potent mechanism for setting the GTP-cap size, and 

consequently regulating microtubule stability. Indeed, a recent study linked smaller 

EB comets, presumably due to a faster GTP hydrolysis rate, to increased dynamicity 

of Caenorhabditis elegans tubulin (Chaaban et al., 2018). Microtubules polymerized 

with recombinant tubulin mutated to have decreased GTPase activity have larger EB 

comets (Roostalu et al., 2020). Additionally, modulation of the GTP hydrolysis rate 

has been implicated in regulation of microtubule plus-end catastrophe by several 

microtubule-associated proteins (Maurer et al., 2014)(Zhang et al., 2017)(Zhang et al., 

2018). Structural studies have proposed a mechanism of tubulin conformational 

changes during hydrolysis at the plus end (Nogales et al., 1998)(Nogales et al., 

1999)(Alushin et al., 2014); however, it is not clear whether the minus end may have 

a differing mechanism or rate of GTP hydrolysis. Our results show a universal scaling 

between the EB1-comet size and the growth rate at both ends, suggesting that the 
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overall rate of GTP hydrolysis at the minus end is unlikely to be different from that at 

the plus end. Moreover, our finding that minus ends display the same lifetimes as plus 

ends with significantly smaller EB comets implies that the absolute size of the GTP-

cap is not the primary determinant of microtubule lifetime. 

 How can minus ends maintain their stability in spite of their small GTP-caps? 

While our results show that an increase in minus-end growth rates also correlates with 

larger EB comets and enhanced stability, the sensitivity of minus ends to the GTP-cap 

size appears to be much lower than that of the plus ends. We do not think that potential 

differences in rates of GDP-tubulin dissociation at the two ends following catastrophe 

underlie this distinct sensitivity; we found rapid minus-end depolymerization rates to 

be no slower than those at plus ends upon catastrophe. Instead, based on our results, 

we propose that this difference is due to the significantly lower rate of GTP-tubulin 

dissociation at dynamic minus ends. Given that even a couple of layers of 

unhydrolyzed tubulin are sufficient to prevent microtubule catastrophe (Drechsel and 

Kirschner, 1994)(Caplow and Shanks, 1996), we conclude that the small, but stable, 

GTP- tubulin cap may be the key to minus-end longevity. 

 

4.4. Methods 

4.4.1. Protein Purification 

Bovine tubulin was purified and labeled with fluorescent dyes are previously 

described in Chapter 2. EB1-GFP was expressed in Escherichia coli and purified as 

previously described (Zanic et al., 2009) and stored in 10 mM Bis-Tris, 10 mM TrisHCl, 
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100 mM KCl, 1mM DTT, 5% glycerol, pH 6.6. Protein concentration was determined 

using absorbance at 280 nm. 

 

4.4.2. Dynamics assays 

Tubulin titration was performed as previously described in Chapter 2, and 

tubulin concentrations are indicated within the figures. For microtubule dynamics 

assay with EB1-GFP comets, conditions were the same as described in Chapter 2 

with the following exceptions: 17 mM KCl and 0.1% methylcellulose were used in the 

imaging reaction. Images were taken at 0.5 FPS. All experiments were imaged using 

the EM-CCD camera. 

 

4.4.3. EB1-comet length analysis 

Image analysis was performed by generating kymographs of microtubule 

growth events. For each tubulin concentration, 20 microtubules for which both plus 

and minus ends could be analyzed were selected to determine catastrophe frequency, 

average growth rate, and average EB1-comet length. The characteristic decay length 

of the EB1 comets was determined using custom MATLAB functions. The microtubule 

tip location for each time frame was estimated by fitting a line through two manually 

clicked points at the beginning and end of a growth event on each kymograph. The 

pixel with the brightest EB1 intensity within ± 5 pixels of the estimated tip location was 

determined for each time frame and assigned as the bona fide microtubule tip location. 
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Average tip intensity (Itip) and its SD (σtip) of a given growth event were calculated, and 

any time frames with tip intensity lower than Itip−σtip were excluded. The remaining 

points were used to fit a linear function to approximate the growth rate. Time frames 

with fit residuals more than one SD away from the mean residuals were excluded. The 

remaining points were used to fit a linear function to determine the growth rate of the 

given event. For each time frame within the given growth event, the microtubule tips 

were aligned, and an average intensity profile was calculated. The lattice intensity was 

determined by averaging the intensity values between 20 and 25 pixels away from the 

tip. This average lattice intensity was subtracted from intensity profiles from each 

remaining time frame. Manual inspection was performed to remove any growth events 

in which the tip locations were not successfully determined by the above automated 

procedures. The remaining growth events were used to determine the average growth 

rate (vg) and its SD (σvg) weighted with inverse of the 95% CI of the fitting procedure. 

Individual growth events were further excluded if they were not within % ± & . Individual 

intensity profiles from each individual time frame from the remaining growth episodes 

were used to generate a super-averaged intensity profile. The super-averaged 

intensity profile in the range of 1 pixel in the solution background and 20 pixels along 

the microtubule lattice was fit to an exponential decay convolved with a Gaussian 

function, given by 
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where A is the intensity value at the tip, B is the difference between average lattice 

intensity and solution background, σ is the experimentally determined full width at half 
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maximum of the point spread function, x0 is the offset in the tip position due to 

convolution, and λ is the comet decay length. 
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CHAPTER 5 

 

5. XMAP215 promotes microtubule catastrophe by disrupting the growing 

microtubule end 

 

Adapted from: 

Farmer, V., G. Arpağ, S. Hall, and M. Zanic. 2021. XMAP215 promotes microtubule 

catastrophe by disrupting the growing microtubule end. J. Cell Biol. 220:1–13. 

doi:10.1101/2020.12.29.424748. 

 

5.1. Introduction 

In contrast to microtubules polymerized with purified tubulin in vitro, 

microtubules in cells can simultaneously display fast growth rates and high 

catastrophe frequency (Rusan et al., 2001)(Mimori-Kiyosue et al., 2005)(Akhmanova 

and Steinmetz, 2008)(Akhmanova and Steinmetz, 2015). In cells, microtubule 

dynamics are tightly regulated by a myriad of MAPs. Fast microtubule growth rates 

can be attributed to the action of microtubule polymerases, the most prominent 

belonging to the conserved XMAP215 family (Gard and Kirschner, 1987a)(Brouhard 

et al., 2008)(Gard et al., 2004)(Slep, 2009)(Al-Bassam and Chang, 2011). On its own, 

XMAP215 increases growth rates up to 10-fold (Vasquez et al., 1994; Brouhard et al., 

2008), while a combination of XMAP215 and EB1 synergistically promotes up to a 30-
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fold increase in growth rates, matching the fast rates observed in cells (Zanic et al., 

2013). Surprisingly, although increasing growth rates by tubulin alone in vitro is 

accompanied by low catastrophe frequency, the significant increase in growth rate 

with XMAP215 was not accompanied by a suppression of catastrophe (Vasquez et 

al., 1994)(Zanic et al., 2013). Importantly, the effect of XMAP215 on the size of the 

GTP-cap is not known.  

 

5.1.1. XMAP215 

Proteins in the XMAP215 family — named after Xenopus microtubule assembly 

protein of 215 kDa — have conserved roles in promoting microtubule assembly 

(Figure 11). The XMAP215 family was the first to be classified as a TOG-domain 

protein family, after the TOG domain was identified in the human homolog of 

XMAP215, colon and hepatic tumor overexpression gene (ch-TOG). Members of this 

family localize to microtubule plus ends, microtubule- organizing centers (MTOCs), 

and kinetochores. Depletion of XMAP215 family proteins results in shortened 

microtubules with reduced growth rates, as well as characteristically small mitotic 

spindles (as captured in the name of the fly XMAP215 homolog, Minispindles). In 

vitro studies using recombinant XMAP215 have established that it autonomously 

recognizes the plus end of both growing and shrinking microtubules. XMAP215 acts 

as a plus-end microtubule polymerase, catalyzing the processive addition of tubulin 

dimers to accelerate microtubule growth rates by an order of magnitude. Furthermore, 

XMAP215 is involved in facilitating microtubule nucleation within the mitotic spindle. 
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Similar roles in promoting microtubule assembly have been established for other 

members of the XMAP215 protein family, all of which rely on the action of their TOG 

domains. 

 

Figure 11. Domain structure of XMAP215. XMAP215 is conserved across 

species. XMAP215 family members vary in the number of TOG domains 

they have. Microtubule binding is mediated through the microtubule binding 

domain, or the basic linker. Stu2p and Dis1p dimerize via the coiled-coil 

domain. 

 

Here, we investigate how XMAP215-promoted microtubule growth can 

simultaneously be fast and highly dynamic, displaying frequent microtubule 

catastrophes. We demonstrate that XMAP215-driven increase in microtubule growth 

rate is accompanied by both an increase in catastrophe frequency, as well as by an 

increase in EB1 comet size. Thus, the XMAP215-driven increase in catastrophe 

frequency is not a consequence of the GTP-cap size reduction. Rather, we 
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demonstrate that XMAP215 increases growth fluctuations and induces tapered and 

curled microtubule ends. Our results suggest that XMAP215-induced destabilization 

of the growing microtubule end ultimately promotes catastrophe. 

 

5.2. Results 

5.2.1. Increasing the microtubule growth rate using XMAP215 results in a 

simultaneous increase in microtubule catastrophe frequency 

In cells, fast microtubule growth rates are achieved through the action of 

polymerases and other MAPs, including XMAP215 and EB1 (Akhmanova and 

Steinmetz, 2015). Interestingly, previous in vitro studies with XMAP215, either alone 

or in combination with EB1, reported that XMAP215-mediated increase in growth rate 

was not accompanied by a suppression of catastrophe frequency (Zanic et al., 2013; 

Vasquez et al., 1994). To investigate the relationship between catastrophe frequency 

and growth rate in the presence of XMAP215, we quantified microtubule dynamics 

over a range of XMAP215 concentrations (3.13 - 200 nM) in the background of 20 µM 

tubulin and 200 nM EB1-GFP (Figure 12A). As expected, microtubule growth rate 

increased as a function of XMAP215 concentration (Figure 12B). The increase in 

growth rate was accompanied by more frequent catastrophe events, even with the 

lowest XMAP215 concentration used (Figure 12C). This relationship between growth 

rate and catastrophe frequency in the presence of XMAP215 is in stark contrast to the 

one observed when growth rates were increased using tubulin titration (Figure 12D). 

Notably, XMAP215 led to a simultaneous increase in both growth rate and catastrophe 
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frequency even in the absence of EB1 (Figure 13), demonstrating that the observed 

increase in catastrophe frequency can be directly attributed to XMAP215. 

 

Figure 12. XMAP215 simultaneously increases microtubule growth 
rate and catastrophe frequency in the presence of EB1. (A) 

Representative kymographs of microtubule plus ends grown with 20 µM 

tubulin, 200 nM EB1-GFP, and corresponding amount of XMAP215 (nM). 

Tubulin signal is shown. (B and C) Quantification of microtubule growth 

rate (B) and catastrophe frequency (C) as a function of XMAP215 

concentration in the presence of 20 µM tubulin and 200 nM EB1-GFP. Error 

bars, SEM and SE, respectively. Each point represents 20 kymographs 

from one experimental repeat. Number of experimental repeats per 

concentration, 6, 4, 3, 4, 4, 4, and 3. Dotted lines indicate the average 

control values (0 nM XMAP215). Solid red line in B, fit to the Hill equation. 

Orange points in C, weighted averages for each condition. (D) Average 

catastrophe frequency (from C) replotted as a function of average growth 

rate (from B) for the XMAP215 titration along with the tubulin titration 

(Chapter 3, Figure 7). 
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Figure 13. XMAP215 alone promotes simultaneous increase of 
microtubule growth rate and catastrophe frequency. Quantification of 

(A) microtubule growth rate and (B) catastrophe frequency as a function of 

XMAP215 concentration in the presence of 10 μM tubulin. Error bars 

represent SEM and SE, respectively. Each point represents values 

measured for 20 kymographs from one experimental repeat. The number 

of experimental repeats per concentration were: 4, 3, 3, 3, 3, 3, 3. Dotted 

lines indicate the average values for the control (0 nM XMAP215). Solid 

red line in (A) is the data fit to the Hill equation. 

 

5.2.2. Promotion of catastrophe by XMAP215 is not achieved through a reduction in 

the GTP-cap size 

One possible explanation for the observed increase in catastrophe frequency 

is that XMAP215 may be directly reducing the size of the protective GTP-cap. While 

a linear increase in GTP-cap size with microtubule growth rate is well established for 

the tubulin titration (Chapter 3, Figure 7)(Bieling et al., 2007)(Strothman et al., 2019), 

whether the GTP-cap size increases with XMAP215 is not known. Our measurements 
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of EB1 comets with XMAP215 titration revealed a direct correlation between growth 

rate and EB1 comet length (Figure 14A). This finding suggests that increasing growth 

rate by XMAP215 also results in a larger GTP-cap size, similar to what was observed 

when the growth rate was increased using higher tubulin concentrations (Chapter 3, 

Figure 7). 

To directly compare the mean GTP-cap size in the presence or absence of 

XMAP215, we next performed growth-rate-matching experiments. We found that 

growth rates achieved with 60 µM tubulin and 200 nM EB1-GFP (Condition I) could 

be matched using 20 µM tubulin, 200 nM EB1-GFP and 25 nM XMAP215 (Condition 

II, Figure 14B). To precisely compare the EB1 comet sizes, we generated averaged 

EB1 comet intensity profiles for each of the two conditions (see Methods)(Bieling et 

al., 2007). Surprisingly, we found that the decay length of the EB1 comets was larger 

in the presence of XMAP215 (Figure 15C, 650 ± 20 nm, 95% CI; vs. 610 ± 20 nm, 

95% CI, in the absence of XMAP215), in spite of the significantly higher catastrophe 

frequency when compared to the tubulin control (0.30 ± 0.09 min-1, SE, N = 12 

catastrophes in 39 min of growth over 20 kymographs; vs. 0.00 ± 0.03 min-1, SE, N = 

0 catastrophes in 40 min of growth over 20 kymographs). This finding directly 

demonstrates that promotion of catastrophe by XMAP215 is not a result of a decrease 

in the mean GTP-cap size. 
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Figure 14. XMAP215 does not decrease the GTP-cap size. (A) Mean EB1 

comet length as a function of microtubule growth rate over a range of 

XMAP215 concentrations (0–50 nM) in the presence of 20 µM tubulin and 

200 nM EB1-GFP. Dim points represent individual 30-s growth segments. 

Error bars, 95% CI. Bold points are weighted means; error bars, weighted 

error. For −XMAP215 condition (0 nM XMAP215), all individual segments 

from a single experiment were averaged. For +XMAP215 condition (3.13–

50 nM XMAP215), individual segments were binned using growth rate into 

25-nm/s bins and averaged. 20 microtubule kymographs were analyzed 

from each condition. A total of six experimental conditions were performed 

over 2 days. (B) Microtubules were polymerized with either 60 µM tubulin 

and 200 nM EB1-GFP (condition I) or 20 µM tubulin, 200 nM EB1-GFP, and 

25 nM XMAP215 (condition II) to obtain growth rate–matched conditions. 

Left: 69 growth segments for condition I and 53 growth segments for 

condition II, with no significant difference in growth rate (P = 0.28, unpaired 

t test), were analyzed. Means and SD are shown. Right: Representative 

kymographs of EB1 localization. (C) The super-average EB1 comet profiles 

were fitted to an exponential decay (dark lines) to determine the average 

comet lengths (see Methods). Error, 95% CI of the fit. 
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5.2.3. XMAP215 increases growth rate fluctuations and induces tapered microtubule 

ends  

Our growth-rate-matching experiments provided an excellent dataset for a 

direct comparison of microtubule growth characteristics in the presence and absence 

of XMAP215. While the mean growth rates were matched, we wondered whether the 

fluctuations in growth rate may differ between the two conditions. To investigate this 

possibility, we tracked microtubule growth and determined deviations from the mean 

growth rate using linear regression (Figure 15A). We found that the sum of squared 

residuals (SSR) was significantly higher in the presence of XMAP215 (0.02 ± 0.01 

µm2/s, mean ± SD, N = 90) than in the tubulin control conditions (0.013 ± 0.007 µm2/s, 

mean ± SD, N =103; p < 0.0001, unpaired Welch's t-test) (Figure 15A), despite no 

difference in the mean growth rate (Figure 16A). This result was further corroborated 

by mean squared displacement (MSD) analysis of the growing end positions in the 

presence and absence of XMAP215 (Figure 16B). Thus, we conclude that 

microtubules polymerizing with XMAP215 display a higher degree of growth rate 

variability than those polymerizing at the same growth rates in the absence of 

XMAP215. 

Interestingly, our high spatiotemporal-resolution tracking of EB1-GFP 

localization at microtubule ends polymerized with XMAP215 also revealed a range of 

comet morphologies evolving over time (Figure 15B). Canonical EB localization is a 

single peak of fluorescence that exponentially decays along the microtubule lattice 

(Bieling et al., 2007), hereafter referred to as a ‘full comet’ (Figure 15B). However, in 

the presence of XMAP215, we observed frequent incidences of EB1 comets which 
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appeared to split into two distinct intensity peaks, displaying a leading and a lagging 

comet, both growing in the original growth direction (Figure 15B). Subsequent to 

comet splitting, we occasionally observed the lagging comet catching up to the leading 

comet, a phenomenon previously termed a ‘tip repair’ event (Aher et al., 2018)(Doodhi 

et al., 2016). Furthermore, we observed that a large number of split comets led to a 

‘curled comet’ morphology, growing away from the original direction and resulting in 

polymer bending (Figure 15B). Quantification of the comet morphologies revealed that 

microtubules polymerized with XMAP215 were six times more likely to display a 

tapered end (either split or curled comet) when compared to those grown at the same 

growth rate without XMAP215 (Figure 15C, increase from 14 in the absence, to 85 in 

the presence of XMAP215 out of 110 comets quantified for each condition, p < 0.0001, 

chi-squared test). Given that the growth rates were the same between the control and 

XMAP215 conditions, these observations suggest that the increase in the frequency 

of tapered microtubule ends is a direct consequence of XMAP215. 
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Figure 15. XMAP215 promotes microtubule growth rate fluctuations 
and tapered microtubule ends. Growth rate–matching conditions 

achieved by either 60 µM tubulin and 200 nM EB1-GFP (condition I) or 20 

µM tubulin, 200 nM EB1-GFP, and 12.5/25 nM XMAP215 (condition II). (A) 

SSR was determined from 10-s segments that only displayed full comets. 

Left and center: Representative tracks showing microtubule tip position 

(black points), residuals for each time point (black lines), and linear 

regression to tip position (red line). Right: Sum of squared residuals for 

each segment; condition I, 0.013 ± 0.007 µm2/s (mean ± SD, n =103); 

condition II, 0.02 ± 0.01 µm2/s (n = 90). ****, P < 0.0001, unpaired Welch’s 

t test. (B) An example microtubule with distinct EB1 comet morphologies: 

full, split, and curled. Intensity profiles along the dashed line at indicated 

time points. (C) Classification of 110 growth events into comet morphology 

categories. Condition I: 96 full, 13 split, 1 curled; condition II: 25 full, 37 

split, 48 curled. ****, P < 0.0001, χ2 test. 
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Figure 16. Residual and mean squared displacement analyses indicate 
higher fluctuations in microtubule growth rate in the presence of 
XMAP215. (A) Growth events used for sum of squared residuals analysis 

in Figure 3A were selected to have no significant difference in growth rate: 

Condition I (60 μM tubulin and 200 nM EB1-GFP); 143 ± 18 nm/s (mean ± 

SD, N = 103), and Condition II (20 μM tubulin, 200 nM EB1-GFP, and 

12.5/25 nM XMAP215); 145 ± 18 nm/s (mean ± SD, N = 90). p = 0.5352, t 

test. (B) Mean Squared Displacement analysis was used to determine the 

diffusion coefficient (D), velocity (v), and positional error (σ) of microtubule 

growth by fitting a quadratic function, MSD(t) = 2Dt2 + v2t2 + σ2 (Gardner 

et al. 2011a).  

 

5.2.4. At the moment of catastrophe, microtubules grown with XMAP215 exhibit faster 

growth rates and higher EB1 localization 

Our results suggested that XMAP215 disrupts the structural integrity of the 

GTP-cap by inducing fluctuations in growth and promoting tapered microtubule ends. 

We hypothesized that these disruptions make microtubules more prone to 
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catastrophe. To gain insight into the process of GTP-cap loss leading to catastrophe, 

we compared microtubule end position and EB1 intensity during catastrophe events 

using 0 nM and 3.13 nM XMAP215 conditions (in the background of 20 µM tubulin 

and 200 nM EB1-GFP), which both displayed robust, but distinct catastrophe 

frequencies (0 nM XMAP215: 0.76 ± 0.06 min-1, SE, N = 161 catastrophes over 213 

min in growth; 3.13 nM XMAP215: 1.15 ± 0.08 min-1, SE, N = 205 catastrophes over 

178 min in growth). Microtubules polymerized in the absence of XMAP215 

experienced a slowdown in growth rate over several seconds prior to the onset of 

catastrophe, accompanied by a decrease in EB1 intensity at microtubule ends (Figure 

17), as previously reported (Maurer et al., 2012)(Maurer et al., 2014) (Duellberg et al., 

2016)(Duellberg et al., 2016)(Duellberg et al., 2016)(Duellberg et al., 2016). In 

contrast, the transition to catastrophe was more abrupt in the presence of XMAP215. 

The instantaneous growth rate at the moment of catastrophe (measured over a 1-

second time window) was significantly higher for microtubules polymerized with 

XMAP215 (Figure 17B, 0 nM XMAP215: 4 ± 30 nm/s, mean ± SD, N = 27; vs. 3.31 

nM XMAP215: 44 ± 50 nm/s, mean ± SD, N = 27, p < 0.001 unpaired Welch’s t-test), 

indicating that the transition to catastrophe in the presence of XMAP215 does not 

require a slowdown in growth to the level observed for microtubules grown without 

XMAP215. Furthermore, the residual intensity of EB1 measured at the highest-

intensity pixel at the moment of catastrophe was significantly larger for microtubules 

grown with XMAP215 (Figure 17C, 0 nM XMAP215: 9,000 ± 2,000 a.u., SD, N = 27; 

vs. 3.31 nM XMAP215: 12,000 ± 4,000 a.u., SD, N = 27, p = 0.003, unpaired Welch’s 

t-test), suggesting that an even larger GTP-cap density is not sufficient to protect 
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against catastrophe in the presence of XMAP215. Overall, our results demonstrate 

that microtubule ends grown with XMAP215 are inherently less stable, as they 

undergo catastrophe at faster growth rates and with more EB1, when compared to 

microtubules polymerized without XMAP215. 

 

 

Figure 17. Microtubules grown in 
the presence of XMAP215 undergo 
catastrophe at faster growth rates 
and with more EB1. (A) Average mi- 

crotubule end position and EB1 

intensity over time. 27 events were 

averaged along their lifetime for 

both 0 and 3.13 nM XMAP215 

conditions. Average EB1 intensity 

determined using a 1-s sliding 

window. Error bars, SEM. (B) Mi- 

crotubule growth rate at the time of 

catastrophe determined for each 

growth event within a 1-s window 

before catastrophe. 0 nM XMAP215, 

4 ± 30 nm/s (mean ± SD, n = 27); 

3.13 nM XMAP215, 44 ± 50 nm/s (n 

=27). ***,P<0.001, unpaired Welch’s 

t test. (C) EB1 intensity at the time 

of catastrophe. 0 nM XMAP215, 

9,000 ± 2,000 a.u. (SD, n = 27); 3.13 

nM XMAP215, 12,000 ± 4,000 a.u. 

(SD, n = 27). **, P = 0.003 unpaired 

Welch’s t test. 
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5.3. Discussion 

A cap of GTP-tubulin at the end of a growing microtubule is widely accepted as 

the determinant of microtubule stability (Mitchison and Kirschner, 1984)(Drechsel and 

Kirschner, 1994)(Desai and Mitchison, 1997)(Duellberg et al., 2016)(Roostalu et al., 

2020). The size of the GTP-cap is defined by the balance between the rates of addition 

of new GTP-tubulin dimers to the growing end, and hydrolysis of GTP to GDP within 

the polymer. On its own, an increase in growth rate is expected to increase the size 

of the GTP-cap, and thus confer enhanced stability to the growing microtubule. 

Indeed, our results using a tubulin titration confirm that an increase in growth rate is 

accompanied by an increase in EB1 comet size, as well as a suppression of 

catastrophe (Figure 18). However, these findings raise the puzzling question of how 

simultaneously fast, yet highly dynamic microtubule growth, as observed in cells, can 

be achieved. One possible way to limit the size of the GTP-cap, and thus presumably 

facilitate catastrophe, is through acceleration of the GTP-hydrolysis rate. This 

mechanism has been proposed for EB proteins, which promote catastrophe even 

while inducing a slight increase in growth rate (Bieling et al., 2007)(Zhang et al., 

2015)(Vitre et al., 2008). Indeed, increasing EB concentration was reported to reduce 

the overall length of the EB comets in a dose-dependent manner (Maurer et al., 2011). 

In contrast, we find that the mean length of the EB1 comets is increased when growth 

acceleration is achieved through the action of XMAP215. Thus, our results 

demonstrate that XMAP215 simultaneously promotes microtubule growth and 

catastrophe without accelerating the GTP-hydrolysis rate, or otherwise decreasing the 

mean GTP-cap size.  
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In addition to the nucleotide composition, the structural configuration of the 

microtubule end is likely to play an important role in microtubule stability. Catastrophe 

is a complex phenomenon that does not follow first-order kinetics; rather, the 

probability of catastrophe increases with time spent in growth (Odde et al., 

1995)(Gardner et al., 2013)(Gardner et al., 2011b). While the exact mechanisms of 

this aging process are still unknown, existing models typically associate specific 

structural configurations with the onset of catastrophe. These may involve 

accumulation of permanent defects including the uncapping and/or loss of individual 

protofilaments (Gardner et al., 2011b) (Bowne-Anderson et al., 2013), gradual 

tapering of microtubule ends (Coombes et al., 2013), or dynamic evolution of 

stochastic end configurations involving protofilament curling (Zakharov et al., 2015). 

Notably, a variety of growing-end configurations have been observed by structural 

studies (Mcintosh et al., 2018)(Gudimchuk et al., 2020)(Chrétien et al., 

1995)(Guesdon et al., 2016)(Atherton et al., 2018) (Mandelkow et al., 1991)(Reid et 

al., 2019), and it has been previously proposed that some of these end configurations 

may indeed be energetically unfavorable, leading to catastrophe (Chrétien and Fuller, 

2000; Hunyadi et al., 2005). Microtubule end structures can vary with tubulin from 

different species (Orbach and Howard, 2019), and can be further modulated by MAPs 

and drugs (Chen and Hancock, 2015)(Chen et al., 2019)(Aher et al., 2018)(Doodhi et 

al., 2016)(Best et al., 2019)(Arnal et al., 2000). In the case of XMAP215, our 

observations of EB1 comet splitting and end curling demonstrate that XMAP215 

perturbs the structure of the growing microtubule end. 
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Figure 18. XMAP215 drives microtubule catastrophe by perturbing the 

growing microtubule end structure. (A) Microtubules polymerized with 

low tubulin grow slowly with small GTP-caps. Loss of GTP-tubulin triggers 

catastrophe. (B) Microtubules polymerized with high tubulin grow fast with 

large GTP- caps, resisting catastrophe. (C) Microtubules grown with 

XMAP215 display growth irregularities that trigger catastrophe, despite 

high GTP-tubulin content. 

 

The canonical function of XMAP215 as a microtubule polymerase relies on its 

ability to bind curved tubulin conformation and stabilize an intermediate state in 

microtubule assembly (Brouhard et al., 2008) (Ayaz et al., 2012)(Brouhard and Rice, 

2014). Given that XMAP215 was reported to act as a processive polymerase, with 

each XMAP215 molecule promoting the addition of ~25 tubulin dimers (Brouhard et 
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al., 2008), we speculate that XMAP215 molecules primarily drive elongation of 

individual protofilaments, resulting in less coordinated protofilament growth. Indeed, 

our observations of EB1 comet splitting and curling suggest that polymerization is not 

synchronized among all protofilaments. Instead, XMAP215 promotes ‘sloppy’ 

microtubule growth with some protofilaments growing faster than others, to produce 

an overall tapered end (Figure 18). Given that EBs localize to the interface of four 

tubulin dimers (Maurer et al., 2012), our observation of leading comets suggests the 

presence of multiple laterally-connected protofilaments within these protrusions. The 

existence of tapered and open ends can further facilitate EB1 targeting (Reid et al., 

2019), consistent with our observations of brighter EB1 comets in the presence of 

XMAP215 in growth-rate-matching experiments. Importantly, although we used EB1 

to visualize the nucleotide composition of growing ends, our observation of XMAP215-

dependent promotion of catastrophe in the absence of EB1 demonstrates that 

XMAP215 on its own, rather than through enhanced targeting of EB1, promotes 

catastrophe. 

Uncoordinated assembly of individual protofilaments in the presence of 

XMAP215 may be manifested by increased fluctuations in growth (Kerssemakers et 

al., 2006) (Howard and Hyman, 2009). Our results show that XMAP215 promotes 

large fluctuations in microtubule length over time even when ends display ‘full’ comets. 

We speculate that the ‘sloppy’ microtubule growth induced by XMAP215 is associated 

with a highly variable end structure, ultimately resulting in more frequent excursions 

into inherently unstable configurations, despite the presence of a large nucleotide cap 

(Figure 18). Indeed, we find that both the instantaneous growth rate and the EB1 
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intensity at the moment of catastrophe are significantly higher for ends polymerized 

with XMAP215. Our results thus imply that there is no universal GTP-cap size 

threshold needed for the switch to catastrophe (Duellberg et al., 2016), and rather 

suggest that structural changes induced by XMAP215 can override the protective 

effects of the nucleotide cap. 

Finally, while the polymerase effects of XMAP215 are dose-dependent, such 

that the maximum growth promotion is reached in the ~100 nM range, we find that 

XMAP215’s promotion of catastrophe reaches its full effect even at the lowest 

concentrations of XMAP215 tested. This observation provides further evidence of the 

distinct mechanisms regulating the absolute microtubule growth rate and overall 

microtubule stability. Future structural studies, combined with direct single-molecule 

measurements of microtubule assembly (Mickolajczyk et al., 2019), and the 

refinement of existing computational models (Bowne-Anderson et al., 

2013)(VanBuren et al., 2002)(VanBuren et al., 2005)(Margolin et al., 2012)(Castle and 

Odde, 2013)(Zakharov et al., 2015)(Bollinger and Stevens, 2018)(Igaev and 

Grubmüller, 2018)(Kim and Rice, 2019)(Michaels et al., 2020)(Gudimchuk et al., 

2020) will be necessary to unravel the full complexity of microtubule dynamics. 

Notwithstanding, the ability to independently control the rates of growth and 

catastrophe is at the very core of microtubule regulation in cells, enabling the complex, 

dynamic remodeling of the microtubule cytoskeleton. 
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5.4. Methods 

5.4.1. Protein preparation 

Bovine brain tubulin was purified and labeled as described in Chapter 2. For 

imaging purposes, labeled tubulin was used at a ratio of 10% of the final tubulin 

concentration. XMAP215-7his expression construct was a kind gift from G. Brouhard, 

McGill University, Montreal, QC, Canada. XMAP215 was expressed in Sf9 cells using 

the Bac-to-Bac system (Invitrogen) and purified using a HisTrap followed by gel 

filtration (adapted from Brouhard et al., 2008), and stored in 10 mM Bis-Tris, 10 mM 

TrisHCl, 100 mM KCl, 1 mM DTT, 10% glycerol, pH 6.6. EB1-GFP was expressed in 

Escherichia coli and purified as previously described (Zanic et al., 2009), and stored 

in 10 mM Bis-Tris, 10 mM TrisHCl, 100 mM KCl, 1 mM DTT, 5% glycerol, pH 6.6. 

Protein concentration was determined using absorbance at l = 280 nm. 

 

5.4.2. Assay conditions and imaging 

Microtubule dynamics assays were performed as previously described in 

Chapter 2. Images were acquired using NIS-Elements (Nikon). Acquisition rates were 

0.6 frames per second for tubulin titration (Figures 1D and S1), and 5 frames per 

second elsewhere. 

The imaging buffer consisted of BRB80 supplemented with 40 mM D-glucose, 

40 µg/ml glucose oxidase, 25 µg/ml catalase, 0.08 mg/ml casein, 10 mM DTT, and 

0.1% methylcellulose. For tubulin titration (Figures 12D), reactions contained imaging 
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buffer, concentrations of tubulin ranging from 12 to 60 µM, 200 nM EB1-GFP, 1 mM 

GTP, and 17 mM KCl. For XMAP215 titrations, reactions contained imaging buffer, 20 

µM tubulin, concentrations of XMAP215 ranging from 3.13-200 nM, 1 mM GTP and 

200 nM EB1-GFP (Figures 12, 14A and 17). For the XMAP215 titration without EB1 

(Figure 14), the reaction conditions were the same, except that EB1-GFP was not 

included. For growth-rate-matched experiments (Figures 14B-C, 15, and 16), 

reactions contained imaging buffer, 200 nM EB1-GFP, 1 mM GTP, and concentrations 

of tubulin and XMAP215 as indicated in figure legends (Condition I: 60 µM tubulin, no 

XMAP215; Condition II: 20 µM tubulin, 12.5 or 25 nM XMAP215). In both XMAP215 

titration and growth-rate-matching experiments, XMAP215 storage buffer was 

consistently kept at a final concentration of 4X-dilution (2.5 mM Bis-Tris, 2.5 mM 

TrisHCl, 25 mM KCl, 250 nM DTT, 2.5% glycerol). 

 

5.4.3. Microtubule dynamics analysis 

Quantification of microtubule dynamics parameters was performed using 

microtubule kymographs generated in Fiji (Schindelin et al., 2012), as described 

previously (Zanic, 2016). For each experiment, 20 kymographs were generated using 

5-pixel-wide lines in the tubulin channel and analyzed. In each kymograph, the faster-

growing microtubule end was designated as the plus end; only plus-end dynamics 

were subsequently analyzed. Catastrophe events were designated as a switch from 

growth to shrinkage that decreased microtubule length by more than 2 pixels (320 

nm). Catastrophe frequency was calculated as the total number of catastrophe events 
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divided by the total time spent in growth phase observed over 20 kymographs for an 

individual experiment, and error was determined as the counting error (square root of 

the number of events divided by the total time spent in growth).  

 

5.4.4. EB1 comet length analysis  

EB1 comet lengths were determined using a series of custom MATLAB 

(version R2020a, MathWorks) scripts as outlined in Chapter 2. Briefly, beginnings and 

ends of individual growth events were manually determined on kymographs and 

divided into 30-second segments. For the analysis in Figure 14BC only, 10-second 

segments (50 frames) were used to ensure highly accurate determination of segment 

velocities to be used in super-averaging into a single comet profile. The initial estimate 

of microtubule tip position over time was obtained assuming a constant growth rate. 

For each time frame, the pixel with the brightest EB1 intensity within a window (± 10 

pixels, or ± 2 pixels for 12 µM condition in Figure 12D) around the initially-estimated 

tip position was subsequently assigned as the microtubule tip position. The tip 

positions were then fit by a linear regression to assign a growth rate to each segment. 

Segments were then filtered to include only segments with well-defined growth rates 

using R2>0.9 criterium, except for the 12 µM condition in Figure 12D which displayed 

little displacement over a 30-second time period. To generate time-averaged intensity 

profiles, the determined tip positions from each temporal frame within the segment 

were aligned. The microtubule lattice intensity was determined by averaging the 

intensities of 5 pixels (located 5-10 pixels away from the tip for the 12 µM condition in 
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Figure 12D, and 15-20 pixels away from the tip elsewhere), and subsequently 

subtracted from the intensity of all pixels along the averaged intensity profile of a given 

segment. To compare comet lengths in growth-rate matching experiments in the 

absence and presence of XMAP215 (Figure 14BC), 10-second segments with growth 

velocities between 150-200 nm/s were selected and further averaged to obtain a 

super-averaged intensity profile for each condition. 

All growth segments used for the comet length measurements displayed full 

EB1 comet morphologies. To determine EB1 comet length, the averaged intensity 

profiles were fit to an exponential decay function using 20 pixels starting with the pixel 

immediately following the tip position (Bieling et al., 2007): 

Ae("#/%) 

where # is the intensity at pixel 1, and $ is the comet decay length. Exclusion of the 

zeroth pixel intensity from the fit ensured that any potential sub-pixel perturbations in 

the tip structure not detected by our imaging did not affect the comet length 

measurement. 

 

5.4.5. Determination of variability in microtubule growth  

Individual microtubule growth events from the growth-rate-matching conditions 

which displayed a full comet during their lifetime were subjected to automated 

tracking. Images were background-subtracted using a rolling ball with a 5-pixel radius 

in Fiji. The EB1 channel was tracked with FIESTA’s single particle tracker (Ruhnow et 

al., 2011) using MATLAB. Then, a custom MATLAB code was used to divide the 
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output trajectories into continuous 10-second segments, allowing for gaps of no more 

than a total of 1-second within a given segment. The variations from the mean growth 

rate within the 10-second segments were quantified by performing residuals analysis 

as previously described (Lawrence et al., 2018). Briefly, using a custom MATLAB 

code, a linear function was fit to the length-versus-time data points to determine the 

mean growth rate. The sum of squared residuals (SSR) was calculated and 

normalized by the segment duration. For growth-rate-matching experiments, only the 

trajectories with mean growth rates between 110 and 180 nm/s were considered. 

Outliers based on normalized SSR were identified using MATLAB function "isoutlier" 

and subsequently discarded (12 outliers out of 115 tracks for 60 µM tubulin condition 

and 7 outliers out of 97 tracks for 20 µM tubulin + 12.5/25 nM XMAP215 condition). 

Unpaired t-test with Welch’s correction was used to determine p-values for mean 

velocity and normalized SSR between experimental conditions. The same selected 

segments were subjected to Mean Squared Displacement (MSD) analysis using 

MATLAB-based "msdanalyzer" (Tarantino et al., 2014). A quadratic function (Gardner 

et al., 2011a) was fit to the first 5 seconds of the MSD curve: 

789(;) = 29; + %);) + σ) 

where 9 is diffusion coefficient, % is mean growth rate, and σ is the positional error. 

The fit was weighted by the inverse of the standard deviation of the MSD curve 

determined by msdanalyzer. 
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5.4.6. Determination of microtubule end morphology in growth-rate-matching 

experiments  

The microtubule end morphology was assessed from the EB1 channel for each 

experimental condition (Condition I: 60 µM tubulin and 200 nM EB1-GFP, Condition 

II: 20 µM tubulin, 200 nM EB1-GFP and 12.5/25 nM XMAP215) using timelapse 

movies and intensity profiles from kymographs which were produced from 7-pixel-wide 

(1120 nm) lines. Individual microtubule growth events were tracked for up to 2 minutes 

and the average microtubule growth rate was determined for each growth event. 110 

growth events for each experimental condition, with no significant difference in growth 

rates between conditions, were scored for catastrophe and end morphology. End 

morphology was classified into three categories based on the EB1-GFP signal at the 

growing microtubule end: ‘full’, ‘split’, or ‘curled’ comet. If EB1 localized in a single 

peak at the end of a growing microtubule for the entire duration, the event was 

classified as having a ‘full’ comet. If two peaks in the intensity profile could be resolved 

(>2 pixels) for more than 1 second (5 frames), the comet was considered to be ‘split’. 

A ‘curled’ comet was preceded by a splitting event with the leading comet having 

grown outside the 7-pixel-wide linescan.  
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5.4.7. Determination of the growth rate and EB1 intensity at the onset of catastrophe  

Our methods to determine the growth rate and the EB1-GFP intensity at the 

onset of catastrophe were developed based on previously-published 

approaches(Maurer et al., 2012)(Duellberg et al., 2016). In brief, individual 

microtubule growth events from either 0 nM or 3.13 nM XMAP215 conditions which 

displayed only a full comet morphology over the 30 seconds prior to catastrophe were 

subjected to automated tracking. For each individual growth event, microtubule 

position was determined from the tubulin signal using TipTracker v3 (Prahl et al., 

2014). First, both x- and y-coordinates of the microtubule end from each temporal 

frame, except the initial and final frames, were preprocessed to eliminate tracking 

noise: if the difference between coordinates of the current frame and the previous 

frame was larger than 1000 nm, the current coordinate value was eliminated and a 

new coordinate value was interpolated using the previous and subsequent frame, 

assuming a linear growth rate (adapted from Rickman et al., 2017). To further 

minimize tracking noise, the “smoothdata” function in MATLAB was used with the 

“movmedian” method and a 5-frame (1-second) window size. The end position was 

determined using smoothened coordinates. Initial determination of the time of 

catastrophe was performed manually and subsequently corrected using the following 

automated analysis: each time point in the time interval of 10 frames before and after 

the manually-approximated time of catastrophe was assigned an instantaneous 

growth rate using a linear fit over a 3-frame sliding window. Then, starting from 8 

frames after catastrophe and moving backwards in time, if three consecutive frames 

had velocity values greater than -50 nm/s, the latest of the three temporal frames was 
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assigned as the time of catastrophe. After determining the time of catastrophe, the 

end-positions of growth events over time were aligned to generate an averaged 

microtubule tip position using a custom MATLAB code. For each microtubule, time 

and position values were offset to assign the catastrophe event to (0,0). Subsequently, 

the mean and standard error of the mean for the positions at each time point were 

calculated for the two experimental conditions. The growth rate prior to catastrophe 

was determined using a custom MATLAB function, performing a linear fit to the length-

vs-time segments. To determine instantaneous growth rate at the time of catastrophe 

(T=0 seconds), a 1-second (5-frame) window size (i.e. from T=-1 seconds to T=0 

seconds) was used.  

EB1-GFP intensities at microtubule ends prior to catastrophe were determined 

using a custom MATLAB function. Briefly, for each temporal frame, the EB1-GFP-

channel image was rotated centering around the end position (determined using the 

tubulin signal, as described above), such that the microtubule is horizontally aligned. 

The brightest intensity value within 5-lattice-pixels and 1-solution-pixel was assigned 

as maximum EB1 intensity (5-pixel thickness, i.e. 5x6 pixel2 area). Local solution 

background intensity was determined by shifting the 5x6 pixel2 area up and down by 

5 pixels, and the mean intensity was calculated. Temporal frames with <25 pixels 

available for background determination were discarded. For each temporal frame, the 

mean background intensity was then subtracted from the corresponding EB1 intensity. 

EB1 intensities along each event were determined by averaging the intensities within 

a 1-second (5-frame) sliding window immediately preceding the frame of interest. The 

intensities corresponding to the above-determined time of catastrophe (T=0) were 
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defined as EB1 intensity at catastrophe. Outliers in velocity and intensity were 

determined using isoutlier function in MATLAB (3 outliers out of 30 events in 0 nM, 

and 1 outlier out of 28 events in 3.13 nM condition). The average EB1 intensities as a 

function of time were obtained by averaging all growth events at every time point, with 

error being the standard error of the mean, weighted by the inverse of squared of the 

propagated standard error of the mean of the solution background within the 1-second 

window.  
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CHAPTER 6 

 

6. Conclusions & Future Directions 

  

6.1. Microtubule lifetime is not dictated by the GTP-cap size 

6.1.1. There is an inverse correlation between microtubule lifetime and GTP-cap size 

with tubulin alone over a small range of growth rates 

Identification of EB proteins as markers for the GTP-cap has established an 

inverse correlation between GTP-cap size and microtubule stability over a small range 

of GTP-cap sizes (Chapter 3)(Duellberg et al., 2016)(Farmer et al., 2021). GTP-cap 

size is influenced by the microtubule growth rate, which can be modulated by changing 

tubulin concentration (Bieling et al., 2007). Interestingly, while there appears to be no 

limit on growth rate and GTP-cap length, catastrophe frequency is only sensitive in a 

small region of relatively slow growth rates (Farmer et al., 2021). These observations 

indicate that if the inverse correlation between microtubule lifetime and GTP-cap size 

is a direct result of the overall size of the GTP-cap, there is a critical threshold size the 

cap can reach beyond which the lifetime is not impacted anymore. Therefore, 

microtubule lifetime is only sensitive to changes in GTP-cap size over a small range 

of cap sizes. Thus, in order for the GTP-cap size to dictate microtubule stability, GTP-

cap sizes must remain small, within the range where lifetime could be regulated. 

Alternatively, there may be mechanisms to actively decrease GTP-cap size, in order 
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to obtain a small cap that is possible of impacting lifetime. With the use of EB proteins, 

we can now interrogate the GTP-cap size under varying conditions and correlate it to 

microtubule stability. These studies have revealed a number of instances where the 

relationship between microtubule stability and GTP-cap size deviates from what is 

seen with tubulin alone at the plus end, suggesting that he GTP-cap size is not the 

overall determinant of microtubule lifetime (Figure 19). 

 

Figure 19. Microtubule lifetime is not dictated by GTP-cap size. Despite 

GTP-cap size (yellow) being set by the microtubule growth rate, 

microtubule lifetime is not determined by the GTP-cap size. The addition 

of MAPs, such as CLASP or XMAP215, break the canonical relationship 

between GTP-cap size and microtubule lifetime observed at the plus end. 

In addition, minus ends have small GTP-caps, but are very stable. 
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6.1.2. Microtubule minus ends have small GTP-caps but are very stable 

In vitro quantification of microtubule dynamics has determined that at a given 

tubulin concentration minus ends grow slower and typically have longer lifetimes 

compared to their plus end counterparts (Horio and Hotani, 1986)(Walker et al., 

1988)(Strothman et al., 2019). We show that the GTP-cap size at the minus end 

positively scales with growth rate at the minus end in the same way that it scales at 

the plus end, suggesting that the GTP hydrolysis rate at the two ends is the same 

(Chapter 4)(Strothman et al., 2019). Thus, when two populations of microtubules are 

grown using two different tubulin concentrations in vitro, microtubule minus ends 

polymerized at the same growth rate as plus ends have the same GTP-cap size. This 

reveals that the same size GTP-cap can be more protective at microtubule minus ends 

than at plus ends.  

Models of microtubule dynamics, such as the GTP-cap model, have almost 

exclusively been made based on observations at the microtubule plus end. The 

observation that microtubule plus and minus ends can have the same GTP-cap size 

but different catastrophe frequencies suggests that the ability of the protective nature 

of the GTP-cap depends on the microtubule end (Strothman et al., 2019). This 

difference was determined to be a result of a lower GTP-tubulin off rate at the minus 

end compared to the plus end (Strothman et al., 2019). This is a clear example of the 

GTP-cap size not being the single determinant of microtubule stability. Additionally, 

the finding that the minus end is stable with a small GTP-cap emphasizes the 

importance of taking into account both ends of the microtubule when developing 
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models of dynamic instability. This is important, not only because the models may be 

different at the two ends, but because differential regulation of the two ends could help 

reveal mechanisms by which microtubule dynamics could be regulated by MAPs.  

 

6.1.3. XMAP215 decreases microtubule lifetime despite the presence of large GTP-

caps 

In cells, fast microtubule growth rates are achieved through the action of 

microtubule polymerases, the most prominent belonging to the conserved XMAP215 

family (Gard and Kirschner, 1987b)(Gard et al., 2004)(Brouhard et al., 2008)(Slep, 

2009)(Al-Bassam and Chang, 2011). XMAP215 family members contain an array of 

tubulin binding-tumor overexpressing gene (TOG) domains at their N-terminus 

(Widlund et al., 2011)(Farmer and Zanic, 2021). Mutations in TOG domains disrupt 

their ability to bind free tubulin and promote polymerization (Ayaz et al., 2012)(Ayaz 

et al., 2014). While the number of TOG domains present varies between XMAP215 

family members, and the exact role of each TOG domain is unclear, it has been shown 

that an array of TOG domains is necessary for the polymerase activity of XMAP215 

family members (Widlund et al., 2011)(Ayaz et al., 2014)(Geyer et al., 2018). The 

minimal polymerase unit has been identified to contain two arrayed TOG domains and 

a microtubule targeting region (Widlund et al., 2011). The observation that a TOG 

array is necessary for polymerization suggests that tethering of unpolymerized tubulin 

dimers to the microtubule end is needed for XMAP215’s polymerization mechanism.  
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In vitro, XMAP215 can promote microtubule growth rates up to 10-fold alone, 

and it works in synergy with EB1 to accelerate growth rates up to 30-fold, matching 

growth rates observed in cells (Brouhard et al., 2008)(Zanic et al., 2013)(Farmer et 

al., 2021). Interestingly, XMAP215 promotes microtubule growth rate without a 

significant increase in microtubule lifetime, as would be expected based on the GTP-

cap model (Vasquez et al., 1994)(Zanic et al., 2013)(Farmer et al., 2021). A logical 

hypothesis to explain this is that XMAP215 decreases the GTP-cap size, by increasing 

the GTP hydrolysis rate, resulting in fast-growing microtubules with small protective 

caps. Polymerizing microtubules at the same growth rate, by either using high tubulin 

concentrations or low tubulin concentrations with the addition of XMAP215, revealed 

that XMAP215 does not decrease the average EB comet length. This result suggests 

that XMAP215 does not decrease the GTP-cap size by increasing the GTP hydrolysis 

rate in order to increase microtubule catastrophe frequency. Instead, XMAP215 

promotes irregularities in microtubule growth by increasing growth rate fluctuations 

and disrupted end configurations (Farmer et al., 2021). Disruption of the growing end 

makes microtubules more prone to catastrophe, resulting in microtubules undergoing 

a more abrupt transition to catastrophe, and with a larger GTP-tubulin content. This 

work demonstrates the importance of the microtubule end structure in defining 

microtubule lifetime, indicating that GTP-cap size is not the only factor. 
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6.1.4. CLASP promotes microtubule lifetime without increasing the GTP-cap size 

In cells there is a myriad of MAPs that work to regulate microtubule dynamics. 

The cytoplasmic linker-associated protein (CLASP) family is a well conserved protein 

family known to regulate individual microtubule dynamics and spial organization of 

microtubule networks (Lemos et al., 2000)(Inoue et al., 2000)(Akhmanova et al., 

2001)(Lawrence et al., 2020). CLASPs localizes to the tips of microtubules at the 

leading edge of migrating cells and are necessary for proper cell migration 

(Akhmanova et al., 2001)(Wittmann and Waterman-Storer, 2005)(Drabek et al., 

2006). They also localize to kinetochores and along the mitotic spindle during mitosis 

in order to regulate microtubule dynamics within the spindle to achieve proper spindle 

formation, as depletion of CLASPs results in severe spindle defects (Maiato et al., 

2003)(Maiato et al., 2005). Additionally, CLASPs play a role in promoting microtubule 

nucleation and increasing microtubule density at microtubule organizing centers, 

including both the centrosome and the Golgi (Efimov et al., 2007)(Miller et al., 2009).  

Similar to the XMAP215 family, CLASP family members have an array of TOG 

domains that facilitate their ability to regulate microtubule dynamics (Al-Bassam et al., 

2006)(Al-Bassam et al., 2007)(Slep and Vale, 2007). Unlike XMAP215, it has been 

shown that when targeted to the tips of microtubules, a single TOG domain from 

CLASP2 is sufficient to impact microtubule dynamics similarly to full length CLASP 

(Aher et al., 2018)(Majumdar et al., 2018). This is in contrast to XMAP215, which 

needs an array of TOG domains to carry out its functions, highlighting a difference 

between the mechanisms of the two MAPs.  
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CLASP’s regulation of microtubule dynamics is known to facilitate its essential 

roles in cells (Lawrence et al., 2020). In vitro studies have demonstrated that CLASP 

regulates microtubule dynamics by suppressing catastrophe frequency, and 

promoting rescue and pausing during periods of growth, overall stabilizing 

microtubules (Aher et al., 2018)(Lawrence et al., 2018). It would be reasonable to 

hypothesize that a possible mechanism employed by CLASP to stabilize microtubules 

is to increase the GTP-cap size, either by increasing microtubule growth rate, or 

decreasing the GTP-hydrolysis rate. Measurements of microtubule dynamics report 

that CLASP’s effect on catastrophe and rescue is accompanied by no significant 

change in average growth or shrinkage rates, indicating that microtubule stabilization 

is not a consequence of changes in these rates (Aher et al., 2018)(Lawrence et al., 

2018). Interrogation of GTP-cap size using EB family members as a proxy for the 

GTP-cap size reveal that CLASP does not increase the GTP-cap size (Majumdar et 

al., 2018)(Lawrence et al., 2018). Interestingly, in the presence of CLASP, instances 

of EB comet repair are observed more frequently compared to when microtubules are 

grown in the absence of CLASP (Aher et al., 2018). EB comet repair is the 

phenomenon observed when there are two EB comets on a single growth event, and 

the lagging one catches up to the leading to form a single comet (Aher et al., 2018). 

XMAP215 induces comet split comets that are occasionally able to repair (Chapter 

5)(Farmer et al., 2021). It is thought that these two comets represent two subsets of 

protofilaments; the leading comet being a subset of protofilaments growing faster than 

the remaining protofilaments, the lagging comet. CLASP’s ability to increase the 

frequency of split comet events suggests that it stabilizes incomplete lattices, to the 
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extent that it gives the microtubule a chance to repair itself, instead of undergoing a 

catastrophe as a result of a disrupted end. 

The molecular mechanism behind CLASP’s stabilization of microtubules is still 

not understood. The observation that a single TOG domain of CLASP is able to 

reproduce the regulatory effects of the full-length protein refutes the hypothesis that 

CLASP simply tethers unpolymerized tubulin dimers to the end of a microtubules, such 

that they are available when needed, either to protect against catastrophe or promote 

rescue. Instead, CLASP must stabilize the microtubule by directly acting on the inter- 

and/or intra-dimer interactions within the polymer. However, it should be noted that 

these effects have to be temporary, or occur at a protofilament level, such that they 

do not affect the overall rate of microtubule shrinkage. Despite CLASP’s exact 

mechanism remaining elusive, it is clear that CLASP does not stabilize microtubules 

by increasing the GTP-cap size. Thus, similar to the microtubule minus ends, and 

XMAP215, CLASP is able to break the canonical relationship between GTP-cap size 

and microtubule stability.  

 

6.1.5. Summary 

There are many lines of evidence indicating that the GTP-cap is protective, 

however it has become clear that its size does not dictate microtubule stability. 

Although with tubulin alone microtubule lifetime is correlated with microtubule growth 

rate, this relationship can easily be changed through the action of MAPs. Beyond 
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XMAP215 and CLASP, there are other MAPs that modulate microtubule growth rate 

and/or catastrophe frequency. Some of these MAPs have been suggested to disrupt 

the relationship between GTP-cap size and microtubule stability (van Haren and 

Wittmann, 2019). Without interrogating the size of the GTP-cap under all of these 

conditions, we cannot confidently conclude if any of these MAPs change the 

relationship between GTP-cap size and microtubule lifetime.  

While the concept that the GTP-cap being a stabilizing structure remains true, 

it is now clear that the same GTP-cap size is consistent with a variety of microtubule 

lifetimes, indicating that there must be additional characteristics that impact 

microtubule stability. The other regulators of microtubule stability are still being 

determined, and when they overtake the protective nature of the GTP-cap remain to 

be understood. We must explore what other polymer characteristics contribute to 

instability in order to fully understand how microtubule dynamics can be regulated.  

 

6.2. Microtubule stability can be regulated through the GTP hydrolysis rate 

 The GTP-cap size is the difference between the microtubule growth rate and 

the GTP hydrolysis rate. Thus, modulation of the GTP hydrolysis rate is a logical 

mechanism to regulate the GTP-cap size, and microtubule stability. Assuming a 

constant growth rate, increasing the GTP hydrolysis rate is predicted to decrease the 

cap size, while decreasing the GTP hydrolysis rate is predicted to increase the cap 

size (Figure 20). Despite it being clear that GTP-cap size does not define stability, a 
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GTP-cap is still necessary to protect a growing microtubule from shrinkage. Therefore, 

large fluctuations in GTP-cap size would be expected to impact overall stability of a 

microtubule.   

The catalytic residues of tubulin needed for GTP hydrolysis have been well 

characterized. Mutations to key residues have been made to produce tubulin mutants 

with a decreased GTP hydrolysis rate (Roostalu et al., 2020)(Lafrance et al., 2022). 

Microtubules polymerized with this mutant tubulin have larger EB comets and 

decreased catastrophe frequency compared to wild-type microtubules. These results 

suggest that modulation of the GTP hydrolysis rate does indeed impact microtubule 

stability. In fact, microtubules polymerized with purified C. elegans tubulin have 

smaller EB comets when grown at the same rate as bovine tubulin, suggesting they 

have a faster GTP hydrolysis rate (Chaaban et al., 2018). It is thought that the increase 

in catastrophe frequency that C. elegans tubulin displays is, at least in part, a result of 

the decrease in GTP-cap size. This is yet another example linking microtubule stability 

to the GTPase activity of the tubulin dimer.  
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Modulation of the GTP hydrolysis rate has been proposed as a mechanism 

used by MAPs that impact microtubule catastrophe frequency. While this hypothesis 

has been rejected in the case of XMAP215 and CLASP, previous reports using EB 

proteins suggest this is the mechanism by which they increase catastrophe frequency. 

Increasing EB concentration has been reported to decrease the EB comet length, 

indicating a decrease in the GTP-cap size (Maurer et al., 2011). This is interpreted as  

 

Figure 20. Modulation of the GTP hydrolysis rate can be used as a 
mechanism to regulate microtubule lifetime. Assuming the same growth 

rate, one microtubule with a faster GTP hydrolysis rate (left) will have a 

smaller GTP-cap size and higher catastrophe frequency compared to a 

microtubule with a slower hydrolysis rate (right) which will have a larger 

GTP-cap size and lower catastrophe frequency. 

a concentration-dependent increase in the GTP hydrolysis rate. Whether this is true 

or not has been difficult to prove since EB is the only proxy for the GTP-cap size on 

dynamic microtubules. Nevertheless, EB is thought to always be present in the cellular 

environment, thus it’s impact on microtubules is always relevant. It would be novel if 



 94 

another MAP proved to modulate the GTP-cap size in the presence of EB. While other 

MAPs, such as TPX2, have been predicted to modulate the GTP hydrolysis rate, 

beyond EB, it has yet to be concluded that other MAPs regulate microtubule stability 

through modulation of the GTP hydrolysis rate. The correlation between microtubule 

stability and the GTP hydrolysis rate with tubulin alone suggests an intrinsic 

relationship between the two. Not only can this relationship can be disrupted through 

the action of MAPs, but through the microtubule tip structure as well.   

 

6.3. Microtubule stability can be regulated by the microtubule tip structure 

One emerging concept in the field is that the structure of the microtubule end 

plays a role in determining microtubule stability. This association seems somewhat 

obvious, however, due to the diffraction-limited nature and the dynamicity of the 

microtubule tip, it has been challenging to directly interrogate how end structure plays 

a role in regulating microtubule stability. 

 

6.3.1. The structure of the growing microtubule end is complex 

The architecture of the microtubule end has been debated for decades. 

Visualization of microtubule end structures using fluorescence has provided limited 

information due to the small size of microtubule ends. Microtubules are below the 

diffraction limit of light; they are 25 nm in diameter, with individual protofilaments being 
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only 4 nm wide. The most information regarding the structure of growing microtubule 

ends that fluorescence has been able to provide is that the growing end can exist as 

tapered (Demchouk et al., 2011)(Coombes et al., 2013)(Reid et al., 2019). Differences 

in taper length can be predicted based on model convolution of simulated images of 

set tapered lengths with the point spread function (Demchouk et al., 2011)(Coombes 

et al., 2013). In order to more directly visualize the growing microtubule end, structural 

biology techniques, such as electron microscopy, must be used. However, to gain the 

contrast needed to resolve what is going on at a dimer level, averaging techniques 

must be used. This is less problematic for the microtubule lattice, which typically 

displays specific patterns and repeats, but for the diverse and constantly evolving 

structures at the microtubule tip this is not an option. Nevertheless, these structural 

techniques have provided insight into what the growing microtubule end may look like. 

These structures have been incorporated into molecular models to try and gain a 

better understand of how microtubule dynamics are regulated. 

Currently, there are three views of what the growing end looks like, based on 

the conflicting results of structural studies to date (Figure 21). Early work using either 

negative stain or cryo-electron microscopy (cryo-EM) of frozen hydrated dynamic 

microtubules resulted in detection of blunt or tapered growing ends (Mandelkow et al., 

1991). These studies suggest that protofilaments at the growing end are relatively 

straight. This end structure could be achieved through cooperative assembly, as 

explained by the ‘cozy corner’ model of microtubule assembly (Erickson and 

Pantaloni, 1981). The cozy corner model states that an incoming subunit is more likely 

to bind in a location where it can form both a longitudinal and lateral bond with adjacent 
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subunits because the formation of two bonds is more energetically favorable than 

formation of one (Erickson and Pantaloni, 1981)(Erickson, 1989). Computational 

models have taken into account this end structure and cooperative binding, resulting 

in a relatively simple model of microtubule dynamics that is able to reproduce many 

experimental observations (VanBuren et al., 2002)(Castle and Odde, 2013)(Gardner 

et al., 2011a) (Zakharov et al., 2015)(Coombes et al., 2013). While these models are 

attractive because of their simplicity, they do not account for all of the observed 

dynamics, and do not agree with other structural studies. 

Other studies of dynamic growing ends in vitro using cryo-EM and cryo-electron 

tomography (cryo-ET) report long, gently curved sheets of protofilaments at growing 

ends (Chrétien et al., 1995)(Guesdon et al., 2016). These data suggest that lateral 

bonds between protofilaments are strong enough to hold protofilaments together, and 

are able to contribute to protofilament straightening, eventually closing the polymer. 

How protofilament sheets would impact microtubule dynamics and GTP hydrolysis 

remains unclear. One computational model predicts sheets are an intermediate state 

of growth and the result of transiently bound GDP-tubulin subunits at the ends of 

protofilaments (Stewman et al., 2020). This model also predicts that dimer 

straightening is a prerequisite for GTP hydrolysis, thus GTP hydrolysis cannot occur 

in a sheet because all dimers in a sheet are curved. However, it is not known that a 

dimer must straighten prior to hydrolysis, and is inconsistent with the idea of split 

comets which can be observed in experimental data (Aher et al., 2018)(Farmer et al., 

2021). While these studies report the observation of sheets at the ends of growing 

microtubes, some argue that these structures are simply a result of the sample 
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preparation and imaging technique. Although sheet structures have never explicitly 

been visualized using fluorescence, the split comets that can be seen using EB1 

suggest that there may be sheet-like structures present during periods of microtubule 

growth. 

Recent advances in cryo-EM technologies and sample preparation have 

facilitated the visualization of the growing microtubule end in three dimensions 

using axial tomography. These studies have created 3D models of growing 

microtubule end structures in vitro and in cells (Mcintosh et al., 2018)(Atherton et al., 

2018). Regardless of the environment, the majority of growing ends were composed 

of individual protofilaments curving outwards. It was previously thought that this end 

architecture was only present during shrinkage (Kirschner et al., 1974)(Simon and 

Salmon, 1990)(Mandelkow et al., 1991). These new studies suggest that 

protofilaments at the growing end individually elongate, and then rely on the formation 

of lateral bonds to come together and close the microtubule lattice (Gudimchuk et al., 

2020). Computational modeling of this microtubule growth mechanism has resulted in 

a new model in which thermal fluctuations cause the formation of lateral bonds and 

drive protofilament straightening (Chen et al., 2021). Combining this aspect of 

microtubule growth with a model for GTP hydrolysis results in accurate reproduction 

of microtubule dynamics observed over a range of conditions in vitro (Margolin et al., 

2012) (Gudimchuk et al., 2020). Visualization of microtubule ends from many angles 

has facilitated identification and tracking of individual protofilaments, leading to yet 

another mechanism of how microtubule ends look during grow. The observation of 
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diverse end structures could point to the possibility that the microtubule end structure 

is constantly evolving, exhibiting a number of different morphologies over time. 

While structural studies have been very informative, each result represents a 

single snapshot of many conformations a protein can adopt. It is difficult, if not 

impossible, to be certain of the exact dynamic state at the moment the structures were 

fixed. However, the ability to instantaneously freeze, then image, samples in vitrified 

ice has been an advancement in sample preparation that provides better temporal 

and temperature control of sample state at the time of fixation. Future studies using 

techniques such as correlative light and electron microscopy (CLEM) will come the 

closest to linking structure to dynamic state. It will be important to understand how 

individual points in time relate to microtubule stability to provide more insight on how 

microtubule dynamics can be regulated. One example of an area of research that lack 

understanding is how the microtubule end can dynamically change structure over 

time, and how these structures relate to stability. 
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Figure 21. Three models of microtubule end structure during 
growth. (A) Model of microtubule growth with straight protofilaments. The 

end structure of these protofilaments is either blunt or tapered. (B) Model 

of microtubule growth with open sheet-like structures. It is thought that 

open sheets are able to curl together to form an intact lattice. (C) Model of 

microtubule growth with curled protofilaments. This model predicts that 

individual protofilaments grow and are able to then form lateral interactions 

to stitch together the lattice.  

 

6.3.2. EB localization suggests microtubule ends can split and repair throughout 

growth 

While it has been challenging to learn anything about the microtubule end 

structure from tubulin-based probes, the localization of MAPs on microtubule tips may 

be able to provide some new insights on the end structure. Recent work using EB 
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proteins as markers for the growing microtubule ends reveals the presence of splitting 

comets, suggesting that the microtubule end is not blunt, but ragged. Assuming EBs 

localizes to the interface of four tubulin dimers, between two protofilaments (Figure 6), 

the presence of two EB comets at a microtubule end suggests that a subset of 

protofilaments are growing faster than the rest (Maurer et al., 2012)(Aher et al., 

2018)(Farmer et al., 2021). The idea that EB marks the GTP-cap reveals that the GTP-

cap can be split into two parts, and that a full lattice is not a prerequisite for hydrolysis 

to occur. Whether these disrupted ends are able to disrupt the microtubule lattice 

enough to destabilize the polymer and promote catastrophe is unknown. Although 

microtubules with split ends have been observed to undergo catastrophe (Appendix 

Figure 1), it is unknown if these catastrophes occurred as a result of the end 

morphology. One can predict that the impact split ends have on microtubule lifetime 

is dependent on the number of protofilaments growing faster than the rest. For 

example, if more than half of the protofilaments are growing faster, the fate of the 

leading end may dictate the fate of the rest of the polymer. If only a few protofilaments 

are growing faster, the full microtubule lattice might be able to overpower the fate of 

the leading end. These are only speculations; careful correlation of EB comet 

morphology, protofilament number, and microtubule lifetime will lead to a better 

understanding of how end structure plays into microtubule stability. It may also provide 

insight into how other regulators of microtubule end structure, such as microtubule 

age, impact stability. 
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6.3.3. Microtubule aging has been linked to microtubule stability 

Another characteristic that is thought to play a role in defining overall 

microtubule stability is microtubule age. The distribution of microtubule lifetimes is best 

fit to a Gama distribution rather than an exponential decay (Odde et al., 1995). This 

observation suggests that catastrophe is a multistep process (Odde et al., 

1995)(Gardner et al., 2013). It is thought that the step to precede catastrophe involves 

microtubule aging (Odde et al., 1995) (Gardner et al., 2013). While the regulators of 

microtubule aging and the exact definition of microtubule aging remain unclear, one 

element may be the microtubule end structure (Brouhard, 2015). The microtubule end 

structure becomes more tapered in vitro as a function of time, tubulin concentration, 

and growth rate (Coombes et al., 2013). These in vitro approximations were applied 

to computational models and the results corroborate that microtubule aging plays a 

role in defining lifetime (Coombes et al., 2013) (Zakharov et al., 2015). Another 

parameter that is thought to impact microtubule aging is the accumulation of defects, 

either along the microtubule lattice or concentrated at the tip (Bowne-Anderson et al., 

2013). How and if lattice damage is propagated to affect catastrophe, which occurs at 

the microtubule tip, is not well understood. We determined that XMAP215 is able to 

increase the frequency of end disruptions, which play a role in increasing the 

catastrophe frequency (Chapter 5) (Farmer et al., 2021). XMAP215 is able to promote 

catastrophe at fast growth rates and with a higher GTP-tubulin content compared to 

controls, suggesting a more unstable microtubule tip. Thus, XMAP215 can be viewed 

as an aging accelerator.  
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 Despite knowing some players involved in microtubule aging, the exact 

mechanism by which this process happens remains yet to be understood. Continued 

interrogation of the relationships between microtubule growth, stability, and GTP-cap 

size will be imperative to uncover how these parameters are linked to one another and 

the contributors to microtubule aging. Regulators of microtubule dynamics will 

continue to be used as probes for gaining insight into the basic parameters governing 

dynamic instability, such as microtubule aging. 

 

6.3.4. Summary 

 While we have gained insight into the link between end structure and 

microtubule lifetime, there is still much to be discovered. Unfortunately, a lot of these 

unknowns are at the molecular detail of the microtubule structure. With advances in 

sample preparation, development of new microscopy techniques, and innovations in 

data analysis, we will gain insight into how these details impact microtubule stability. 

A challenge to addressing how these molecular details impact stability is that they 

need to be interrogated on dynamic microtubules. Many methods that increase 

resolution take advantage of fixed samples or slow processes. Microtubule dynamics 

is a fast, dynamic process. This is one of the major reasons detailed investigations 

into the size of GTP-cap in cells are challenging and have yet to be done. 
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6.4. The GTP-cap in cells 

While there have been many advances and discoveries thanks to studies using 

in vitro reconstitution, it is imperative to compare the in vitro results to those observed 

in cells. Because individual microtubules are difficult to image live in cells, there are 

limited number of investigations and questions that have been answered in this 

system. Morphological changes to the microtubule network are frequently reported, 

however, it is often underlying changes in microtubule dynamics that drive these 

changes. It has been difficult to gain information regarding how individual microtubule 

dynamics are regulated to drive these morphologic changes due to the challenges 

surrounding visualization of individual microtubules in cells. MAPs are known to 

regulate microtubule dynamics in cells. Modulating the microtubule network is cells is 

not only driven by these MAPs that directly impact microtubule dynamics, but also 

other proteins that indirectly interact with microtubules. This is one of the major 

reasons why it is advantageous to isolate elements of the system, in order to 

interrogate how each element works, so they can be put together to build the 

microtubule networks we see in cells. It has been shown that microtubule dynamics 

change with the phase of the cell cycle, with microtubules in mitosis being more 

dynamic overall, exhibiting increased growth rates and number of catastrophes 

(Rusan et al., 2001). Microtubule dynamics also change with morphological changes, 

such as differentiation, polarization, and migration. Future studies investigating 

exactly how, and by what mechanisms, microtubule dynamics are changing to 

facilitate these morphological changes are required for a better understanding of the 

microtubule network in cells. 
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6.4.1. EB is a microtubule TIP organizer 

 Microtubule dynamics in cells are regulated by a myriad of MAPs, one group 

being the well-known EB family of proteins. In mammalian cells there are three EB 

family members, EB1, 2, and 3. While all family members autonomously track growing 

microtubule ends, they have distinct localization profiles, suggesting slightly different 

nucleotide sensing mechanisms (Komarova et al., 2009)(Roth et al., 2019). EB1 and 

EB3 display near indistinguishable localization, localizing closest to the microtubule 

tip with localization exponentially decaying down the microtubule lattice, while EB2 

localizes slightly behind the others with a broader peak of intensity. Recent work has 

speculated that there is a slight change in nucleotide sensing ability in EB2 to drive its 

differential localization (Roth et al., 2019). Despite this, all family members 

autonomously tip track and thus provide excellent markers for growing microtubule 

ends in cells. 

Along with autonomously tip tracking, EB family members are known to recruit 

a number of other proteins to the microtubule tip. As a result, EBs are known to 

regulate a complex network of proteins called the +TIPs (Lansbergen and 

Akhmanova, 2006)(Mustyatsa et al., 2017). Depletion of EB in cells results in aberrant 

microtubule dynamics, thought to be mainly driven by mislocalization of the 

microtubule regulators it typically brings to the tip. These proteins include other MAPs, 

signaling factors, and motor proteins. These protein complexes are regulated both 

spatially and temporally to help anchor microtubules to the cell cortex, connect 

microtubule to kinetochores, and regulate microtubule dynamics.  
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6.4.2. EB is primarily used as a marker for growing microtubule ends in cells 

EBs are commonly used to mark the growing microtubule ends in cells due to 

their localization to the microtubule tip, thus only marking a fraction of the dense 

microtubule network in cell. This results in increased ability to approximate polymer 

amount and growth characteristics of the microtubule network, even just in 2D. In 

contrast, due to the high density of the microtubule network, it is near impossible to 

distinguish individual polymers when using a tubulin signal to mark the microtubule 

network. The ability to image tubulin in 3D slightly overcomes this, but it frequently 

eliminates the possibility of imaging through time, thus limiting acquisition of dynamic 

information. For these reasons, EBs have frequently been used to mark the ends of 

microtubules in cells. Despite its wide-use as a microtubule marker, the number of 

studies that have tried to quantify characteristics of its localization in cells is a small 

fraction of the studies that have used it. 

 

6.4.3. GTP-cap size in cells 

While GTP-cap sizes have been used in vitro to correlate with microtubule 

stability, this correlation has yet to be drawn in cells. While some studies have resorted 

to quantifying the relative EB intensity at the tip to microtubule as a way of comparing 

comet ‘size’ (Maurer et al., 2011)(Maurer et al., 2012)(Mohan et al., 2013)(Duellberg 

et al., 2016)(Ramirez-Rios et al., 2016)(Rickman et al., 2017)(Roostalu et al., 

2020)(Ye et al., 2020)(Hahn et al., 2021), it is widely known that there are a number 
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of factors that impact EB localization, such as microtubule growth rate (Hahn et al., 

2021). Based on fitting EB comets to exponential decay functions, as done in vitro, 

the GTP-cap size in cells has been approximated to be on the order of magnitude of 

hundreds of subunits long (Seetapun et al., 2012)(Mustyatsa et al., 2019). This 

approximation is in line with what would be expected if microtubule growth rate sets 

EB comet length in cells similar to how it does in vitro (Bieling et al., 2007)(Farmer et 

al., 2021). Of the few studies that have attempted to measure the size of the GTP-cap 

in cells, none of them have correlated the size with a range of microtubule growth 

rates, meaning, it is not known if GTP-cap size, as measured by EB comet length, 

scales with microtubule growth rate in cells. How comet lengths dictate microtubule 

stability in cells is also unknown. We set out to measure EB comet size over a range 

of microtubule growth rates in cells to determine if similar to in vitro, microtubule 

growth rate sets the GTP-cap size. 

 

6.4.4. EB comet sizes scale with microtubule growth rate in cells but differently 

compared to microtubules in vitro 

Our results indicate that, similar to in vitro, EB comet length positively scales 

with microtubule growth rate in cells. Interestingly, the relationship between 

microtubule growth rate and EB comet size in cells appears to be different from that 

in vitro such that a microtubule will have a smaller EB comet length in vitro compared 

to in cells for a given growth rate (Appendix Figure 2). These results suggest that the 

GTP-cap length in cells is restricted, or that the GTP hydrolysis rate is increased, thus 
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producing a smaller GTP-cap for a given growth rate. Our immediate future direction 

is to acquire time lapses of EB comets growing in vitro and in cells using instant 

structured illumination microscope (iSIM). These datasets can then be analyzed for 

microtubule growth rate and EB comet length to determine if EB comets in vitro are 

truly larger than those in cells.  

 

6.4.5. Summary 

While there has been significant work in vitro detailing the relationships 

between microtubule growth rate, stability, and GTP-cap size, it is essential to 

interrogate these relationships in cells to determine if our in vitro system mimics what 

is seen in cells. When growth rates observed in cells are reconstituted in vitro by 

increasing tubulin concentration, no catastrophe is observed (Farmer et al., 2021). 

However, in cells, microtubules growing at these growth rates undergo frequent 

catastrophe (Rusan et al., 2001). How are microtubules in cells able to grow fast but 

undergo frequent catastrophes? It remains unclear what the relationship is between 

microtubule growth rate and GTP-cap size in cells, however preliminary data suggest 

that cells may have an inherent mechanism to keep the GTP-cap smaller than in vitro. 

Future interrogation into this relationship will help elucidate whether GTP-cap sizes in 

cells are similar to what is observed in vitro. 
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APPENDIX CHAPTER 1 

 

A1. Microtubule lifetime does not correlate with tapered ends in the presence 

of XMAP215 

 

A1.1. Introduction 

 The presence of split comets raised the question, do split comets correlate with 

microtubule lifetime? In other words, are split comets a predictor of microtubule fate? 

We wondered if XMAP215’s catastrophe-promoting activity was a direct consequence 

of XMAP215-mediated disruption of the microtubule end structure. 

 

A1.2. Results 

 To determine if microtubule catastrophe correlated with the presence of a split 

comets, we analyzed growth-rate-matching experiments and XMAP215 titration for 

end structure and catastrophe. Growth-rate-matched events from Chapter 5, Figure 

15C were tracked until they underwent a catastrophe, up to two minutes. They were 

then scored as having a tapered end if they displayed a split or curled comet at any 

point during their lifetime. In the control condition (-XMAP215), no catastrophe events 

were observed, however 13% of microtubules displayed a ragged end (Appendix 

Figure 1A, left). About half of the microtubules polymerized in the presence of 
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XMAP215 (+XMAP215) underwent a catastrophe within two minutes, and while most 

of them displayed a ragged end (77%), a similar percentage of microtubules did not 

undergo a catastrophe within the observed period even after displaying a ragged end 

(81%) (Appendix Figure 1A, left). These data suggest that microtubules polymerized 

with XMAP215 have a similar probability of undergoing a catastrophe within two 

minutes, regardless of end structure. In addition, microtubules polymerized at similar 

growth rates with tubulin that display a tapered end are not more likely to undergo 

catastrophe. 

We extended this analysis to microtubules grown over a range of XMAP215 

concentrations, reasoning that if tapered ends lead to catastrophe, microtubule growth 

events that display a ragged end should have, on average, a smaller lifetime 

compared to those that do not display a tapered end. We analyzed 65 growth events 

from each XMAP215 concentration tested on one experimental day (Chapter 5, Figure 

12). Growth events were tracked until they underwent a catastrophe, or up to two 

minutes, and scored as having a tapered end if one occurred at any point during the 

growth event. Surprisingly, there was not a correlation between the presence of 

tapered ends and shorter lifetime at any concentration of XMAP215 tested (Appendix 

Figure 1B). 
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Appendix Figure 1. Catastrophe frequency does not correlate with the 
presence of tapered ends. A) Microtubules were either polymerized with 

60 µM tubulin, 200 nM EB1GFP (- XMAP215), or with 20 µM tubulin, 200 

nM EB1GFP, and 12.5/25 nM XMAP215 (+ XMAP215). 110 microtubule 

growth events, which did not have significant difference in growth rates, 

were tracked. Growth events were scored to be tapered if they displayed a 

split or curl at any point during their lifetime, and scored as a catastrophe 

if one was observed within two minutes. B) Growth events from one 

experimental day of the XMAP215 titration in Figure 12 were analyzed for 

end disruption and plotted against their lifetime. 65 growth events per 

condition were analyzed. Student’s t-test were performed to determine 

significance within XMAP215 concentrations. 

 

A1.3. Discussion 

 Our analysis revealed no obvious correlation between tapered ends and 

microtubule catastrophe. These results emphasize that microtubules are able to 

catastrophe with and without a, detectable, tapered end. It is important to note that we 

cannot detect tapered end events that are below the diffraction limit, meaning there 



 111 

may be many tapered ends in both condition that could not be detected. That being 

said, these results make it clear that microtubule end structure is very dynamic, 

constantly evolving overtime, and the presence of a disruption does not always lead 

to a catastrophe. 

 

A1.4. Methods 

A1.4.1. Protein preparation and assay conditions and imaging 

Performed as described in Chapter 5. 

 

A1.4.2. Determination of microtubule end morphology and microtubule lifetime 

 End morphology was determined as described in Chapter 5. For growth-rate-

matching data, microtubule growth events were tracked for up to 2 minutes and scored 

for tapered ends and catastrophe. Microtubule lifetime for the XMAP215 titration 

(Appendix Figure 1B) was determined as the total time a growth event spent in a 

period of growth prior to catastrophe. The same 110 microtubule growth events that 

did not differ significantly in growth rate analyzed in Chapter 5, Figure 15C were also 

scored for catastrophe. 
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APPENDIX CHAPTER 2 

 

A2. Preliminary data suggests EB1 comet length scales with microtubule 

growth rate in cells 

 

A2.1. Introduction 

 While EB is commonly used at a microtubule tip marker in cells, only a handful 

of studies have attempted to measure the size of the GTP-cap in cells. Additionally, 

none of them have measured the GTP-cap size over a range of microtubule growth 

rates, thus, it is not known if GTP-cap size scales with microtubule growth rate in cells. 

It is unknown if our in vitro system models the relationship between microtubule growth 

rate and EB comet length in cells because the relationship in cells is not known. 

 

A2.2. Results 

In order to determine if GTP-cap size scales with microtubule growth rate in 

cells similarly to how it does in vitro, we set out to determine the EB comet size in cells 

over a range of microtubule growth rates. We imaged microtubules in live cells using 

spinning disk confocal and used EB1-GFP as our probe for both microtubule growth 

rate and GTP-cap size. The growth rate of microtubule growth events that could be 
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tracked in time for at least 5 seconds were determined and the average EB comet 

length over the course of that lifetime was determined (Methods). Growth events from 

cells in interphase or mitosis were analyzed to determine if there were cell-cycle 

specific effects. These data reveal a positive correlation between microtubule growth 

rate and EB comet length (Appendix Figure 2). On average, microtubule growth 

events in mitosis are faster than growth events in interphase, consistent with 

previously published data (Rusan et al., 2001). While there is a range of EB comet 

lengths for a given growth rate, there is no evidence that the relationship between 

growth rate and EB comet length changes depending on the phase of the cell cycle 

(Appendix Figure 2). The data was then plotted with a previously acquired in vitro 

tubulin titration to compare EB comet lengths from microtubules growing at the same 

growth rate (Appendix Figure 2). This reveals that for a given growth rate, EB comet 

size appears to be larger in vitro than in cells. 

 

Appendix Figure 2. EB1 comet length scales with microtubule growth 
rate in vitro and in cells. Preliminary results suggest that EB1 comet size 

positively scales with microtubule growth rate in cells. Each point is the 
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average EB1 comet length and microtubule growth rate for a given growth 

event. Error bars are 95% CI of the fit. 

 

A2.3. Discussion 

 Our preliminary data not only suggest that EB comet length scales with 

microtubule growth rate in cells, it suggests that EB comet length is shorter for a given 

growth rate when compared to microtubules grown in vitro. This observation suggests 

that the cell may employ mechanism to limit the GTP-cap size. However, the in vitro 

and cellular data were acquired using different imaging parameters and systems, 

which could affect the measured comet length. In order to more directly address if EB 

comet size differs in these two systems, the cell and in vitro data need to be acquired 

using the same microscope and the same imaging parameters. 

 

A2.4. Methods  

A2.4.1. Cell culture 

 LLC-PK1 cells stably over-expressing EB1-GFP were a gift from R. Ohi (Piehl 

and Cassimeris, 2003). Cells were cultured in a 1:1 mixture of Opti-MEM and F-10 

media supplemented with 10% fetal bovine serum, 1% Penn/Step, and 1% L-

Glutamine (Invitrogen). Cells were grown in a 5% CO2 atmosphere at 37°C. For use 

in experiments, cells were either plated on glass-bottomed dishes (MatTek Corp). 
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A2.4.2. Protein Purification 

Bovine tubulin was purified and labeled with fluorescent dyes are previously 

described in Chapter 2. EB1-GFP was expressed in Escherichia coli and purified as 

previously described (Zanic et al., 2009) and stored in 10 mM Bis-Tris, 10 mM TrisHCl, 

100 mM KCl, 1mM DTT, 5% glycerol, pH 6.6. Protein concentration was determined 

using absorbance at 280 nm. 

 

A2.4.3. Dynamics assays 

In vitro tubulin titration was performed as previously described in Chapter 2, 

and tubulin concentrations used were the same as for the tubulin titration in Chapter 

3. For microtubule dynamics assay with EB1-GFP comets, conditions were the same 

as described in Chapter 2 with 17 mM KCl and 0.1% methylcellulose were used in the 

imaging reaction. Images were taken at 1.67 FPS.  

 

A2.4.4. Imaging 

 In vitro data was acquired as previous described in Chapter 3. Cell images 

were acquired using a Nikon spinning disk confocal system outfitted with an Apo 

TIRF Oil 100X 1.49 NA objective, Yokogawa CSU-X1 spinning disk head, Andor DU-

897 EMCCD, high-speed piezo z stage, live cell incubator (TokiHit), and four-line 
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high-power solid-state laser launch (405, 488, 561, and 647 lines). Cells were kept 

at 37°C with 5% CO2 during imaging. 

 

A2.4.5. EB1-comet length analysis 

Each microtubule growth event was assigned a mean microtubule growth rate 

and EB comet length. EB comet analysis was done as explained in Chapter 4.  
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