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1 

Introduction 

 

1.1 Cyclooxygenase Metabolism of Endocannabinoids 

 

The Endocannabinoid System 

Endocannabinoids are bioactive lipids that induce a plethora of physiological effects 

upon binding to cannabinoid receptors (1-3). Their name is derived from the Cannabis sativa 

plant, extracts of which have been used medicinally for their analgesic and anxiolytic effects 

since before recorded history (4,5). The pharmacoactive compounds in these extracts, 

cannabinoids, were first discovered as ligands for the cannabinoid receptors, followed by the 

endogenous ligands, appropriately termed “endocannabinoids”. Although endocannabinoids 

derive their name from the exogenous cannabinoid receptor ligands, it is actually the cannabis 

plants that have hijacked the identity of endocannabinoids. Through cultivation by humans, the 

plants co-evolved to induce pleasant pharmacoactive effects through their natural products that 

mimic our own endocannabinoid signaling system.   

 

 

Figure 1.1: Structures of the endocannabinoids, 2-AG and AEA.  
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Figure 1.2: Biosynthesis of endocannabinoids (6). (A) Generation of 2-AG from PIs. (B) 
Generation of AEA from phosphatidylethanolamines.  
 

The most well-characterized endocannabinoids are 2-arachidonoylglycerol (AG) and N-

arachidonoylethanolamine (AEA) (Figure 1.1), which are derivatives of the polyunsaturated fatty 

acid (FA), arachidonic acid (AA). 2-AG and AEA are generated in cells through a variety of 

biochemical pathways involving multiple hydrolysis reactions of phospholipids from the lipid 

bilayer (Figure 1.2). In the case of 2-AG, it is thought that phosphatidylinositols (PI) containing 

AA are the primary source of the endocannabinoid, following hydrolysis by phospholipase C 

(PLC) and diacylglycerol lipase (6-8). Specifically, upon extracellular stimuli such as a ligand 

binding to a G protein-coupled receptor (GPCR), PLC is activated and able to metabolize its 
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lipid substrates. In the case of PI 4,5-bisphosphate, PLC hydrolyzes the glycerol side of the 

phosphate bond to release important messengers of cell signaling processes, inositol 1,4,5-

triphosphate (IP3) and diacylglycerols, which activate the IP3 receptor to mobilize calcium into 

the cell and recruit protein kinase C, respectively. Diacylglycerols are then hydrolyzed at the 

sn1-position by diacylglycerol lipase to generate 2-AG (Figure 1.2A). Alternatively, 2-AG can 

be generated by various other biosynthetic pathways. For example, phospholipase A (PLA) 1 

hydrolyzes AA-containing PIs to generate sn2-substituted arachidonoyl lysophophatidylinositols. 

These are then hydrolyzed by lysophospholipase C at the glycerol side of the phosphate bond to 

generate 2-AG. 

In the case of AEA, generation of the endocannabinoids begins with 

phosphatidylethanolamines (PE) (6,9-12). First, the Ca2+-dependent N-acyltransferase enzymes 

transfer AA from phospholipids to the amine of a PE substrate to form N-

arachidonoylphosphatidylethanolamine (NAPE). These N-acyltransferases are specific toward 

sn1-arachidonoyl phosoholipids, which only constitute about 0.5% of brain phospholipids (11). It 

is thought that the low prevalence of these sn1-arachidonoyl-substituted phospholipids are a 

contributing factor to low AEA levels in cells. The generation of these sn1-arachidonoyl lipids is 

a subject of interest because unsaturated fatty acids are usually present at the sn2-position of 

glycerophosphate headgroups. However, in physiological settings, acyl migration from the sn2- 

to the sn1-position readily occurs, suggesting a possible source for these unconventional lipid 

substrates (13). NAPE-phospholipase D (PLD) then hydrolyzes the ethanolamine side of the 

phosphate bond to generate AEA and a phosphatidic acid (Figure 1.2B). Alternatively, like 2-

AG, AEA can be generated from NAPE by various other hydrolysis reactions. For example, 

phospholipases can first remove the acyl moieties from the glyceryl backbone to yield a 
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glycerylphospho-N-arachidonoylethanolamine, which is then hydrolyzed by the 

phosphodiesterase, GDE1, to yield AEA (6).  

As mentioned, 2-AG and AEA action is mediated by binding to the cannabinoid 

receptors, CB1 and CB2, as ligands. These GPCRs are expressed in different tissue, with CB1 

mainly present in the central nervous system, and CB2 mainly found in immune cells and other 

peripheral tissue (14,15). Each receptor induces specific effects and has different binding 

affinities for endocannabinoid ligands (16). AEA has a high affinity for both CB1 and CB2, 

though a higher affinity for CB1, but acts only as a partial agonist for the receptors (17,18). 

Interestingly, because of this high affinity and low intrinsic effect on CB2, AEA actually 

attenuates the effect of other complete CB2 agonists, such as 2-AG. In contrast to AEA, 2-AG 

has a slightly lower binding affinity to the CB1 and CB2 receptors, but acts as a complete agonist 

(19). Both CB1 and CB2 receptors are involved in a huge range of physiological effects, 

including cognition, memory, anxiety, appetite, emesis, analgesia, motor function, sensory, 

autonomic and neuroendocrine responses, etc., which are ligand- and location-dependent (20). 

The physiological effects induced by the endocannabinoids are primarily modulated 

through cellular metabolism, most commonly by hydrolysis (21,22). Both 2-AG and AEA are 

relatively unstable in the presence of hydrolyzing enzymes, with 2-AG being primarily 

hydrolyzed by monoacylglycerol lipase (MAGL) to generate AA and glycerol (23,24), and AEA 

being primarily hydrolyzed by fatty acid amide hydrolase (FAAH) to generate AA and 

ethanolamine (25-27). However, multiple other enzymes have been shown to metabolize the 

endocannabinoids. For example, the α/β hydrolase domain (ABHD) proteins, ABHD6 and 

ABHD12, have been attributed with a significant portion of 2-AG hydrolysis in cells (28). 

Furthermore, alternative metabolic pathways exist, namely oxidation, with both 
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endocannabinoids being rapidly oxidized by a variety of oxygenases in cells (29). 

 

 

Figure 1.3: Crystal structure of COX-2 heterodimer, with each monomer subunit highlighted in 
red or blue. 

 

Cyclooxygenase Mechanism and Activity 

Cyclooxygenases (COXs), originally named prostaglandin (PG)-endoperoxide synthases, 

are membrane-embedded proteins responsible for the oxygenation of polyunsaturated FAs, 

specifically AA (the hydrolysis product of the endocannabinoids), to generate a series of 

eicosanoid metabolites (30-33). Structurally, COXs are homodimers comprised of two equivalent 

subunits, as depicted in Figure 1.3, each with three distinct domains.  

First, the epidermal growth factor-like domain, located at the dimer interface (residues 

34-72), is relatively uncharacterized, though it is thought to stabilize the structure of the protein 

and potentially allow for communication between each monomer (34,35). Second, at the base of 
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the protein (residues 73-116) is the membrane-binding domain, acting as an anchor for the 

protein to embed itself into the membrane. This region also acts as an entrance for its substrates, 

typically found in a lipid bilayer, to enter the catalytic domain. Finally, the catalytic domain, 

made up of the remaining residues, contains two distinct active sites that enable the oxygenation 

of its lipid substrates after binding a heme cofactor (36). This domain contains the peroxidase 

active site, in which heme iron oxidation to a ferryl-oxo complex enables the activation of 

Tyr385 by its oxidation to a tyrosyl radical. The tyrosyl radical accesses the second COX active 

site, where it abstracts the 13-pro(S) hydrogen atom from an AA substrate molecule, initiating 

the cyclooxygenation reaction to form a PG product, specifically PGG2 (Figure 1.4). The 

hydroperoxy endoperoxide PGG2 is then rapidly reduced to the alcohol PGH2, the source of a 

range of various PG species (30-32). Interestingly, because the heme cofactor only binds to one 

of the monomers, COXs are actually functional heterodimers (37-39). The monomer in which 

the heme is bound is catalytically active, whereas the second monomer acts as an allosteric site 

to regulate the activity of the active monomer.  

The two COX enzymes, COX-1 and COX-2, are 60% identical and share similar rates of 

oxygenation of AA (33). While the basic function of COX-1 and COX-2 is to generate 

prostaglandins, key differences between the two enzymes differentiate the functional effects of 

their activity. COX-1 is constitutively expressed almost ubiquitously throughout all tissues and is 

thought to maintain homeostatic levels of PGs (40-42). In contrast, COX-2 is induced by a 

variety of inflammatory stimuli, including lipopolysaccharides, cytokines, and growth factors 

(43,44).  
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Figure 1.4: Mechanism of COX-2 activation and catalysis. A hydroperoxide oxidizes the heme 
prosthetic group to a ferryl-oxo derivative that can be reduced in the first step of the peroxidase 
catalytic cycle or can oxidize Tyr385 to a tyrosyl radical (upper half of figure). The tyrosyl 
radical then oxidizes the 13-pro(S) hydrogen of arachidonic acid to initiate the cyclooxygenase 
catalytic cycle. Reprinted with permission from Elsevier (36). 
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Figure 1.5: Generation of various PG, PG-G, and PG-EA derivatives following COX-2 
oxygenation of AA-containing substrates. 

 

In addition to differences in expression, the two enzymes differ in the size of their active 

sites, with COX-2 having a slightly larger cavity than COX-1 by about 80 Å3 (45). This key 

difference between the two enzymes allows for COX-2 to display more promiscuous activity, as 

it is able to fit larger substrates into its active site. Specifically, COX-2 can accommodate the 

endocannabinoids, 2-AG and AEA, in active conformations, whereas COX-1 displays much 

lower activity toward the endocannabinoids (46-48). Accordingly, COX-2 is able to oxygenate 2-

AG and AEA to form the ester and amide derivatives of PGs, PG glyceryl esters (PG-Gs) and PG 

ethanolamines (PG-EAs), respectively (Figure 1.5).  
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Eicosanoid Products of COX-2 Oxygenations 

COX-2 oxygenates AA, AEA, and 2-AG to generate PGH2, PGH2-EA, and PGH2-G, 

respectively, which are then converted to multiple different prostanoid products by a variety of 

PG synthase enzymes (Figure 1.5) (49). Each PG species acts as a ligand for specific GPCRs to 

induce a variety of well-characterized, tissue-dependent effects, namely inflammatory responses 

and nociception (50,51). Furthermore, initial studies have demonstrated multiple biological roles 

for the PG-EA and PG-G derivatives. PG-EAs, such as PGE2-EA and PGF2α-EA, have been 

shown to exert similar functions to their free PG counterparts, inducing both pro- and anti-

inflammatory effects through GPCR signaling (52-54). PG-Gs have demonstrated some 

contrasting effects to their free PG counterparts, and have been implicated in mediating calcium 

mobilization and inflammatory responses (55-58). Interestingly, these effects were not mediated 

through canonical PG receptors, and, the P2Y6 receptor remains the only known unique receptor 

of PG-Gs, specifically PGE2-G, in cells (59). Furthermore, PGE2-G is a surprisingly potent 

ligand for the P2Y6 receptor, with an effective concentration at half of the maximum response 

(EC50) of ~1 pM, whereas PGE2 displayed no activity toward the receptor. These results suggest 

PG-Gs can be extremely pharmacoactive ligands with unique biological roles, though low 

physiological concentrations and poor stability limit the potential of biochemical studies.  

COX-2 has been shown to oxygenate AA, AEA, and 2-AG at roughly equivalent rates, but 

drastically lower levels of AEA accordingly reduce PG-EA generation (46,60). AA is only 

present at about 10-fold higher levels than 2-AG in macrophages; however, PG levels in these 

cells exceed those of PG-Gs by roughly 1000-fold (61). One possible explanation for the low 

physiological concentrations of PG-Gs is modulation of COX-2 activity toward 2-AG by 

competitive and allosteric modulators (62). AA itself has been shown to significantly reduce 
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COX-2 activity by binding in its allosteric site to completely inhibit 2-AG oxygenation, as well 

as more typical competitive mechanisms of inhibition. Recently, non-canonical lipids, such as 

13(S)-methylarachidonate, have been demonstrated to positively mediate 2-AG oxygenation by 

COX-2, suggesting a potential pharmacological strategy of increasing PG-G levels in cells (39). 

Another possible explanation for low PG-G levels is their hydrolytic instability (55). PG-Gs 

added exogenously to rat plasma were shown to be completely metabolized within 5 min, which 

is thought to be due to the presence of various esterases hydrolyzing the glycerol ester to release 

free PGs (63-65). As part of this dissertation, we have identified and validated a major serine 

hydrolase responsible for the hydrolysis of PG-Gs across multiple human cancer cells (66).  

 

 

1.2 PG-G Hydrolysis 

 

PG-G Hydrolytic Instability 

Establishing the physiological relevance of PG-Gs in vivo has been a significant 

challenge due to their enzymatic hydrolysis to PGs (55). PG-Gs are hydrolyzed in vitro by 

MAGL (63,67), ABHD6 (68), ABHD12 (68), carboxylesterase-1 (CES1), and palmitoyl-protein 

thioesterase-1 (PPT1) (69). CES1 and PPT1 have been shown to metabolize PG-Gs in human 

THP1 cells (69). CES1, a xenobiotic-metabolizing enzyme that is expressed in high amounts in 

the liver, hydrolyzes a wide array of substrates, ranging from ester and amide-containing 

xenobiotics (70), to long chain FA esters and thioesters (71), and cholesteryl esters from lipid 

droplets (71,72). Similarly, PPT1, a lysosomal hydrolase, has multiple substrates; it appears 

predominantly responsible for the depalmitoylation of a number of proteins as well as hydrolysis 
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of palmitoyl-CoA and palmitoyl thioglucoside (73,74). Consistent with the wide substrate 

specificity exhibited by CES1 and PPT1, both enzymes are capable of hydrolyzing PG-Gs and 2-

AG (65,69,75). In THP1 monocytes, the hydrolysis of 2-AG is almost entirely attributed to 

CES1, with minor involvement of PPT1 (65,69,75). Kinetic analysis of both enzymes showed 

greater catalytic turnover for 2-AG than for PG-Gs, with both enzymes exhibiting almost twofold 

more activity for 2-AG than for PG-Gs (65). As none of these enzymes robustly hydrolyzed PG-

Gs preferentially over endocannabinoids and other substrates, we aimed to identify the major 

PG-G hydrolase responsible for their rapid metabolism. 

 

 

Figure 1.6: PGE2-G hydrolase activities in human cancer cells. Hydrolytic activity was 
determined by quantifying hydrolyzed PGE2 following exogenous addition of PGE2-G to various 
cell lysates containing equivalent amounts of protein. 

 

Identification of LYPLA2 as a PGE2-G Hydrolase in Cancer Cells  
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(76,77). The serine hydrolase proteome was enriched by covalently labeling the enzymes with 

fluorophosphonate molecules bound to biotin followed by avidin chromatography. The purified 

serine hydrolases were identified by multidimensional liquid chromatography mass 

spectrometry-based proteomic analysis of tryptic digests. Spectral counting, revealed the relative 

levels of serine hydrolase activities across a number of aggressive and non-aggressive cancer cell 

types (76,77). Utilizing the cancer cell types investigated in these serine hydrolase inventories, 

PGE2-G hydrolysis by the cytosolic fractions of two breast cancer cell lines, MDA-MB-231 and 

MCF7, and two prostate cancer cell lines, PC3 and LNCaP was quantified (Figure 1.6) (66). 

These studies demonstrate that LNCaP cells exhibited the lowest hydrolytic activity, while PC3 

cells displayed the highest rate of PGE2-G hydrolysis. By comparing the PGE2-G hydrolytic 

activity across the cell lines to published inventories of over 60 cytosolic serine hydrolases and 

their levels of expression in each cell line (76,77), one enzyme, LYPLA2, correlated across all 

data sets and was identified as a potential PG-G hydrolase.  
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Figure 1.7: LYPLA2 siRNA knockdown in PC3, MDA-MB-231, and LNCaP cells. (A) PGE2-G 
hydrolytic activity of cytosol obtained from PC3, MDA-MB-231, and LNCaP control 
(scrambled) or LYPLA2-deficient (siRNA) cells. Western blot analysis of LYPLA2 in control 
(scrambled) and LYPLA2-depleted (siRNA) PC3 (B), MDA-MB-231 (C, D), or LNCaP (E) 
cells. β-actin Western blotting verified equaling protein loading (5 µg per lane). Data are 
presented as the mean ± S.D. of triplicate analyses. ** indicates p <0.01.  **** indicates p 
<0.001.  

 

To validate the role LYPLA2 plays in PG-G hydrolysis, multiple experimental 

approaches were used to investigate LYPLA2-dependent modulation of cellular PG-G levels 

(66). For example, siRNA knockdown of LYPLA2 expression across a wide range of cancer cell 

lines caused significant decreases in the levels of PG-G hydrolytic compared to control cells 

(Figure 1.7). Furthermore, cDNA overexpression of LYPLA2 in HEK293 cells, which do not 

express the protein normally, caused elevated PG-G hydrolytic activity compared to fractions 

from untransfected cells (Figure 1.8). These experiments confirm the serine hydrolase, LYPLA2, 

as a major PG-G hydrolytic enzyme in human cells.  
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Figure 1.8: LYPLA2 overexpression in HEK293. (A) Western blot analysis of LYPLA2 in 
control HEK293 cells (control) and LYPLA2-overexpressing HEK293 cells (cDNA). β-actin 
Western blotting verified equaling protein loading (5 µg per lane). (B) PGE2-G hydrolytic 
activity of cytosol obtained from HEK293 (control) or LYPLA2-overexpressing (cDNA) cells. 
Data are presented as the mean ± S.D. of n = 6 analyses. **** indicates p < 0.001 by t-test. 
 

 

1.3 Serine Hydrolases 

 

Serine Hydrolase Family 

Serine hydrolases are one of the most prominent families of enzyme with over 200 

identified examples. They are thought to comprise more than 1% of the human proteome (78,79). 

Serine hydrolases are responsible for the hydrolysis reaction of an enormous range of ester, 

thioester, amide, phosphate, and sulfonate bonds from peptides, protein, lipids, deoxyribonucleic 

acid (DNA), ribonucleic acid (RNA), and other small molecule substrates. The active site Ser of 

these enzymes is activated by a series of amino acids in a charge relay system, generally known 

as a catalytic triad (Figure 1.9). This system involves the particular orientation of Ser in 

proximity to a hydrogen bond acceptor, most commonly His, to increase its nucleophilicity. 
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Additionally, the His is situated near an Asp to further promote a hydrogen bond forming 

between the His and Ser, though this is not always necessary and multiple serine hydrolases with 

catalytic diads exist (80). 

Serine hydrolases are organized into multiple superfamilies depending on their substrates, 

but can more simply be categorized into two groups: proteases, which degrade proteins by 

hydrolyzing peptide bonds; and metabolic serine hydrolases, which hydrolyze all of the smaller 

molecules. The majority of the metabolic serine hydrolases are folded similarly, with a highly 

conserved α/β fold involving 8 central β-strands connected by 6 surrounding α helices. This 

specific fold positions the catalytic triad in an active conformation, which is conserved within the 

superfamily (81,82).  

 

 

Figure 1.9: Catalytic triad (Asp-His-Ser) in the active site of serine hydrolase enzymes.  
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Figure 1.10: Mechanism of serine hydrolases demonstrating the role of the charge relay system 
in promoting nucleophilic attack by the active Ser. Asp-His-Ser imparts a partial negative charge 
on the active Ser, allowing for the formation of a tetrahedral intermediate with an ester (shown 
above), thioester, amide, etc. Following release of a leaving group, in this case an alcohol, water 
can displace the serine to generate a carboxylic acid product. 
 

Mechanism of the Catalytic Triad 

The specific placement of the catalytic triad in the active site of serine hydrolase 

enzymes, as shown in Figure 1.9, enables the protein to generate a strong nucleophile that is 

otherwise unavailable from the 20 natural amino acids. The position of each amino acid in the 

catalytic triad allows for proton transfer from the active serine to the proximal His as the 

nucleophilic hydroxyl group interacts with an electrophilic substrate (Figure 1.10). Depending on 
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the serine hydrolase, the substrate can be an ester, thioester, amide, etc., and interaction with the 

nucleophilic Ser generates a tetrahedral intermediate covalently bound to the enzyme. Generally, 

the resulting negative charge formed is stabilized by partially positively charged backbone 

amides in the active site, called the oxyanion hole (83). Following acid catalysis, the 

alcohol/thiol/amine is released as a leaving group, leaving an acylated active serine and a basic 

His. The His can then activate a nearby water molecule to react with the electrophilic acyl serine 

to reform a tetrahedral intermediate. Again, acid catalysis induces the breakdown of the 

tetrahedral intermediate, releasing a hydrolyzed carboxylic acid and restoring the charges of the 

active Ser and His (84,85).  

 

 

1.4 Lipid Metabolism 

 

The Lands Cycle and Lipid Metabolism 

The contents of cells are contained by the cell membrane, composed of a lipid bilayer 

(86-88). This fluid barrier is made up of amphiphilic phospholipids with hydrophilic phosphate 

headgroups and lipophilic acyl tails. The membrane is arranged in two layers of these 

phospholipids, resulting in a sheet of liquid hydrocarbons surrounded by two polar borders that 

prevent the passage of small molecules into or out of the cell. In addition to a barrier, the lipid 

bilayer acts as a medium for membrane-bound proteins to organize in specific locations and elicit 

a variety of vital functions for the cell (89-92). Membrane protein functions include intercellular 

communication, small molecule transport, enzymatic chemical reactions, and maintenance of 

membrane structure and lipid composition. The structure, fluidity, and permeability of the 
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membrane are all determined by its lipid composition (93-99). 

 

 
 

Figure 1.11: Phospholipid structure and nomenclature. Most common acyl chains, from 16-22 
carbons and 0-6 degrees of unsaturation, and phosphate headgroups, including, phosphatidic 
acids, cholines, ethanolamines, glycerols, inositols, and serines, are shown as substituents of a 
general glycerophosphate backbone. 
 

Phospholipids are comprised of three main components: lipophilic acyl chains of multiple 

lengths and degrees of unsaturation, a glycerophosphate backbone, and a polar headgroup with a 

variety of functionalities, most commonly unsubstituted phosphatidic acid, choline, 
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generally substituted with a saturated acyl chain, while the sn2 position (R2 in Figure 1.8) is 

generally substituted with an unsaturated acyl chain (100,101). Each of these components can be 

removed and replaced to restructure the composition of phospholipids in the lipid membrane. 

This is done by a variety of enzymes in a process called the Lands Cycle (Figure 1.12) (102-

105). 

 

  

Figure 1.12: Phospholipid metabolism in the Lands Cycle. FAs of phospholipids and LysoPLs 
are liberated by phospholipases and lysophospholipases, respectively. LysoPLs are also 
precursors of a different class of lipid mediators including platelet-activating factors, LPAs, and 
endocannabinoids. Alternatively, phospholipids and LysoPLs are generated by acyltransferases 
in the presence of acyl-CoA and LysoPLs or glycerophosphates, respectively.  

 

In this process, acyltransferase enzymes append FAs to glycerophosphate substrates to 

generate lysophospholipids (LysoPL), with “lyso” referring to the lipid lacking one acyl chain. 

Other acyltransferases can then add a second FA to the LysoPL to generate a diacylglycerol or 

phospholipid. Additionally, transacylase enzymes can transfer acyl chains directly from one 

phospholipid to another, or to alternative positions such as the amine of ethanolamines, as in the 
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case of NAPE synthesis (10,106,107). Alternatively, phospholipids are hydrolyzed by a variety 

of phospholipases, as described in Figure 1.13, to remove specific acyl chains and phosphate 

headgroups. Products of these reactions include FAs and LysoPLs, in the case of PLAs, PLA1 

and PLA2; diacylglycerol and a substituted phosphate group, in the case of PLC; and a 

diacylglycerophosphate and an alcohol in the case of PLD. Additionally, diacylglycerols can be 

further hydrolyzed to FAs and LysoPLs by DAGL, and LysoPLs can be further hydrolyzed to 

FAs and glycerophosphates by the lysophospholipase enzymes, lysophospholipase A1 

(LYPLA1) and lysophospholipase A2 (LYPLA2).  

 

 

Figure 1.13: Specific activities of PLA, PLC, and PLD enzymes, with sites of hydrolysis for 
each designated by a red, dotted line. 
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LysoPLs in Membrane Structure 

LysoPLs are formed from the hydrolysis of phospholipids, as described above. LysoPLs 

play an especially critical role in modulating the structure, shape, and fluidity of cell membranes 

(108-110). Their smaller size results in curvature stress in the membrane and destabilization of 

the bilayer, as depicted in Figure 1.14 (111-116). In contrast to a fully substituted phospholipid, 

whose lipophilic region is roughly the same size as its hydrophilic region to create a planar 

monolayer, FA and LysoPL shapes are irregular (Figure 1.14A). In the case of LysoPLs, the 

phosphate headgroup is larger than the size of the acyl chain, so high concentrations of LysoPLs 

cause positive curvature in the membrane. In the case of FAs, the opposite effect is seen where 

the size of the acyl chain overtakes the size of the polar carboxylic acid to cause negative 

curvature (Figure 1.14B). Normally, these properties are utilized to enable vesicular fusion to the 

membrane, as depicted in Figure 1.14C. As a result of elevated LysoPL species in cells, ion 

permeability through the membrane increases, bilayer hydration increases, membrane channel 

function is altered, and susceptibility to cell lysis is increased (117-120). While this is generally 

due to purposeful increases in PLA2 activity, uncontrolled increases in LysoPLs can be 

detrimental to cell health. In fact, certain parasites, such as Schistosoma mansoni, and bacteria, 

such as Helicobacter pylori, take advantage of this effect by releasing high concentrations of 

LysoPLs to disrupt host membranes and neutralize attacking neutrophils (121,122). 
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Figure 1.14: (A) Phospholipids in which the polar headgroup and the FA chains have similar 
sizes are thought to adopt a cylindrical shape in membranes (filled circles symbolize the polar 
headgroups, wavy lines represent the FA chains). Phospholipases convert phospholipids into 
conical FAs and inverted conical LysoPL products. (B) In an aqueous environment, cylindrical 
lipids produce stable planar monolayers, whereas inverted-conical (LysoPLs) and conical (FAs) 
lipids produce monolayers with positive or negative curvature, respectively. (C) The two steps of 
membrane fusion: left, during stalk formation, two adjoining membranes merge their outer 
leaflets producing a negatively curved monolayer region (blue) that is facilitated by cone-shaped 
lipids such as FAs; right, widening of the stalk generates a fusion pore that is lined by a 
positively curved monolayer region (red), which is favored by inverted cone-shaped lipids, such 
LysoPLs. Adapted from Piomelli et al., 2007 (116).  
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Table 1.1: Receptor-mediated action of LPSs, LPGs, LPEs, and LPIs. Modified from Makide, et 
al. (123) 
 

LysoPLs in Cell Signaling 

LysoPLs were originally thought to be a relatively minor lipid species in cells – just a 

byproduct of phospholipid hydrolysis (124). Even after realizing levels of LysoPLs were higher 

than previously thought in the mid-60’s, the idea that LysoPLs could act as signaling molecules 

was not seriously considered (125). It was not until the late 80’s – early 90’s that the biological 

activity of LysoPLs, specifically lysophosphatidic acids (LPA), as signaling molecules had been 

established (126-130). Even still, biological effects of LPAs remain the most extensively 

LysoPLs Target Cells Pharmacological Responses Receptor

Peritoneal mast cell (rodent) Enhancement of degranulation ?

PC12 Enhancement of NGF-induced differentiation ?

T lymphocyte Growth inhibition ?

L2071 (fibroblast) Migration ?

U87 (glioma) Migration ?

Macrophage Engulfment G2A

Myotube 3T3-L1 (adipocyte) Glucose uptake ?

? Depression, hypothermia (in vivo) ?

OVCAR-3 (ovarian cancer) Intracellular calcium increase ?

HUVEC ERK phospholilation, migration, tube formation ?

Natural killer cell ERK phospholilation, migration ?
Inhibition of chemokine-induced migration and IL-1β 

production
?

 intracellular calcium increase ?

PC12 Activation of MAPK, neuronal differentiation ?

SK-OV3 (ovarian cancer) Intracellular calcium increase, migration, invasion ?

MDA-MB-231 (breast cancer) Intracellular calcium increase LPA1CD97

Pancreatic islet Insulin release ?

Hippocampal neuron Prevention of ischemia-induced cell death (in vivo) ?
Ras-transformed thyroid epithelial 

cell
Proliferation GPR55

neuroblastoma cell Activation of MAPK, neuronal differentiation GPR55

PC12 Intracellular calcium increase, exocytosis ?
Endothelial cell Wound healing ?

Neutrophil, monocyte

LPS

LPG

LPE

LPI
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characterized. Numerous GPCRs across multiple cell lines have been attributed to LPA action 

through ligand-receptor interactions (131-133). Depending on the receptor and cell type, LPAs 

have been shown to induce a wide range of physiological responses, such as platelet aggregation, 

calcium mobilization, phagocyte activation, and vascular smooth muscle cell proliferation (134-

136). 

However, multiple other classes of LysoPLs (Figure 1.8), including 

lysophosphatidylcholines (LPC), lysophosphatidylethanolamines (LPE), 

lysophosphatidylglycerols (LPG), lysophosphatidylinositols (LPI), and lysophosphatidylserines 

(LPS), have also been shown to induce a variety of effects in cells and animals (119,135,137-

148). While these effects are usually stimulated through ligand interactions with mostly 

uncharacterized GPCRs (Table 1.1) (123), certain LysoPLs can induce changes in protein 

function and conformation by binding directly to the protein or altering the membrane structure 

surrounding membrane-bound proteins (149-152). For example, LPCs’ high physiological 

concentrations (~200 µM in human plasma) call into question a receptor agonist role in some 

circumstances, and accruing evidence supports the hypothesis they can elicit effects by altering 

membrane properties or interacting directly with proteins in ways other than saturable binding to 

a specific site (153-156). Specifically, LPCs have been shown to directly promote Ras-mediated 

activation of the mitogen-activated protein kinase (MAPK) signaling pathway by a mechanism 

that does not involve characterized LysoPL receptors (151). In contrast, LPEs, LPGs, and LPIs 

have also been shown to activate this signaling pathway, but they do so via respective receptor 

interactions (139,142,146,157,158).  

In any case, LysoPLs are well established as important signaling molecules in cells, 

adding significance to the metabolic pathways that modulate their levels and resulting effects in 
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cells. LYPLA1- and LYPLA2-mediated hydrolysis of these lipids is likely a major mechanism of 

regulation of LysoPL signaling; however, little is known about how these enzymes act to 

maintain lipid homeostasis in cells. As part of this work, we have characterized the cellular roles 

of LYPLA in lipid metabolism and identified physiological processes regulated by their activity 

(159). 

 

 

1.5 Protein Acylation 

 

Effects of Protein Palmitoylation 

Acyltransferases covalently attach FAs to a nucleophilic substrate. For example, 

acyltransferases are used in the Lands Cycle to restructure phospholipids, as described above. 

However, acyltransferases can also covalently attach FAs to protein substrates (160-163). Protein 

acylation is an abundant post-translational modification (PTM), especially in eukaryotic cells 

where it is estimated that 10-15% of proteins undergo palmitoylation (164). Notably, protein 

palmitoylation is estimated to be the fifth most common PTM in eukaryotic cells (165). This 

prevalent process involves the appendage of a palmitate functional group to the free side chain of 

an amino acid, specifically the thiol of Cys (S-palmitoylation), the amine of lysine or the N-

terminus (N-palmitoylation), or the alcohol of Ser or Thr (O-Palmitoylation) (166,167). S-

palmitoylation is the most common type of these acylation reactions. It is a dynamic process 

involving the addition of palmitate to Cys to potentially alter protein localization, structure, and 

activity (160,166,168).  
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Figure 1.15: Regulation of membrane binding and trafficking of proteins by palmitoylation. (A) 
Modification with palmitoylation by membrane-bound DHHC proteins promotes stable 
membrane association. (B) Dynamic palmitoylation of proteins by golgi-localized DHHC 
proteins leads to membrane trafficking via transport vesicles (red circles). Depalmitoylation of 
the protein releases it from the membrane allowing for free diffusion (green circles) ©2010 
Salaun, C., et al. J. Cell Biol. https://doi.org/10.1083 (167) 
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Proteins are palmitoylated by the highly conserved DHHC domain present in many 

membrane-bound palmitoyltransferase enzymes, as depicted in Figure 1.15A (169-171). This 

modification serves as a hydrophobic tether, allowing the protein to embed itself into a lipid 

bilayer. By associating with transport vesicles, the palmitoylated protein can be trafficked to 

specific subcellular locations. This transport mechanism allows for membrane localization of 

proteins without large membrane-binding domains and the ability to release the protein from the 

membrane by removing the acyl modification (172). 

In addition to regulating subcellular localization, protein acylation is able to induce 

structural changes to proteins (173-175). These changes in conformation can alter the stability of 

the protein, enabling it to avoid proteolysis, as well as cause the protein to become activated or 

inactivated. This mechanism of controlling protein activity is particularly common with GPCRs 

(176-178). Drugs targeting these transmembrane receptors account for more than half of all 

drugs on the market and in development, and are used in the treatment of a variety of 

pathologies, including cardiovascular, metabolic, neurodegenerative, psychiatric, and oncologic 

diseases (179,180). However, the effect of palmitoylation on the activity of these receptors has 

not been fully characterized, necessitating further study into this mechanism of GPCR control. 

 

Acyl-Protein Thioesterase Activity 

Dynamic protein palmitoylation, specifically, involves both the attachment and removal 

of palmitoyl modifications. Following the trafficking of proteins to specific subcellular locations, 

proteins are able to elicit their respective activity at the appropriate area of the cell. Cells are able 

to regulate the inherent activity of these proteins by changing their acylation state to attach it to 

or detach it from the membrane (Figure 1.15B). This process is especially important in neuronal 
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cells, where proteins have especially long lifespans, and regulating activity and subcellular 

location of proteins far from the nucleus is easier than new protein synthesis (181,182).  

Acyl-protein thioesterase enzymes are responsible for removing acyl modifications by 

hydrolyzing the thioester bonds of palmitate-modified Cys (163,172,183,184). In addition to 

their role in maintaining cellular lipid content, LYPLA1 and LYPLA2 are two of only three 

recognized cytosolic acyl-protein thioesterases that are responsible for the hydrolysis of S-Cys 

acyl modifications, in addition to ABHD17 (185). Whereas LYPLA1 has been shown to 

depalmitoylate multiple proteins, including LYPLA2 (both LYPLAs are palmitoylated 

themselves (186)), growth-associated protein 43 (GAP-43) is the only known palmitoylated 

protein substrate of LYPLA2 (186-190). GAP-43 is an important protein in neurons, responsible 

for the folding of neurites to induce dendritic outgrowth, and mutations or deletions of the GAP-

43 gene have been shown to impede neuronal development.  As the site of palmitoylation of 

GAP-43 is highly conserved in GPCRs, it is possible that LYPLA2 is also able to depalmitoylate 

these proteins to regulate activity. However, little is known regarding the role of any of these 

thioesterases in dynamic palmitoylation. As part of this dissertation project, we have developed 

methodologies to identify lipoprotein substrates of acyl-protein thioesterase enzymes, and have 

begun identifying such substrates of LYPLA1 and LYPLA2. 

 

1.6 Dissertation Aims 

 

The aims proposed in this dissertation project will test the hypothesis that unique 

structural features of LYPLAs dictate and modulate their distinct substrate selectivity in 
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vitro and in intact cells. Specifically, this project is designed to define the physiological role of 

LYPLA1 and LYPLA2 in the regulation of endocannabinoid metabolites, LysoPLs, and 

lipoproteins through completion of the following specific aims: 

 

Specific Aim 1: Validate the role of LYPLAs in PG-G hydrolysis in cells.  

LYPLA2 has been identified as a tentative PG-G hydrolase in vitro. Small molecule 

inhibition, siRNA knockdown, and cDNA overexpression will be utilized to characterize the 

roles of LYPLA1 and LYPLA2 in PG-G hydrolysis. Multiple cancer cell lines will be tested to 

validate the significance of LYPLAs in endocannabinoid metabolism in cellular settings. 

 

Specific Aim 2: Characterize the molecular determinants of substrate binding in the active 

site of LYPLA2.  

A crystal structure of LYPLA2 generated recently in our laboratory suggests that the 

enzyme metabolizes a range of lipid and lipid-modified substrates by accommodating these 

molecules in multiple binding regions of the protein’s active site. The crystal structure data, in 

comparison of that of LYPLA1, will be used to design and generate targeted site-directed 

mutants of the enzyme to be screened for hydrolytic activity against LysoPL and PG-G 

substrates.  

 

Specific Aim 3: Evaluate the role of lysophospholipases in modulating cellular levels of 

bioactive lipids using a CRISPR-Cas9 knockout cell line.  

Stable deletions of LYPLA1 and LYPLA2 in neuro2a neuroblastoma cells will be 
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developed using the CRISPR-Cas9 genome editing system. Differential lipidomics experiments 

will be performed using target-based LC-MS/MS techniques to compare substrates and products 

of LYPLAs in the wild-type (WT) and knockout neuro2a cells. These experiments will identify 

LysoPL substrates of LYPLA2 and compare them to those of LYPLA1. Physiological effects of 

preventing LYPLA expression will then be evaluated in the neuro2a cells. 

 

Specific Aim 4: Identify protein substrates of LYPLA1 and LYPLA2 depalmitoylation.  

WT, Lypla1-/-, Lypla2-/- and Lypla1-/-/Lypla2-/- neuro2a cells will be enriched with ω-

alkynylpalmitic acid (aPA). aPA-modified proteins will be isolated and quantified. Click 

chemistry will then be performed with IR-active or fluorescent tags to measure differential 

protein palmitoylation via western blot. To identify protein targets of LYPLA1 and LYPLA2 

activity, stable-isotope labeling of amino acids in cell culture (SILAC) and streptavidin affinity 

will be employed. Quantitative changes in palmitoylation of enriched proteins will be used to 

identify protein substrates of LYPLA1 and LYPLA2. 

  



 

 
31 

2 

Identification of the Major Prostaglandin Glycerol Ester Hydrolase in Human Cancer Cells 

 

 

2.1 Introduction 

 

Endocannabinoids are a class of AA-containing bioactive lipids that have myriad 

physiological functions (191-197). Key endocannabinoids include 2-AG and AEA, which are 

produced from membrane phospholipids and initiate cellular responses through interactions with 

the cannabinoid receptors, CB1 and CB2 (195-197). Their effects are mitigated via metabolism 

by the serine hydrolases, MAGL, ABHD6, ABHD12, and FAAH (198-202). In addition to these 

lipases, endocannabinoids have been shown to be selective substrates for cyclooxygenase 

enzymes, particularly COX-2. Oxidation of 2-AG by COX-2, followed by metabolism via PG 

synthases, results in the production of PG-Gs (Figure 2.1). These lipids are of growing interest 

because they elicit an array of cellular responses, including activation of calcium mobilization, 

modulation of synaptic transmission, induction of hyperalgesia, exacerbation of neurotoxicity 

and neuroinflammation, and elicitation of anti-inflammatory effects upon lipopolysaccharide 

stimulation (56-58,203-206).  

We chose to investigate the hydrolase responsible for PG-G metabolism in human cancer 

cell lines because of the high PGE2-G hydrolytic activity detected in preliminary experiments, 

the ease of cell maintenance, and the potential for straightforward biochemical and genetic 

manipulation. The various enzymes described above are serine hydrolases, so we explored the 

possibility that the PGE2-G hydrolase(s) in human cancer cells is (are) a member of this 
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superfamily.  

 

 

Figure 2.1: Biosynthesis and metabolism of 2-AG.  Following production of 2-AG, lipases 
(MAG lipase, ABHD6 and 12, CES1 and PPT1) can hydrolyze 2-AG to AA, which can be 
oxidized to form PGs. Additionally, 2-AG is oxidized by COX-2 to form PG-Gs. These PG-Gs 
can be hydrolyzed by CES1, PPT1 or an unidentified enzyme to form the free acid PGs. 

 

Serine hydrolases are a diverse class of enzymes that include lipases, proteases, and 

esterases (207,208), and many class members are involved in lipid biosynthesis and metabolism 

(199-202). A unifying feature of the serine hydrolase family is a catalytic mechanism that 

involves the activation of a serine nucleophile for attack on substrates containing esters, amides, 

or thioester bonds (208). This conserved mechanism has enabled the development of irreversible 

fluorophosphonate probes that can covalently modify the active site serine and render the 
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enzyme catalytically inactive (207). Nomura et al. (76,77) coupled fluorophosphonate probe 

binding with mass spectrometric proteomics techniques, known as activity-based protein 

profiling with multi-dimension protein identification technology (ABPP-MudPIT) to determine 

the relative activity levels of serine hydrolases across different cancer cell lines. Utilizing these 

inventories and comparing the relative activities of individual serine hydrolases to PGE2-G 

hydrolase activities has allowed us to identify LYPLA2 as a principal hydrolase responsible for 

PG-G metabolism in human cells. 

Lysophospholipases are an important class of serine hydrolases that metabolize LysoPLs 

to form free FA and the glycerophosphate-containing headgroup (209). Thus, we have identified 

a novel function and substrate for LYPLA2. Specifically, we identify LYPLA2 as the serine 

hydrolase responsible for hydrolysis of PG-Gs across a number of different cancer cell lines. 

siRNA knockdown and cDNA overexpression validated the involvement of LYPLA2 in PG-G 

hydrolysis. Active enzyme was expressed and purified in E.coli, which allowed for kinetic 

evaluation of an array of different substrates. In contrast to other PG-G hydrolyzing enzymes, we 

found that LYPLA2 exerted no action on 2-AG, or AEA. Thus, this is the first report of a 

hydrolase that preferentially hydrolyzes PG-Gs with no effects on the endocannabinoids.  

 

 

2.2 Materials and Methods 

 

Chemicals, Cells and Reagents 

2-AG, AEA, PG-Gs (PGE2-1 glycerol ester, PGD2-1 glycerol ester, PGF2α-1 glycerol 

ester), prostaglandin serinol amide (PGE2-SA), deuterated PGs and PG-Gs (PGE2-d4 and PGE2-
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G-d5) and deuterated AA (AA-d8) were purchased from Cayman Chemicals (Ann Arbor, MI). 

All LysoPLs and plasmalogens were purchased from Avanti Polar Lipids (Alabaster, Al). LC-

MS solvents were from Fisher Scientific (Chicago, Il). DharmaFECT 1 and methoxy 

fluorophosphonate coupled to tetramethylrhodamine (FP-TAMRA) was acquired from Thermo 

Scientific (Pittsburgh, PA). All siRNA, Lipofactamine 2000 and Lipofectamine RNAiMAX were 

from Life Technologies (Carlsbad, CA). Human breast cancer adenocarcinoma cell lines; MDA-

MB-231 and MCF7, prostate cancer cell lines; PC3 and LNCaP, human embryonic kidney cells, 

HEK293, and mouse macrophage like RAW264.7 were obtained from the American Type 

Culture Collection (ATCC, Manassas, VA). All cell culture media was from Gibco (Carlsbad, 

CA). Recombinant LYPLA1 cDNA, recombinant LYPLA2 cDNA and Turbofect were 

purchased from OriGene Technologies (Rockville, MD). Fetal bovine serum (FBS) was from 

Atlas Biologicals (Fort Collins, CO). HIS-Select Nickel Affinity beads are from Sigma (St. 

Louis, MO ). 120 mL HiPREP 16/60 Sephacryl S-200 HR was from GE Healthcare (Piscataway, 

NJ). Luna liquid chromatography reverse phase C18 column was from Phenomenex (Torrance, 

CA). Thermo liquid chromatography reverse phase C4 column was from Thermo Scientific. 

Synthetic reactions were monitored by thin-layer chromatography (TLC). Column 

chromatography was performed using commercial silica gel and eluted with solvent systems as 

indicated. The spin multiplicities are indicated by the symbols s (singlet), d (doublet), dd 

(doublet of doublets), dt (doublet of triplets), t (triplet), m (multiplet). 

 

Culture Conditions 

MDA-MB-231, MCF7, LNCaP, and HEK293 cells were maintained as an adherent 

culture in RPMI medium supplemented with 10% (v/v) FBS at 37°C and 5% CO2. PC3 cells 
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were grown in DMEM/F12 supplemented with 10% (v/v) FBS. RAW 264.7 mouse macrophage 

cells were maintained in high glucose DMEM supplemented with 10% FBS. All cells were 

grown to no more than 75% confluence. 

 

Preparation of Cell Lysates 

Cells were harvested by scraping, pelleted by centrifugation, and washed once with 

phosphate-buffered saline. The cells were resuspended in 500 µL ice-cold 25 mM Tris buffer 

(pH 7.5) containing 0.1 mM of both ethylenediaminetetraacetic acid (EDTA) and dithiothreitol 

(DTT). Cells were lysed by sonication (Virsonic Cell Disrupter model 16-850, 10 x 10 sec pulses 

at relative output of 0.5, on ice), and the cytosolic fractions were separated by centrifugation 

(100,000 x g for 1 h). Protein concentrations were determined using the BCA reagent kit 

according to the manufacturer’s instruction (Pierce, Rockford Il).  

 

PG-G Hydrolase Assay 

Hydrolytic activity was determined by adding 10 nmol of PGE2-G to 100 µL cell lysates 

(250 µg/mL total protein) at 37°C. Reactions were quenched after 2 h by addition of 1 mL of 

ethyl acetate containing deuterated internal standard (PGE2-d4). The organic layer was removed, 

evaporated to near dryness under nitrogen, and reconstituted with 50% methanol. Samples were 

analyzed by LC-MS/MS for the hydrolytic product, PGE2, which was quantified against the 

internal standard using stable isotope dilution.  

 

Serine Hydrolase Inhibition 

The general serine hydrolase probe, FP-TAMRA was used to determine the involvement 
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of serine hydrolases in the metabolism of PG-Gs. FP-TAMRA (100 nM) or dimethyl sulfoxide 

(DMSO) was added to 100 uL of MDA-MB-231 cytosol and allowed to incubate for 30 min at 

37°C. PG-G hydrolase activity was determined as described above, except samples were 

incubated from 0 to 60 min to obtain a full hydrolysis time course.  

 

Western Blot Analysis 

Protein expression was determined by western blot analysis. Samples were separated by 

sodium dodecyl sulfate (SDS) polyacrylamide gel electrophoresis (PAGE). Then, proteins were 

transferred to a nitrocellulose membrane and probed with either rabbit anti-LYPLA2 (1:500 v/v, 

Thermo Scientific), rabbit anti-LYPLA1 (1:500 v/v, Thermo Scientific) or anti-COX-2 (1:1000 

v/v, Cell Signaling) and goat anti-β-actin (1:5000 v/v, Santa Cruz) overnight at 4°C. Membranes 

were washed and incubated with IR-visible anti-rabbit or anti-goat secondary antibodies (1:5000 

v/v, LI-COR). Blots were visualized using an Odyssey IR Imager. 

 

Recombinant Human LYPLA1, LYPLA2 and His-tagged LYPLA2 E.coli Expression 

Full-length LYPLA2 was cloned into an untagged (pC6H) or a hexahistidine-tagged 

(p6Hb) vector using overlap PCR and isothermal assembly (210). These LYPLA2 constructs 

were subsequently transformed into BL21 Rosetta E. coli cells (Catalog # 71402, EMD 

Millipore) for protein expression. Large-scale expression was carried out in 10 L of 

autoinduction medium (211) at 37°C overnight.  

 

His-tagged LYPLA2 E.coli Purification 

All purification was performed at 4°C. E.coli cell pellets were resuspended in 20 mM 
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sodium phosphate buffer (pH 7.4) containing 500 mM NaCl, 20 mM imidazole, and 0.1 mM 

DTT. Cells were lysed by sonication (10 x 10 sec pulses at relative output of 0.5, on ice) and the 

cytosolic fraction was separated by centrifugation (100,000 x g for 1 h). HIS-Select Nickel 

Affinity beads pre-equilibrated with Buffer A (20 mM sodium phosphate buffer (pH 7.4), 500 

mM NaCl, 20mM imidazole, and 0.1 mM DTT) were added to the cytosolic fraction, and protein 

was bound overnight. Beads were packed into a column and washed with 4 column volumes of 

Buffer A. His tagged protein was eluted by linear gradient from 0 to 100% Buffer B (20 mM 

sodium phosphate buffer (pH 7.4), 500 mM NaCl, and 500 mM imidazole). Eluted protein was 

collected and concentrated using a Millipore 3000 MWCO centrifugal filter. Protein was loaded 

onto a 120 mL HiPREP 16/60 Sephacryl S-200 HR size exclusion column pre-equilibrated with 

2 column volumes of running buffer (Tris buffer (pH 7.5)), 0.1 mM EDTA, 0.1 mM DTT). The 

column was eluted with 1 column volume of running buffer at a flow rate of 0.5 mL/min, protein 

was collected, and purity was validated by SDS-PAGE.  

 

LYPLA2 Kinetic Analysis 

Hydrolysis reactions with recombinant LYPLA2 (100 nM protein) were performed in 25 

mM Tris buffer (pH 7.5) with 0.1 mM EDTA and 0.1 mM DTT, with or without 0.5% (w/v) 

bovine serum albumin (BSA). Substrates dissolved in either 50% ethanol (PG-Gs), methanol 

(LysoPLs) or 2-propanol (plasmalogens) were added at varying concentrations, ranging from 0-

200 µM. After preincubation of LYPLA2 for 5 min at 37°C, reactions were initiated with the 

addition of substrate. Reactions were quenched after 5 min with either 1 mL of ethyl acetate 

containing 20 ng/mL of either PGE2-d4 (for PGE2-G and PGD2-G), PGF2α-d4 (for PGF2α-G), 

AA-d8 (for 2-AG, 1-AG and AEA), or with 150 µL of ethanol containing 20 ng/mL of l7:0 



 

 
38 

lysoPC (for stearoyl, palmitoyl, and oleoyl lysoPC). 17:0 lysoPA (for palmitoyl lysoPA), 17:1 

lysoPS (for palmitoyl lysoPS and oleoyl lysoPE) or 18:0(plasm)/18:1 PC plasmalogen (for 

18:0(plasma)/20:4 plasmolagen). The optimal time for determining kinetic parameters was 5 

min. The organic layer was collected and dried to completion under nitrogen. Samples were 

reconstituted in 50% methanol and analyzed by LC-MS/MS. Kinetic parameters were 

determined by performing non-linear regression analysis using a Michaelis-Menton equation 

with Prism Graphpad. 

 

Synthesis of ML349 

Vilsmeier-Haack Formylation: N,N-dimethylformamide (DMF) (5 mL) and phosphorous 

oxychloride (3.02 mmol, 1 eq.) were added to a dried flask containing dichloromethane (DCM) 

(10 mL) and stirred at 0°C for 0.5 hours. Thiochroman-4-one, 1, (3.02 mmol) was then added 

and stirred for another 0.5 hours at 0°C. The reaction was brought to room temperature and 

stirred for 22 hours. The reaction mixture was a light yellow color that turned darker as the 

reaction progressed. It was then quenched with 1N sodium acetate (15 mL) and extract with 

DCM. This was washed with brine twice to remove as much DMF as possible, and the organic 

layer was dried with sodium sulfate and concentrated under reduced pressure. The Vilsmeier-

Haack product, 2, was then column purified with a 15:1 hexanes:ethyl acetate solvent system to 

give a bright yellow oil. 420 mg of product were collected (>98% pure by NMR) to give a 66% 

yield. 1H NMR (400 MHz, CDCl3):  δ (ppm) 3.73 (s, 2H), 7.29 (m, 1H), 7.35 (m, 1H), 7.40 (mm, 

1H), 7.94 (m, 1H), 10.35 (s, 1H). 

Thiophene Cyclization: Vinyl chloride product, 2, (1.99 mmol) and ethyl thioglycolate 

(2.193 mmol, 1.1 eq.) were dissolved in DCM (20 mL) and cooled to 10-15°C. Triethylamine 
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(556 µL, 2 eq.) was added and the reaction was warmed to room temperature while stirring 

overnight. The reaction mixture was a bright yellow color, and fluoresced under 365 nm light as 

product was formed. The reaction was quenched with 48% potassium hydroxide (2 eq.) and 

stirred for another 15 minutes before diluting with water and extracting with DCM. The organic 

layer was dried with sodium sulfate and concentrated under reduced pressure to give a crude 

yellow oil product, 3, that was carried over to the next step without further purification. 

Saponification: The crude thiophene ester, 3, was dissolved in tetrahydrofuran (THF) (10 

mL) and stirred at room temperature. Sodium hydroxide (9.97 mmol, 5 eq.) was dissolved in 

water (4 mL) and added dropwise while stirring. The reaction was then heated to 60°C and 

stirred overnight. The reaction solution was biphasic, with a clear brown organic layer and a 

lighter tan aqueous layer. The reaction was quenched with water and washed with DCM. The 

deprotonated product remained in the aqueous layer, which was a clear yellow color. The 

aqueous solution was then acidified with 2 M HCl to pH=2. The protonated product, 4, then 

precipitated out of solution to give a powdery yellow solid. This was washed three times with 

water and finally 3:1 methanol:water then dried on a lyophilizer for 24 hours. 472 mg of beige 

powder product were collected (>98% pure by NMR) to give a 95% yield for the last two steps. 

1H NMR (400 MHz, Acetone-d6):  δ (ppm) 4.12 (s, 2H), 7.30 (m, 2H), 7.43 (m, 1H), 7.62 (m, 

1H), 7.72 (s, 1H). m/z = 247.0. 

Sulfur Oxidation: Thiophene acid, 4, (1.81 mmol) was dissolved in THF (15 mL) and 

stirred at room temperature. Oxone (3.90 mmol, 2.1 eq.) was dissolved in water (11.3 mL) and 

added dropwise while stirring. This was stirred for 3.5 hours at room temperature. The reaction 

mixture was biphasic, with a clear brown organic layer and a cloudy tan aqueous layer. The 

reaction was then diluted with water and washed with ethyl acetate. The organic layer was dried 
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with sodium sulfate and concentrated under reduced pressure to give a tan powder product, 5. 

513 mg of product were collected (>85% pure by HPLC) to give a 99% yield. 1H NMR (400 

MHz, DMSO-d6):  δ (ppm) 4.94 (s, 2H), 7.68 (dt, 1H, J = 1.9 / 11.46 Hz), 7.77 (s, 1H), 7.81 (m, 

1H), 7.80 (m, 1H), 7.83 (m, 1H). m/z = 279.1. 

Amide Coupling: The oxidized benzothiopyran acid, 5, (1.83 mmol), 1-(4-

methoxyphenyl)piperazine, 6, (1.83 mmol, 1 eq.) and HATU (2.75 mmol, 1.5 eq.) were 

dissolved in DMF (27.5 mL) and stirred at room temperature under argon. 

Diisopropylethylamine (1.26 mL, 4 eq.) was added dropwise and stirred overnight at room 

temperature forming a clear brown color. The reaction was quenched with ethyl acetate and 

washed with water. The product, 7, precipitated out of solution and was filtered then washed 

three times with hexane and once with 3:1 hexanes:ethyl acetate. The product was a tan powder. 

343 mg of product were collected to give a 41% yield, and an overall yield of 25%.1H NMR (600 

MHz, DMSO-d6):  δ (ppm) 3.11 (t, 4H, J = 5.1 Hz), 3.71 (s, 3H), 3.84 (s, 4H), 4.91 (s, 2H), 6.90 

(m, 4H), 7.56 (s, 1H), 7.67 (m, 1H), 7.80 (m, 2H), 7.99 (d, 1H, J = 7.6Hz). 13C NMR (600 MHz, 

DMSO-d6):  δ (ppm) 161.64, 153.88, 145.45, 137.63, 135.18, 134.67, 134.18, 131.27, 130.21, 

130.00, 129.97, 126.50, 123.86, 118.55, 114.80, 55.66, 50.87, 50.52. m/z = 455.4. 

 

Hydrolytic Activity of LYPLA2 Following Small Molecule Inhibition 

Inhibition reactions were conducted in 25 mM Tris buffer (pH 7.5) with 0.1 mM EDTA 

and 0.1 mM DTT containing 100 nM of recombinant LYPLA2. 100 µL of protein was 

preincubated with 0-100 µM of either ML348 or ML349 (212), or the PGE2-G structural analog 

(PGE2-SA) for 5 min. Reactions were initiated by addition of 5 µM of PGE2-G and then 

quenched after 5 min with 1 mL of ethyl acetate containing 20 ng/mL of PGE2-d4. The organic 
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layer was evaporated to dryness under nitrogen, reconstituted in 50% methanol, and analyzed by 

LC-MS/MS for PGE2.  

 

LYPLA2 Inhibition in RAW 264.7 Murine Macrophage-like Cells 

The effects of LYPLA2 inhibition on PG-G production were tested by exposure of cells 

to ML349. RAW 264.7 cells were plated at 3 x 106 cells per 100 mm2 plate and incubated for 24 

h in DMEM supplemented with 10% FBS. Medium was replaced with serum-free DMEM 

containing either 1 µg/mL of lipopolysaccharide (LPS) (Sigma), 10 µM ML349, or a 

combination of both, and allowed to incubate for 6 h. Cells treated with LPS were then spiked 

with 5 µM of ionomycin (Calbiochem) for 45 min. Ionomycin stimulates the production of 2-AG 

and AA from endogenous sources (213). Lipids were extracted from the cell medium by addition 

of 2x volume of ethyl acetate containing PGE2-d4, PGE2-G-d5 and AA-d8 internal standards. The 

organic layer was dried under nitrogen, and the residue was reconstituted in 50% methanol for 

analysis of PGs, PG-Gs, and AA by LC-MS/MS.  

 

LC-MS Analytical Procedures  

Analysis of prostanoids was accomplished by reverse phase chromatography followed by 

mass spectrometric detection by selected reaction monitoring (SRM) using a Shimadzu LC-20 

HPLC system coupled to an Applied Biosystems 3200 QTrap mass spectrometer. Separation of 

PGs and LysoPCs was achieved by gradient elution of a Phenomenex Luna C18 column (50 mm 

x 2.0 mm, 3 µm particle size). Solvent A was HPLC grade water with 0.1% formic acid, and 

solvent B was acetonitrile (ACN) with 0.1% formic acid. Samples were injected onto the column 

with a starting condition of 80% solvent A and 20% solvent B at a flow rate of 0.5 mL/min. A 
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linear gradient of increasing solvent B to 98% was run over 2 min and then held for 1.5 min. 

SRM transitions were as follows; PGE2 transition m/z 351.3→271.2, PGE2-d4 m/z 

355.3→275.2. 

 Separation of PGs and PG-Gs was accomplished with a gradient formed between solvent 

A, HPLC grade water with 5mM ammonium acetate (pH 3.6), and solvent B, ACN 

supplemented with 6% (v/v) of solvent A. Samples were injected onto the column with a starting 

condition of 70% solvent A and 30% solvent B at a flow rate of 0.6 mL/min. A linear gradient of 

increasing solvent B to 100% was run over 3.1 min and then held for 1.8 min. SRM transitions 

were as follows; PGE2-G transition m/z 444.3→391.3, PGE2-G-d5 m/z 449.3→396.3, PGE2 m/z 

370.3→317.2, PGE2-d4 m/z 374.3→321.2. 

Separation of AA was achieved by gradient elution. Solvent A was HPLC grade water 

with 80 µM silver acetate, and solvent B was methanol with 118 µM silver acetate. Samples 

were injected onto the column with a starting condition of 80% solvent A and 20% solvent B at a 

flow rate of 0.4 mL/min. A linear gradient of increasing solvent B to 100% was run over 1 min 

and then held for 2 min. SRM transition was as follows; AA m/z 518.9→411.1, AA-d8 m/z 

526.9→419.1. 

Separation of choline-containing LysoPLs was achieved by gradient elution using a 

Thermo C4 reverse phase column. Solvent A was HPLC grade water with 0.1% formic acid, and 

solvent B was ACN with 0.1% formic acid. Samples were injected onto the column with a 

starting condition of 30% solvent A and 70% solvent B at a flow rate of 0.5 mL/min. A linear 

gradient of increasing solvent B to 99% was run over 2 min and then held for 1 min. SRM 

transitions were as follows; 18:0 LPC m/z 524.3→184.3, 18:1 LPC 524.3→184.3, 17:0 LPC m/z 

510.3→184.3, 16:0 LPC m/z 496.3→184.3. 
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Separation of all other LysoPLs was achieved by gradient elution using a Thermo C4 

reverse phase column. Solvent A was HPLC grade water with 0.1% formic acid, and solvent B 

was ACN with 0.1% formic acid. Samples were injected onto the column with a starting 

condition of 50% solvent A and 50% solvent B at a flow rate of 0.5 mL/min. A linear gradient of 

increasing solvent B to 99% was run over 4 min and then held for 2.5 min. SRM transitions were 

as follows; 16:0 LPA m/z 409.2→152.8, 17:0 LPA m/z 423.4→152.8, 16:0 LPS m/z 

496.4→153.0, 17:1 LPS m/z 508.4→153.0, 18:1 LPE m/z 478.3→281.2.  

Resolution of plasmalogens was achieved by gradient elution using a Thermo C4 reverse 

phase column. Solvent A was HPLC grade water with 0.1% formic acid, and solvent B was 2:1 

ratio of 2-propanol to ACN with 0.1% formic acid. Samples were injected onto the column with 

a starting condition of 50% solvent A and 50% solvent B at a flow rate of 0.5 mL/min. A linear 

gradient of increasing solvent B to 100% was run over 2 min and then held for 5 min. SRM 

transitions were as follows; 18:0(plasm)/18:1 PC plasmalogen m/z 773.5→184.3, 

18:0(plasm)/20:4 PC plasmalogen m/z 795.3→184.3. 

 

 

2.3 Results 

 

Expression, Isolation, and Activity of Recombinant Human His-tagged LYPLA2  

Having demonstrated that LYPLA2 is involved in PGE2-G hydrolysis (66), we next 

aimed to elucidate the biochemical activities of this serine hydrolase utilizing expressed and 

purified his-tagged recombinant human enzyme. Expression of LYPLA2 or his-tagged LYPLA2 

in E.coli, significantly increased PGE2-G hydrolytic activity as compared to the activity of 
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control E.coli cells (Figure 2.2A). The his-tagged LYPLA2 was purified as a single 25 kDa band 

as determined by protein staining and western blotting (Figure 2.2B), matching the predicted 

molecular weight of LYPLA2, and had no change in activity to untagged protein. On the basis of 

Coomassie blue staining, the expressed his-tagged LYPLA2 was >95% pure.  

 

 

Figure 2.2: Production and hydrolytic activity of recombinant human LYPLA2 by 
overexpression in E.coli. (A) PGE2-G hydrolytic activity of cytosol obtained from WT E. coli 
and E. coli overexpressing recombinant human LYPLA2 or recombinant His6-tagged human 
LYPLA2. (B) Coomassie blue staining (left), Western blot analysis of LYPLA2 (center) and 
His6 tag (right) of purified, recombinant his-tagged LYPLA2 produced by E. coli. 
 

LYPLA1 Involvement in PGE2-G Hydrolysis  

LYPLA2 is a member of the serine hydrolase family responsible for LysoPL metabolism. 

There is a second isoform present in all tested cancer cell lines, named LYPLA1. Similarly to 

LYPLA2, LYPLA1 is responsible for hydrolysis of LysoPLs and shares over 60% sequence 

homology with LYPLA2. To investigate the role LYPLA1 plays in PGE2-G hydrolysis, siRNA 

knockdown of LYPLA1 was conducted in MDA-MB-231 cells. The levels of LYPLA1 were 

markedly reduced (70%) in MDA-MB-231 cells upon transfection with siRNA as determined by 
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western blot analysis (Figure 2.3A). Cytosolic fractions obtained from MDA-MB-231 cells 

following LYPLA1 knockdown displayed a minor reduction in hydrolysis of PGE2-G compared 

to control cells (Figure 2.3B).  

 

 

Figure 2.3: LYPLA1 siRNA knockdown in MDA-MB-231 cells and LYPLA1 overexpression in 
HEK293. (A) Western blot analysis of LYPLA1 in control MDA-MB-231 cells (scrambled) and 
LYPLA1-depleted cells (siRNA). β-actin Western blotting verified uniform protein loading (5 
µg per lane). (B) PGE2-G hydrolytic activity of cytosol obtained from MDA-MB-231 control 
cells (scrambled) or LYPLA1-deficient MDA-MB-231 cells (siRNA). (C) Western blot analysis 
of LYPLA1 in control HEK293 cells (control) and LYPLA2-overexpressing HEK293 cells 
(cDNA). β-actin Western blotting verified equaling protein loading (5 µg per lane). (D) PGE2-G 
hydrolytic activity of cytosol obtained from HEK293 (control) or LYPLA1-overexpressing 
(cDNA) cells. Data are presented as the mean ± S.D. of triplicate analyses. ** indicates p < 0.01 
by t-test. N/S indicates no significance. 
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western blot (Figure 2.3C) compared to control cells. Importantly, upon overexpression of 

LYPLA1, HEK293 cytosolic fractions showed no significant increase in PGE2-G hydrolytic 

activity compared to untransfected cells (Figure 2.3D). Unlike the siRNA knockdown data, the 

overexpression data do not confirm LYPLA1 as a serine hydrolase responsible for PGE2-G 

hydrolysis in highly hydrolytically active cancer cell lines.  

 

 

Figure 2.4: LYPLA2 hydrolytic activity against multiple lipid substrates. Substrate 
concentration (pmol) vs. reaction velocity (pmol/min) plots for recombinant his-tagged 
LYPLA2. Data are presented as the mean ± S.D. of triplicate analyses. 
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multiple PG-Gs (PGE2-G, PGD2-G, PGF2α-G), endocannabinoids (2-AG, 1-AG and AEA), and 

LysoPLs (palmitoyl (16:0), stearoyl (18:0) or oleoyl (18:1) LPC, palmitoyl LPS, and palmitoyl 

(16:0) LPA). Analysis of substrate concentration-velocity plots (Figure 2.4) yielded steady-state 

Michaelis-Menton kinetic parameters (Table 2.1) for LYPLA2 hydrolytic activity against all 

substrates tested. Initially, we determined activity towards LysoPL substrates and found that the 

catalytic efficiencies of LYPLA2 for palmitoyl and stearoyl LPC, palmitoyl LPA and palmitoyl 

LPS (kcat/Km = 4.0, 5.6, 3.1 and 3.3 min-1µM-1, respectively) were comparable to published 

values (209). Interestingly, addition of a single site of unsaturation in the lipid (18:1 LPC) 

significantly reduced the catalytic efficiency of the enzyme (Kcat/Km = 0.6 min-1µM-1), 

suggesting the unsaturated lipids hinder hydrolysis. LYPLA2 did not display any catalytic 

activity against plasmalogens.  

 

 

Table 2.1: Kinetic parameters for hydrolysis of multiple lipid substrates by recombinant human 
LYPLA2. 

kcat Km kcat/Km

(min-1) (µM) (min-1 µM-1)

PGE2-G 14.1 ± 0.4 13 ± 1.1 1.08 ± 0.10

PGF2α-G 2.2 ± 0.3 5.0 ± 1.1 0.44 ± 0.11

PGD2-G 9.5 ± 1.6 67 ± 14 0.14 ± 0.04

LysoPC (16:0) 33.3 ± 1.7 8.3 ± 1.0 4.0 ± 0.52

LysoPC (18:0) 44.3 ± 10.2 7.8 ± 4.4 5.6 ± 3.41

LysoPC (18:1) 24.8 ± 9.1 40.7 ± 20.6 0.6 ± 0.38

LysoPA (16:0) 34.6 ± 4.7 11.1 ± 3.2 3.1 ± 0.99

LysoPS (16:0) 44.1 ± 10.4 13.3 ± 6.2 3.3 ± 1.72

1-AG 1.7 ± 0.07 7.6 ± 1.2 0.23 ± 0.04

2-AG N/A N/A N/A

AEA N/A N/A N/A

Plasmalogen (38:4) N/A N/A N/A

Substrate
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LYPLA2 had lower hydrolytic efficiency towards PG-Gs relative to its activity with 

LysoPLs. LYPLA2 showed a greater catalytic efficiency for PGE2-G (Kcat/Km = 1.1 min-1µM-1) 

than for PGF2α-G and PGD2-G (kcat/Km = 0.44 and 0.14 min-1µM-1, respectively).  

Commercially available PG-Gs are an equilibrium mixture of the 2-glyceryl ester (~15%) 

and the 1(3)-glyceryl ester (~85%). To evaluate the regiochemistry of hydrolysis, we modified 

the LC conditions to enable separation of the isomers. LC-MS/MS analysis of PGE2-G following 

LYPLA2 incubation demonstrated that the 1(3)-glyceryl ester was selectively hydrolyzed; no 

hydrolysis of the 2-glyceryl ester was observed (Figure 2.5A). Neither of the endocannabinoids, 

2-AG or AEA, was hydrolyzed by LYPLA2. Since commercial 2-AG is nearly pure 2-glyceryl 

ester, we incubated 2-AG in 25 mM Tris buffer (pH 7.5) overnight to allow it to equilibrate with 

the 1(3)-AG isomer. Addition of LYPLA2 to this equilibrium mixture demonstrated hydrolysis 

of the 1(3)-AG but no hydrolysis of 2-AG (Figure 2.5B). The kcat/Km for hydrolysis of 1-AG was 

lower than that of PGE2-G (Table 2.1). Consideration of the substrate-specificity data 

summarized in Table 2.1 suggests that LYPLA2 only hydrolyzes 1(3)-glyceryl esters.  

 

 

Figure 2.5: Hydrolytic activity of LYPLA2 against sn1- (black) and sn2-isomers (white) of 
PGE2-G (A) and AG (B). Data are presented as the mean ± S.D. of n=6 analyses. *P< 0.05, 
**P< 0.01, ***P< 0.001. 
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It was recently reported that addition of BSA to incubations of PGD2-G with human 

MAGL increases the rate of hydrolysis of PGD2-G. Therefore, we determined the relative 

activity of LYPLA2 to a series of substrates in the presence of 0.5% BSA (w/v). The activity of 

LYPLA2 toward PGE2-G increased whereas the activity to 1-AG, 16:0-LPC and 18:0-LPC 

decreased (Figure 2.6). In fact, PGE2-G is the preferred substrate of LYPLA2 in the presence of 

BSA.  

 

Figure 2.6: Hydrolytic activity of LYPLA2 against a variety of lipid substrates in the absence 
(black) or presence (white) of BSA. Data are presented as the mean ± S.D. of n=6 analyses. **** 
indicates p < 0.0001; ns, no significance. 
 

Synthesis and Characterization of LYPLA2 Inhibitors 

Synthesis of the specific LYPLA2 inhibitor, ML349, began with thiochroman-4-one, 1, 

and was carried out within 5 steps (Scheme 2.1). The synthesis was successfully completed with 

an overall yield of 25%, producing 343 mg of purified material. 1 is commercially available and 

was readily converted to 2 via a Vilsmeier-Haack formylation, involving the addition of an 

aldehyde moiety at the three position, and substitution of the ketone with a chloride leaving 

group. The initial synthetic scheme involved the oxidation of 1 to a sulfone prior to formylation 
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in order to avoid oxidation of the thiophene ring; however, this resulted in a complex reaction 

mixture with a minimal amount of the desired product. This may be due to the introduced 

sulfone stabilizing the ketone and reducing the acidity of the alpha carbon. The sulfone may also 

have further destabilized the formylated product, as 2 was found to begin decomposing within 

four hours of isolating the purified material. With 2 produced at a 66% yield, it was immediately 

column purified and carried over into the next reaction to produce the cyclized thiophene, 3. This 

was then saponified without any further purification to form the deprotonated carboxylate, 4, 

which crashed out of aqueous solution when acidified to give a >98% pure product at a 95% 

yield from the last two steps. 4 was then oxidized to the sulfone species, 6, with oxone in a 

biphasic solution of THF and water, with a yield of 99%. Peracetic acid was also considered as 

an alternative oxidizing agent but did not form the desired product. A HATU-promoted coupling 

of 5 with 6 was then performed to produce the final product, 7, with a 44% yield, resulting in an 

overall yield of 25%. ML349 was found to be highly insoluble in most organic solvents, 

specifically dichloromethane, which was useful in purification. When the reaction solution was 

diluted with dichloromethane, ML349 precipitated and was then filtered and washed with 

hexanes to give a purified product without the need for column purification.  

 

 

Scheme 2.1: Synthesis of ML349 from thio-4-chromanone (1) and N-
paramethoxyphenylpiperazine (6).  
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Figure 2.7: Inhibition of LYPLA2 by small molecule inhibitors. (A) Chemical structures and 
IC50 values for ML349 (Compound 1 - LYPLA2 inhibitor), ML348 (Compound 21 - LYPLA1 
inhibitor), JZl-184 (MAGL inhibitor), and PGE2-SA (structural analog of PGE2-G). (B) 
Inhibition curves of LYPLA2-mediated hydrolysis of PGE2-G by ML349 (Compound 1), ML348 
(Compound 21), PGE2-SA, and JZL184. Data are presented as the mean ± S.D. of triplicate 
analyses.  
 
 

Inhibition of Recombinant LYPLA2 Results in Decreased Hydrolysis of PG-Gs  
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LYPLA2 activity. An amidated PGE2-G structural analog, PGE2-SA, was also assessed for 

LYPLA2 inhibition. PGE2-SA had no effect on the hydrolysis of PGE2-G, indicating the enzyme 

may have very tight requirement for substrate binding.  

 

 

Figure 2.8: LYPLA2 inhibition significantly increases endogenous levels of PGE2-G/PGD2-G 
formed in RAW264.7 murine macrophage-like cells. Cells were treated with LPS (1 µg/mL) in 
the presence or absence of 10 µM ML349 (Compound 1) for 6 h in serum-free medium followed 
by treatment with ionomycin (5 µM) for 45 min. The culture medium was removed and lipids 
extracted for LCMS/MS analysis for PGE2-G/PGD2-G (A), and PGE2/PGD2 (B). (C) Western 
blot analysis of untreated and treated RAW264.7 macrophages confirmed the expression of 
COX-2 and LYPLA2 in cells. β-actin Western blot verified equal protein loading (10 µg per 
lane). Data are presented as the mean ± S.D. of triplicate analyses. ** indicates p < 0.01 
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with the calcium ionophore ionomycin (5 µM) to promote release of 2-AG/AA. We determined 

whether inhibition of LYPLA2 by ML349 could affect the amount of PG-Gs produced in 

stimulated RAW264.7 cells. Upon simulation, RAW264.7 cells produce high levels of PGD2 and 

PGE2 and lower levels of PGD2-G and PGE2-G all of which are secreted into the culture 

medium, as previously reported (215) (Figure 2.8). Pretreatment of stimulated RAW264.7 cells 

with 10 µM ML349 prior to addition of ionomycin, increased the levels of PGD2/PGE2-G in the 

medium compared to those in the medium of uninhibited cells (40 vs 26 pmol). A concomitant 

decrease in PGD2/PGE2 was not observable, likely because of the large excess of PGs to PG-Gs 

in stimulated RAW cells. 

 

 

2.4 Discussion 

 

Endocannabinoids are lipid mediators that elicit a variety of physiological effects, 

including analgesia and suppression of inflammation (22,196,197). COX-2 oxygenates 2-AG to 

form PG-Gs, which display effects that are frequently opposite those of endocannabinoids, e.g., 

hyperalgesia and neuroinflammation (56-58,203-206). However, complete elucidation of the 

effects of PG-Gs in vivo has been challenging due to their hydrolytic instability (55). The present 

studies have identified a serine hydrolase, LYPLA2, as a major enzyme responsible for PGE2-G 

hydrolysis in human cancer cells. 

LYPLA2 was expressed in E. coli and purified to apparent homogeneity in order to 

determine its specific activity against a range of substrates. LYPLA2 exhibited higher catalytic 

efficiency against LysoPLs than against PG-Gs when assays were conducted in the absence of 
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albumin. However, the inclusion of albumin in the assay buffer led to a reversal of substrate 

specificity such that PGE2-G was hydrolyzed more rapidly than other substrates, including 

LysoPLs. Among the PG-Gs tested, PGE2-G was the preferred substrate, followed by PGF2α-G 

and PGD2-G. The PG-Gs assayed as substrates were an equilibrium mixture of the 1(3)- and 2-

glycerol esters; the 1(3)-glycerol ester comprises 85% of the mixture. Monitoring the isomeric 

composition in the presence of LYPLA2 under conditions in which hydrolysis was faster than 

isomerization revealed that LYPLA2 selectively hydrolyzed the 1(3)- but not the 2-isomer. 

LYPLA2 also displayed no activity against 2-AG or AEA but did hydrolyze 1(3)-AG at rates 

lower than PGE2-G. In fact, in the presence of albumin, PGE2-G was hydrolyzed nearly 10-fold 

faster than 1(3)-AG. Figure 2.8 summarizes the lipid substrates for LYPLA2.  

 

 

Figure 2.9: Lipid substrates for hydrolysis by LYPLA2 demonstrate preference for sn1-isomers. 
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hydrolyze the 2-glycerol isomer of the PGD2-G dehydration product, 15-deoxy-PGJ2, quite 

efficiently. In fact, MAGL exhibited higher activity against the 2-glycerol ester of 15-deoxy-

PGJ2 than the 1(3)-isomers of PGE2-G or PGD2-G (68). Whether this is due to the more polar 

nature of PGE2-G and PGD2-G compared to 15-deoxy-PGJ2 or to the isomeric differences in the 

glycerol ester moiety is unknown. 

LYPLA2 is more active against PG-Gs than the three enzymes previously reported to 

exhibit PGE2-G hydrolase activity. LYPLA2’s catalytic activity for PGE2-G is 2-fold, 17-fold 

and 52-fold greater than those reported for CES1, MAGL, and PPT1, respectively (63,65). 

However, inclusion of albumin in the buffer solutions increases the rates of PGE2-G hydrolysis 

by LYPLA2 and MAGL. Furthermore, unlike LYPLA2, which does not hydrolyze 2-AG, CES1, 

MAGL, and PPT1 are all more active against 2-AG than against PGE2-G (65,69,75). 

Since multiple enzymes hydrolyze PG-Gs with different rates and under different 

conditions, selective inhibitors or genetic manipulations will be important in dissecting the 

contributions of individual hydrolases to PG-G hydrolysis in intact cells or tissues. ML349, 

which had been previously reported to inhibit LYPLA2 (212), exhibited 32-fold selectivity for 

inhibition of PGE2-G hydrolysis compared to the MAGL inhibitor JZL-184, and greater than 

100-fold selectivity compared to the LYPLA1 inhibitor ML348. JZL-184 is a potent MAGL 

inhibitor but is frequently used in vitro and in vivo at concentrations much higher than its stated 

IC50 for MAGL of 50 nM (217). ML349 significantly reduced PGE2-G hydrolysis by LYPLA2 

in vitro and increased endogenous levels of PGD2-G/PGE2-G in LPS-activated RAW 

macrophages. This is the first demonstration of the elevation of a lipid substrate by inhibition of 

LYPLA2 in intact cells. 

While ML349 is able to selectively inhibit LYPLA2 over other serine hydrolases with 



 

 
56 

high sequence homologies, its IC50 is barely submicromolar, leaving room for improvement. 

Alterations of the starting materials 1 and 6 could easily be incorporated into the structure of 

ML349 to prepare a library of molecules in order to identify a more potent inhibitor against 

recombinant LYPLA2 using the assays described above to directly quantify hydrolytic activity of 

the enzyme towards its substrates. 

The specificity of LYPLA2 for 1(3)-glycerol ester substrates suggests that isomerization 

of the initially formed 2-glycerol esters of PGE2-G/PGD2-G occurred following LPS treatment of 

the RAW cells. The half-life to spontaneous acyl migration of 2-glycerol esters to 1(3)-glycerol 

esters is ~10 min in serum-free medium but reduces to ~3 min in the presence of serum (13). 

Since the synthesis of PGE2-G/PGD2- G took place over 45 min following addition of ionomycin 

to trigger 2-AG release, there was ample time for isomerization to occur. The possibility also 

exists that isomerization of 2-AG to 1(3)-AG occurred during this time course and that addition 

of ML349 inhibited 1(3)-AG hydrolysis by LYPLA2 leading to elevated levels of PGE2-

G/PGD2-G following COX-2 oxygenation. This possibility seems less likely than ML349 

inhibition of LYPLA2 hydrolysis of PGE2-G/PGD2-G because 1(3)-AG is an inferior substrate 

for LYPLA2 compared to PG-Gs and because 1(3)-AG is a poorer substrate than 2-AG for 

oxygenation by COX-2.  

The biological effects of PG-Gs that have been documented in the literature have all been 

recorded with commercial material, which are primarily the 1(3)-glycerol esters. It is not known 

if the 2-glycerol esters of PG-Gs have more potent or different effects in the same assays. 

Therefore, it seems likely that LYPLA2 plays an important role in controlling the biological 

effects of endocannabinoid-derived PG-Gs. The present work demonstrates that it is a major and 

perhaps the major PG-G hydrolase in human cancer cells. However, the multiplicity of enzymes 
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that hydrolyze these compounds, either the 2- or the 1(3)- isomers, suggests that different 

enzymes will play significant roles in controlling the activities of PG-Gs depending on the cell 

type and physiological state. It will be exciting to dissect the contributions of individual enzymes 

to PG-G hydrolysis using a combination of chemical biological and genetic approaches.  
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3 

Structural Investigation into Substrate Specificity of Lysophospholipases 

 

 

3.1 Introduction 

 

LYPLA1 and LYPLA2 share 68% sequence identity and are 83% similar. Despite this 

high degree of conservation, the enzymes are thought to have distinct substrate preferences based 

on in vitro studies using purified recombinant protein assays (209,218-220). LYPLA2 is 

considered the less promiscuous hydrolase with increased activity toward LPC and LPE classes 

of LysoPLs, whereas LYPLA1 displays comparable activity toward all LysoPL classes. 

Additionally, LYPLAs have been shown to hydrolyze a variety of other types of substrates. For 

example, the endocannabinoid, 2-AG, is oxygenated by COX-2 to generate PG-Gs (47,221). Our 

previous work has identified LYPLA2 as a PG-G hydrolase, converting PG-Gs to free PGs, 

though only 1-isomers of these glyceryl esters were tested in these studies (66). This suggests a 

role for LYPLA2 in endocannabinoid metabolism. Furthermore, LYPLA1 and LYPLA2, also 

called APT1 and APT2, respectively, are among a small pool of enzymes known to exhibit 

thioesterase activity on palmitoylated proteins such as the G5α subunit of heterotrimeric G 

proteins, Ras, and GAP-43 (183,186,190,222,223). LYPLA1 and LYPLA2 act to remove these 

acyl modifications as part of a dynamic palmitoylation process, regulating the subcellular 

location and conformation of a variety of specific cellular proteins (183,184,186,222).  

In addition to their specificity toward LysoPL substrates, LYPLA1 and LYPLA2 have 

distinct preferences toward these eicosanoid and lipoprotein substrates. As opposed to LYPLA2, 
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LYPLA1 does not seem to have a significant role in PG-G hydrolysis in a cellular setting (66). 

Additionally, whereas multiple lipoprotein substrates of LYPLA1 have been identified, GAP-43 

is the only palmitoylated protein shown to be deacylated by LYPLA2 

(172,183,186,187,190,222,224-227). Moreover, both enzymes are specific toward their 

respective lipoprotein substrates with no apparent overlap in acyl-protein thioesterase activity. 

The crystal structure of apo-LYPLA1 (PDB ID: 1FJ2) suggests that the enzyme is 

unusual in that it lacks the traditional cap domain found in other members of the α/β-hydrolase 

superfamily (228). Instead, the β4-α2 loops are positioned as a flexible lid covering the active 

site serine, creating a potential hydrophobic channel for lipid binding. With such a high degree of 

sequence identity, we hypothesized that LYPLA2 would be folded similarly to LYPLA1, but 

would have distinct structural differences in its active site that could potentially explain the 

divergent substrate preferences of the two enzymes. To understand the substrate specificity of 

LYPLAs, we employed x-ray crystallography to determine the structure of LYPLA2 and 

compare the two enzymes. We then used the resulting structural information to guide site-

directed mutagenesis studies to compare recombinant activity of WT and mutant enzymes 

toward various LyoPL and PG-G substrates in order to elucidate key residues of LYPLA2 

important for its distinct substrate specificity. 

 

 

3.2 Materials and Methods 

 

Chemicals, Cells and Reagents 

Eicosanoid substrates were purchased from Cayman Chemicals (Ann Arbor, MI), unless 
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otherwise noted. LysoPLs and plasmalogens were purchased from Avanti Polar Lipids 

(Alabaster, Al). LC-MS solvents were from Fisher Scientific (Chicago, Il). HIS-Select Nickel 

Affinity beads are from Sigma (St. Louis, MO ). 120 mL HiPREP 16/60 Sephacryl S-200 HR 

was from GE Healthcare (Piscataway, NJ). Luna liquid chromatography reverse phase C18 

column was from Phenomenex (Torrance, CA). Thermo liquid chromatography reverse phase C4 

column was from Thermo Scientific. Synthetic reactions were monitored by thin-layer 

chromatography (TLC). Column chromatography was performed using commercial silica gel 

and eluted with solvent systems as indicated. The spin multiplicities are indicated by the symbols 

s (singlet), d (doublet), dd (doublet of doublets), dt (doublet of triplets), t (triplet), m (multiplet). 

 

X-Ray Crystallography  

Recombinant human LYPLA2 (10 mg/mL) was pre-incubated with phenylmethylsulfonyl 

fluoride (PMSF) (10X molar ratio). Crystals were produced by hanging drop vapor diffusion 

with drops containing 2 µL of enzyme-inhibitor complex and 2 µL of reservoir solution 

containing 0.1 M sodium citrate (pH 5.6) and 15-30% PEG 3350. After 1~2 weeks, irregular 

crystals formed and were supplemented with 25% glycol for cryopreservation. Diffraction data 

for LYPLA2-PMSF were collected on the Advanced Photon Source LS-CAT beamline 24-ID-E 

at 100 K. The data were processed with XDS and solved to 2.70 Å resolution by molecular 

replacement using Phaser with the A chain of LYPLA1 (PDB ID: 1FJ2) as the search model. 

Two monomers were present in one asymmetric unit. Difference electron density maps 

contoured at 3σ showed the presence of a phenylmethylsulfonyl moiety associated with active 

Ser122. Data collection and refinement statistics for each structure are listed in Table 3.1. 

Figures were generated using PyMol Molecular Graphics system (Schrödinger). Atomic 
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coordinates for LYPLA2-PMSF have been deposited in the PDB (ID: 6BJE). 

 

 

Table 3.1: X-ray data collection and refinement statistics for LYPLA2-PMSF. 

 

Synthesis of 16:0-d3-LysoPC (Scheme 3.1) 

Phosphoglyceride Acylation: Dicyclohexylcarbodiimide (DCC) (0.34 g, 1.7 mmol) and 

4-dimethylaminopyridine (DMAP) (0.20 g, 1.6 mmol) were added to a milky solution of sn-

glycero-3-phosphocholine:CdCl2 (0.24 g, 0.54 mmol) and d3-palmitic acid (0.43 g, 1.7 mmol) in 

anhydrous CHCl3 (10 mL). Crushed glass was added to the reaction mixture and it was 

LYPLA2•PMSF 

Data Collection PDB ID: 6BJE 

Wavelength (Å) 0.9792 

Resolution range (Å) 139.81 - 2.66 (2.81 - 2.66) 

Space group P43212 

Unit cell (a, b, c) 54.8, 54.8, 279.6 

Total reflections 155,367 (16,080) 

Unique reflections 12,993 (1,618) 

Multiplicity 12.0 (9.9) 

Completeness (%) 98.4 (88.7) 

Mean I/sigma(I/σ) 7.6 (1.5) 

Wilson B-factor (Å2) 43.4 

R-merge 0.196 (0.693) 

CC1/2 0.988 (0.565) 

Refinement 

Resolution 69.91- 2.70 (2.91 -2.70) 

R-work/R-free 22.1/26.4 (30.2/33.8) 

Number of atoms 
(total/protein/ligands/s

olvents) 
3347/ 3291/181/38/18 

R.M.S. (bond/angle) 0.003/0.695 

Ramachandran 
favored/outliers (%) 97.0/0 

Average B-factor 45.76/45.02/65.91/55.82 

No. of Crystals = 1. The values in parentheses are 
for the highest resolution shell; !!"#$" =
!! !"# !!! !"#  !!"#

!! !"#!!"#
× 100% and ! = !! ! !!!"#

!!!"#
×

 100%� where Fo and Fc are the observed and 
calculated structure factors� Rfree test set is 10.0%. 
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sonicated. After 6 h, the reaction mixture was filtered and the glass washed with MeOH. 

Purification by column chromatography (70:25:5, CH2Cl2:MeOH:H2O) afforded the product d6-

dipalmitoylphosphatidylcholine (d6-DPPC) as a white powder (0.18 g, 46%). 

 

 

Scheme 3.1: Synthesis of 16:0-d3-LPC using DCC coupling of palmitic acid-d3 to glycerol-3-
phosphocholine followed by sn2-selective hydrolysis via PLA2 isolated from snake venom. 
Reagents: a: d3-palmitic acid, DCC, DMAP, CHCl3; b: snake venom PLA2, CaCl2, pH 7 
phosphate buffer. 

 

Selective sn2-Hydrolysis: Snake venom PLA2 (∼5 mg) was added to a milky solution of 

the d6-DPPC (0.18 g, 0.24 mmol) in a mixture of ether (5 mL), MeOH (1 mL), and phosphate 

buffer (pH 7.4, 5 mL) containing CaCl2 (0.7 mM). After 1 h, H2O (10 mL) was added, and the 

reaction mixture was extracted with CHCl3:MeOH (2:1, 20 mL). The 16:0-d3-LPC product was 

isolated as a white powder (86 mg, 72%) after purification by column chromatography (70:25:5, 

CH2Cl2:MeOH:H2O). The NMR data were consistent with literature values for lysoPC, with the 

terminal deuterated methyl group absent. 1H NMR (MeOH-d4) δ 4.33-4.21 (m, 2H), 4.18-4.02 

(m, 2H), 4.01-3.98 (m, 1H), 3.96-3.82 (m, 2H), 3.69-3.67 (m, 2H), 3.26 (s, 9H), 2.37 (t, 2H, J = 

7.5 Hz), 1.65-1.51 (m, 2H), 1.30 (m, 24H). 

 

Generation of Mutant LYPLA2 Constructs 

Site-directed mutagenesis was performed on His-tagged LYPLA2 plasmid using primers 

targeting amino acids of interest. The primers were as follows: S122A sense, 5’- 
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GGAGGCTTTGCACAGGGC-3’, S122A antisense, 5’-GCCCTGTGCAAAGCCTCC-3’, 

A43W sense, 5’-GCTGGGCTGACTGGCTCTCCACC-3’, A43W antisense, 5’-

GGTGGAGAGCCAGTCAGCCCAGC-3’, M217W sense, 5’-

CCTCAGGAGTGGGCAGCTGTGAAGG-3’, M217W antisense, 5’-

CCTTCACAGCTGCCCACTCCTGAGG-3’, S82A sense, 5’- 

CTGGGGCATCTGGAGCCAGCCCCATCAGGT-3’, S82A antisense, 5’- 

ACCTGATGGGGCTGGCTCCAGATGCCCCAG-3’, S82D sense, 5’- 

TCTGGGGCATCTGGATCCAGCCCCATCAGGTC-3’, S82D antisense, 5’- 

GACCTGATGGGGCTGGATCCAGATGCCCCAGA-3’. PfuTurbo DNA polymerase was used 

to amplify the mutant plasmid according to specifications from Agilent. After amplification, 2.5 

µL Cutsmart buffer and 1 µL DpnI were added and incubated at 37ºC for 1.5 hr to digest any 

remaining methylated DNA. The digested product of mutant plasmids were then transformed 

into DH5α E. coli cells by adding 2 µL plasmid product to 50 µL cells and incubating on ice for 

30 min. The cells were then heat shocked at 42ºC for 45 sec, incubated on ice for 2 min, and 200 

µL S.O.C. media were added. Cell solutions were incubated at 37ºC and shaken at 250 rpm for 1 

hour to recover. Cell solutions were then spread onto LB agar plates with kanamycin and 

incubated at 37ºC overnight. Colonies from each plate were inoculated into 5 mL of LB with 

50 µg/mL kanamycin to create glycerol stocks (40% glycerol) and for plasmid purification to 

sequence and verify successful mutagenesis.  Recombinant protein was expressed and purified as 

described above. 

 

Recombinant LYPLA Activity Assays  

Recombinant WT and mutant enzyme solutions (100 nM) were prepared in PBS with or 
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without 0.5% (w/v) FA-free BSA, and 100 µL aliquots of each solution were preincubated at 37 

ºC for 5 min. PGE2-G, 16:0-LPC, 18:0-LPC, 16:0-d3 LPC, or a mix of sn1-1 and sn2-18:0 LPC 

(1.5 nmol) were added in 1 µL ethanol, and samples were vortexed, and then incubated at 37 ºC 

for 10 min. For quantitation of product formation (PGE2-G and 16:0-d3 LPC), enzymatic activity 

was quenched by adding 1 mL of ice-cold ethyl acetate with 0.5% (v/v) acetic acid containing 

either 20 ng PGE2-d4 or 1 nmol 16:0-d31 as internal standards. Samples were vortexed, and the 

organic layers were collected and dried under nitrogen. To quantify PG-G hydrolysis, extracts 

were resuspended in 200 µL ACN and analyzed via LC-ESI-MS/MS, as described below. To 

quantify 16:0-d3 LPC hydrolysis, samples were derivatized with pentafluorobenzyl (PFB) 

bromide based on a previously described method with minor adaptions (229). Specifically, 

extracts were reconstituted in 150 µL ACN, and then 200 µL of 100 nM tetrabutylammonium 

hydrogen sulfate in 100 nM dibasic sodium phosphate buffer was added. Following addition of 

200 µL 2% (v/v) PFB bromide in chloroform, the samples were vortexed and sonicated for 45 

min at 35% output using a Virsonic Cell Disrupter (Model 16-850), and then lipids were 

extracted via the addition of 1 mL of 9:1 hexanes:ethanol. The organic layer was removed, dried 

under nitrogen, and resuspended in 200 µL ACN for analysis via LC-atmospheric-pressure 

chemical ionization (APCI)-MS/MS, as described below. For quantitation of substrate remaining 

(isomeric differentiation of PG-1G vs -2G and sn1- vs sn2-18:0 LPC studies), enzymatic activity 

was quenched by adding 100 µL of ice-cold ethanol with 0.5% (v/v) acetic acid containing 2 µM 

17:0 LPC as an internal standard. Samples were immediately analyzed via LC-ESI-MS/MS, as 

described below, to prevent the equilibration of sn1- and sn2- isomers via acyl migration. 
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Table 3.2: LC-MS/MS conditions for PGE2 analysis. (A) LC parameters for mobile phases, 
column, and LC gradient. (B) MS parameters for PGE2 and PGE2-d4 analytes, including MS 
mode, fragmentation patterns, collision energy, and deionization potential. 
 

LC-MS Analytical Procedures 

Analysis of prostanoids and derivatized FAs was accomplished by reverse phase 

chromatography followed by mass spectrometric detection by selected reaction monitoring 

(SRM) using a Shimadzu LC-20 HPLC system coupled to an Applied Biosystems 3200 QTRAP 

mass spectrometer. Separation and MS analysis of PGs was performed in negative mode on a 

system configured as described in Table 3.2. Separation and MS analysis of FAs was performed 

in negative mode on a system configured as described in Table 3.3. 

 

;

y
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Table 3.3: LC-MS/MS conditions for 16:0-d3 analysis. (A) LC parameters for mobile phases, 
column, and LC gradient. (B) MS parameters for 16:0-d3 and 16:0-d31 analytes, including MS 
mode, fragmentation patterns, collision energy, and deionization potential. 

 

Separation of PG-Gs was accomplished with a gradient formed between solvent A, 

HPLC-grade water with 5 mM ammonium acetate (pH 3.6), and solvent B, ACN supplemented 

with 6% (v/v) of solvent A. Samples were injected onto the column with a starting condition of 

70% solvent A and 30% solvent B at a flow rate of 0.6 ml/min. A linear gradient of increasing 

solvent B to 100% was run over 3.1 min and then held for 1.8 min. SRM transitions were as 

follows: PGE2-G transition m/z 444.3 à 391.3; PGE2-G-d5 m/z 449.3 à 396.3.  

Resolution of PG-G isomers was achieved by gradient elution using an Agilent Eclipse 

XDB-C18 column (150 x 2.1 mm, 3.5 µm particle size). Solvent A was HPLC-grade water with 

5 mM ammonium acetate (pH 3.6), and solvent B, ACN supplemented with 6% (v/v) of solvent 

y
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A. Samples were injected onto the column with a starting condition of 33% solvent A and 67% 

solvent B at a flow rate of 0.350 ml/min. A linear gradient of increasing solvent B to 53% was 

run over 6.5 min, followed by a sharp increase of B to 99% over 0.1 min and then held at 99% 

for an additional 1.9 min. SRM transitions were as follows: PGE2-1G and PGE2-2G transition 

m/z 444.3 à 391.3; PGE2-G-d5 m/z 449.3 à 396.3; and PGE2-d4 m/z 374.3 à 321.2. 

Resolution of AG isomers was achieved by gradient elution using an Agilent Eclipse 

XDB-C18 column (150 x 2.1 mm, 3.5 µm particle size). Solvent A was HPLC-grade water with 

2 mM ammonium acetate, and solvent B was methanol with 10 mM ammonium acetate. Samples 

were injected onto the column with a starting condition of 15% solvent A and 85% solvent B at a 

flow rate of 0.325 ml/min. A linear gradient of increasing solvent B to 95% was run over 9.5 

min, followed by a sharp increase of B to 100% over 0.5 min and then held at 100% for an 

additional 3 min. SRM transitions were as follows: 1-AG and 2-AG transition m/z 396.2 à 

287.1; and 2-AG-d8 m/z 404.2 à 295.1. 

Separation of LPCs was achieved by gradient elution using a Thermo C4 reverse phase 

column. Solvent A was HPLC-grade water with 0.1% formic acid, and solvent B was ACN with 

0.1% formic acid. Samples were injected onto the column with a starting condition of 30% 

solvent A and 70% solvent B at a flow rate of 0.5 ml/min. A linear gradient of increasing solvent 

B to 99% was run over 2 min and then held for 1 min. SRM transitions were as follows: 16:0 

lyso-PC m/z 496.3 à 184.3; 18:0 lyso-PC m/z 524.3 à 184.3; 18:1 lyso-PC m/z 524.3 à 184.3; 

and 17:0 lyso-PC m/z 510.3 à 184.3.  
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Figure 3.1: Comparison of the activities of recombinant LYPLA1 and LYPLA2. (A) Scheme of 
hydrolysis of 16:0-d3 LPC (left) and PGE2-G (right) by LYPLAs. (B) Activity of recombinant 
LYPLA1 and LYPLA2 toward representative substrates, PGE2-G and 16:0-d3 LPC with or 
without 0.5% (w/v) BSA. (C) Activity of recombinant LYPLA1 and LYPLA2 toward sn1 and 
sn2 isomers of 18:0 LPC (1(3)-18:0 LPC and 2-18:0 LPC, respectively). Data is expressed as µM 
substrate remaining after incubating in no enzyme control (PBS) or with LYPLA1 or LYPLA2. 
**P<0.01, ***P<0.001. 
 

 

3.3 Results 

 

LYPLA1 is a PG-G Hydrolase in vitro 

The work described in Chapter 2 identified LYPLA2 as a major PG-G hydrolase in 

cancer cells. At that time, LYPLA1 was ruled out on the basis of siRNA knockdown in cells, but 

the enzyme’s PG-G hydrolytic activity was not evaluated directly in vitro with purified 

recombinant protein (66). Therefore, we quantified both LYPLA1 and LYPLA2 activity toward 

a representative PG-G substrate, PGE2-G. Additionally, as both LYPLA1 and LYPLA2 have 

been shown to robustly hydrolyze 16:0-LPC, we quantified hydrolytic activity toward the 16:0-

LPC species as a representative LysoPL substrate. However, as the products of LysoPL 

hydrolysis by LYPLAs are a glycerophosphate headgroup (too small and polar for LC 
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separation) and a FA (notoriously omnipresent in solvents, plastics, and glassware, as well as 

difficult to ionize and fragment (230-232)) (Figure 3.1A), we utilized an isotopically labeled 

16:0-d3 LPC species and a PFB-Br derivatization for these assays (229). The derivatization 

yields a PFB-esterified acyl chain, which has electron-capturing properties to enable sensitive 

ionization and detection in APCI-MS/MS. This method allowed for the LC-MS/MS-based 

quantification of a FA species by avoiding contamination and ionization issues.  

As demonstrated in Figure 3.1B, both enzymes were able to hydrolyze these substrates. 

LYPLA1 hydrolyzed PGE2-G at a rate of 48.1 ± 0.5 µmol/min/mg compared to 93.3 ± 4.7 

µmol/min/mg for LYPLA2, and LYPLA1 hydrolyzed 16:0-d3 LPC at a rate of 127 ± 8 

µmol/min/mg compared to 129 ± 9 µmol/min/mg for LYPLA2. Thus, contrary to our findings in 

intact cancer cells, recombinant LYPLA1 displayed substantial PG-G hydrolytic activity. 

However, whereas the two enzymes hydrolyzed 16:0-d3 LPC with equivalent specific activity, 

LYPLA2 was significantly more active than LYPLA1 toward PGE2-G. It has been reported that 

BSA is able to improve hydrolysis of lipid substrates in recombinant serine hydrolase activity 

assays, presumably by acting as a lipid carrier to better mimic the conditions of a cellular setting, 

and we have recently shown that the presence of BSA has a significant effect on LYPLA2-

mediated PG-G hydrolysis (66,68). Therefore, we also added BSA to the enzyme solutions to 

promote substrate availability and compared enzymatic activity toward both PG-G and LysoPL 

substrates. In the presence of BSA, LYPLA1 hydrolyzed PGE2-G at a rate of 64.2 ± 1.7 

µmol/min/mg compared to 170 ± 8 µmol/min/mg for LYPLA2, and LYPLA1 hydrolyzed 16:0-

d3 LPC at a rate of 137 ± 14 µmol/min/mg compared to 137 ± 2 µmol/min/mg for LYPLA2. 

These results suggest that the addition of BSA promotes the hydrolytic activity of LYPLA2 but 

not LYPLA1 toward PG-Gs, without significantly affecting the activity of either enzyme toward 
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LysoPLs.  

 Preliminary studies by our lab have suggested LYPLA2 prefers the sn1-isomer of PG-G 

and glycerolipids (Figure 2.8) (66). To determine substrate specificity of LYPLAs toward sn1- 

vs sn2-isomers of LysoPLs, equilibrium mixtures of sn1-18:0 LPC (~80%) and sn2-18:0 LPC 

(~20%) were added to 100 nM enzyme solutions of LYPLA1, LYPLA2, or a no enzyme control 

under conditions in which hydrolysis occurred faster than isomeric equilibration. The isomeric 

composition of the remaining 18:0 LPC substrate was assessed immediately after quenching with 

acidified ethanol to prevent acyl migration, and PBS controls were included to ensure that 

changes to isomeric composition were not merely a result of isomeric equilibration. With both 

LYPLA1 and LYPLA2, only sn1-18:0 LPC isomer levels were significantly decreased after 10 

min compared to those in the PBS controls (Figure 3.1C). These data demonstrate the specificity 

of LYPLAs toward sn1-LysoPLs, which is consistent with our published activity of LYPLA2 

toward 1(3)-PG-Gs and 1(3)-AG. 
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Figure 3.2: Crystal structure of 
LYPLA2-PMSF (PDB – 6BJE) 
shown in cartoon representation 
with orientation exposing active 
Ser122 with PMSF modification. 
Β5-α2 loop enveloping the active 
site is highlighted in blue. 
Catalytic triad, Asp176, His210, 
and active Ser122, shown in 
close-up view, rotated 180º. X-
Ray data collection and 
refinement statistics are described 
in Table 3.1. 
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LYPLA1 and LYPLA2 Display High Structural Alignment  

Despite a roughly 2-fold higher activity of LYPLA2 toward PG-Gs compared to 

LYPLA1, the substrates share many similarities in substrate preferences. Though LYPLA1 does 

not seem to have a clear role in PG-G hydrolysis in cells (Figure 2.5), it is clearly able to 

hydrolyze the eicosanoids in an in vitro setting (Figure 3.1B). Additionally, the enzymes 

hydrolyze LysoPL and lipoprotein substrate classes, giving three similar substrate pools, all 

structurally distinct from one another. However, LYPLA1 and LYPLA2 have shown to prefer 

specific substrates in each class, suggesting a structural basis of substrate binding.  

 

 

Figure 3.3: LYPLA2 is equally active in monomer and dimer conformations. Hydrolytic activity 
of WT LYPLA2 from monomer and dimer fractions following size-exclusion purification toward 
PGE2-G compared to a no enzyme control; data are normalized to hydrolytic activity of 
monomer fraction. (N=6) 

 

To understand how the structures of LYPLAs impact their substrate specificity, we 

employed sparse matrix screening of crystallization to obtain the crystals that were used to solve 
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the first structure of LYPLA2 covalently modified by the general serine hydrolase inhibitor, 

PMSF, at 2.7 Å resolution (PDB – 6BJE) (Figure 3.2, Table 3.1). Another crystal structure of 

LYPLA1 (PDB ID: 5SYM), and the structure of LYPLA2 (PDB ID: 5SYN), have also recently 

been solved with the specific inhibitors, ML348 and ML349, respectively, bound in their active 

sites (233). Although the previously reported structures of LYPLA1 and LYPLA2 suggest the 

proteins form weak dimers, size-exclusion chromatography indicates that LYPLA2 is equally 

active as a monomer (Figure 3.3).  

 

 

Figure 3.4: Structural alignment of the crystal structures of LYPLA2-PMSF (PDB – 6BJE), 
shown in blue, and LYPLA2-ML349 (PDB – 5SYN), shown in cyan. 

 



 

 
74 

 

 

Figure 3.5: Comparison of sequences and structures of LYPLA1 and LYPLA2. (A) Sequence 
alignment of LYPLA1 and LYPLA2, with identical residues designated by white text 
highlighted in red, similar residues designated by red text, and similar sequences designated by 
blue boxes. The catalytic Ser119 and Ser122 of LYPLA1 and LYPLA2, respectively, are marked 
with a black box and an “*”. (B) Structural alignment of LYPLA1 (PDB – 1FJ2), shown in red, 
and LYPLA2, shown in blue, suggests a high degree of structural similarity between the 
proteins. Active Ser residues are labeled S119 in red and S122 in blue in LYPLA1 and LYPLA2, 
respectively. RMSD = 0.878 Å, Q-Score = 0.838. (C) Surface representation of LYPLA1 (PDB – 
1FJ2), with red and blue representing negative and positive charges, respectively. (D) Surface 
representation of LYPLA2-PMSF (PDB – 6BJE), with red and blue representing negative and 
positive charges, respectively. 

DC

B
S119/
S122	

A LYPLA1   1 MCGNNMSTPLPA---IVPAARKATAAVIFLHGLGDT 33  
LYPLA2   1 MCGNTMSVPLLTDAATVSGAERETAAVIFLHGLGDT 36 
 
 
LYPLA1  34 GHGWAEAFAGIRSSHIKYICPHAPVRPVTLNMNVAM 69  
LYPLA2  37 GHSWADALSTIRLPHVKYICPHAPRIPVTLNMKMVM 72 
 
 
LYPLA1  70 PSWFDIIGLSPDSQEDESGIKQAAENIKALIDQEVK 105  
LYPLA2  73 PSWFDLMGLSPDAPEDEAGIKKAAENIKALIEHEMK 108 
 
 
LYPLA1 106 NGIPSNRIILGGFSQGGALSLYTALTTQQKLAGVTA 141 
LYPLA2 109 NGIPANRIVLGGFSQGGALSLYTALTCPHPLAGIVA 144 
                         
 
LYPLA1 142 LSCWLPLRASFPQGPIGGANRDISILQCHGDCDPLV 177  
LYPLA2 145 LSCWLPLHRAFPQAAN-GSAKDLAILQCHGELDPMV 179 
 
 
LYPLA1 178 PLMFGSLTVEKLKTLVNPANVTFKTYEGMMHSSCQQ 213 
LYPLA2 180 PVRFGALTAEKLRSVVTPARVQFKTYPGVMHSSCPQ 215 
 
 
LYPLA1 214 EMMDVKQFIDKLLPPID 230 
LYPLA2 216 EMAAVKEFLEKLLPPV- 231 

*
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Ours is the second structure of LYPLA2 to be published, and the first with a covalent 

modification of the active site Ser122 (159). Consistent with the previously reported structure, 

LYPLA2-PMSF crystallized as a dimer, though the enzyme is equally active in monomer and 

dimer conformations (Figure 3.3). Crystals of apo-LYPLA2 were also obtained but failed to 

diffract for structure studies due to lattice defects. The data confirm that like LYPLA1, LYPLA2 

lacks a cap domain, which is replaced by the β4-α2 loops (highlighted in blue in Figure 3.2) that 

act as a flexible lid near the active site. The LYPLA2-PMSF structure is very similar to that of 

LYPLA2-ML349; however, small differences in conformation are noted. For example, the β5-α2 

loop in the two structures is present in distinct conformations (Figure 3.4), with the LYPLA2-

ML349 loop extended slightly further than that of LYPLA2-PMSF. This suggests the loop is 

able to move to accommodate substrates or inhibitors binding in the channel adjacent to the 

active Ser122. Additionally, the modified Ser122-PMSF demonstrates a slight shift in position 

compared to the unmodified Ser122 of the LYPLA2-ML349 structure, likely due to the steric 

bulk of the PMSF modification.  

Consistent with the relatively high sequence homology of LYPLA1 and LYPLA2 (Figure 

3.5A), a least-squares comparison of their coordinates reveals that the two proteins are folded in 

nearly identical conformations (Figure 3.5B). Superposition across all 215 aligned residues 

yielded a root-mean-square deviation (RMSD) of 0.878 Å, and a quality of alignment (Q-score) 

of 0.838, suggesting the protein structures differ by no more than 1 Å (234). This high degree of 

sequence and structural similarity suggests the two proteins may share significant overlap in 

substrate specificity and hydrolytic activity. While many of the differences in sequence are found 

in regions far from the active site of the protein, a group of amino acids with low sequence 
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homology (Arg149-Ser165 in LYPLA1 and His152-Ala167 in LYPLA2) between the two 

enzymes are found in an alpha helix near catalytic Ser122 (Figure 3.5A-B). Interestingly, these 

amino acids form a channel on the surfaces of both LYPLA1 and LYPLA2 as demonstrated in 

Figure 3.5C-D. The channel on the surface of LYPLA2 appears to be slightly larger than that of 

LYPLA1, leading to the possibility of a potential binding site for the more rigid and larger PG-G 

substrates of LYPLA2 that are not hydrolyzed by LYPLA1 in cells (66). 

 

Differences in Sequences Cause Structural Changes Near the LYPLA2 Active Site 

The channel at the surface of LYPLA2 is wider and more hydrophobic than that of 

LYPLA1 as seen in the surface representations of the two enzymes in Figure 3.5C-D. This 

region of LYPLA2, highlighted in blue in Figure 3.6B, is different in LYPLA2 due to key amino 

acid changes of α-helix 1. To determine if the size of this channel was the reason for differences 

in PG-G hydrolytic activity between LYPLAs, Ala43 and Met217 (highlighted in blue in Figure 

3.6C) were mutated to Trp to sterically hinder substrates from lying within the channel. We 

hypothesized that the A43W and M217W mutants would display decreased activity toward PG-

G substrates, which would suggest that the wider channel in LYPLA2 is responsible for the 

increased PG-G hydrolytic activity of LYPLA2 compared to that of LYPLA1. 
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Figure 3.6: Slight differences in the sequence of LYPLA2 cause structural changes to the 
enzyme that may explain differences in LYPLA activities. Targets of site-directed mutagenesis 
are highlighted to investigate the role of these regions of LYPLA2 in substrate specificity. (A) 
Surface representation of LYPLA2-PMSF (PDB – 6BJE), with red and blue representing 
negative and positive charges, respectively. (B) Cartoon representation of LYPLA2, with 
highlighted loop (purple) and channel (blue) regions where variances in LYPLA sequences or 
PTM state cause structural differences in the conformation of LYPLA2. (C) A43 and M217 in 
the channel region adjacent to the catalytic triad are highlighted in blue. (D) Conserved S82, 
which is only phosphorylated in LYPLA2 and potentially regulates the open/closed state of the 
flexible loop, is highlighted in purple. 

 

The dynamic loop enveloping the active sites of LYPLA1 and LYPLA2 is another 

potential mechanism for the different activities toward PG-G substrates. This loop region, 

highlighted in purple in Figure 3.6B, contains a Ser residue at its tip that is conserved in 
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LYPLA1 (Ser79 in LYPLA1 and Ser82 in LYPLA2). Ser82 (highlighted in purple in Figure 

3.6D) has been identified as a site of phosphorylation, though no such PTM has been observed 

on Ser79 of LYPLA1 (235). Furthermore, Arg182 of LYPLA2 is present at the top of α-helix 5 

in close proximity to Ser82, enabling the potential formation of a phosphoserine-arginine salt 

bridge. This phosphorylation site would enable regulation of the conformation of the dynamic 

loop by PTM and offers an explanation to how the active site of LYPLA2 could be altered to 

accommodate PG-Gs. In contrast to LYPLA2, Arg182 is not conserved in LYPLA1 and is 

replaced by Met180 removing the possibility of a salt bridge (as depicted in Figure 3.8A), 

suggesting a LYPLA2-specific mechanism for PTM-based regulation of enzymatic activity. To 

determine if the phosphorylation state of LYPLA2 is, indeed, a mechanism by which cells 

mediate PG-G hydrolysis, Ser82 was mutated to Ala or Asp to mimic a permanently 

unphosphorylated or phosphorylated state, respectively. We hypothesized that the 

phosphomimetic mutants would display different activities toward PG-G and LysoPL substrates 

and potentially explain differences in the substrate specificities of LYPLAs. 

 

LYPLA2 Channel Mutants Display Decreased Hydrolytic Activity 

LYPLA2 mutants, A43W and M217W, were generated to explore the effects of sterically 

hindering lipid substrates from binding within the hydrophobic channel depicted in Figure 3.6A-

C. The intended effect of these mutants was decreased activity toward one or more of the 

enzyme’s substrate classes depending on their individual binding sites. Indeed, the hydrolytic 

activity of these mutants compared to WT LYPLA2 was decreased toward both PG-G and 

LysoPL substrates (Figure 3.7). A43W LYPLA2 hydrolytic activity toward PGE2-G was only 

67.7 ± 3.0% of WT activity, whereas M217W LYPLA2 hydrolytic activity was only 74.3 ± 2.1% 
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of WT activity. In the case of LysoPLs, A43W LYPLA2 hydrolytic activity toward 16:0 LPC 

was further decreased at only 21.1 ± 16.1% of WT activity, and M217W LYPLA2 hydrolytic 

activity was only 36.9 ± 11.8% of WT activity. Additionally, A43W LYPLA2 hydrolytic activity 

toward 18:0 LPC was 55.2 ± 22.9% of WT activity, and M217W LYPLA2 hydrolytic activity 

was 43.5 ± 8.5% of WT activity. Together, the overall activity of the channel mutants was 

generally decreased toward both PG-G and LysoPL substrates compared to that of WT enzyme.  

 

 

Figure 3.7: LYPLA2 channel mutants display decreased activity toward PG-G and LysoPL 
substrates. Comparison of activity of recombinant WT, A43W, and M217W LYPLA2 toward 
PGE2-G and 16:0 LPC. Data is normalized to WT hydrolytic activity. (N=6) *P<0.05,  
**P<0.01, ****P<0.0001. 

 

LYPLA2 S82 Mutant Activities Suggest Phosphorylation Regulates Hydrolysis  

LYPLA2 mutants, S82A and S82D, were generated to explore the phosphorylation at the 

dynamic loop by altering the charge of serine by mutating it to an alanine to mimic a 

permanently unphosphorylated state or to an aspartate to mimic a permanently phosphorylated 

state (Figure 3.8 B). We hypothesized that phosphorylation of Ser82 would alter the 

conformation of the dynamic loop by allowing interaction with nearby Arg182 to form a salt 
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bridge (Figure 3.8A).  

 

 

Figure 3.8: LYPLA2 phosphorylation at S82 impacts LysoPL hydrolysis. (A) Comparison of 
LYPLA1 (red) and LYPLA2 (blue) residues near the catalytic serine (S114 and S122 in 
LYPLA1 and LYPLA2, respectively), with phosphorylated Ser82 and Arg182 highlighted as 
potential regulators of loop conformation. This binding pair is not present in the structure of 
LYPLA1. (B) Depiction of phosphomimetic mutants, with aspartate acting as a permanently 
phosphorylated serine mimetic and alanine acting as a permanently unphosphorylated serine 
mimetic. (C) Comparison of activity of recombinant WT, S82A, and S82D LYPLA2 toward 
PGE2-G and 16:0-d3-LPC. Data is expressed as the mean ± SD of product formed (µM) per 
minute. (N=6) ***P<0.001.  

 

Whereas altering the charge and shape of Ser82 with the phosphomimetic mutants had no 

significant effects on PG-G hydrolysis, significant changes in activity were detected in 

hydrolytic activity toward a representative LysoPL substrate, 16:0-d3-LPC (Figure 3.8C). In the 

case of S82D LYPLA2, which represents a permanently phosphorylated enzyme, hydrolytic 

activity was 48.2 ± 2.9 µM/min compared to that of WT enzyme (36.8 ± 1.2 µM/min). This 

represents a 31% increase in activity toward LysoPLs. By contrast, in the case of S82A 

LYPLA2, which represents a permanently unphosphorylated enzyme, hydrolytic activity was 

24.9 ± 2.9 µM/min compared to that of WT enzyme. This represents a 67.7% decrease in activity 
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toward LysoPLs. Together, these data suggest that phosphorylation of S82 promotes hydrolysis 

of LysoPLs by LYPLA2, whereas unphosphorylated LYPLA2 is less able to hydrolyze LysoPL 

substrates. Alternatively, phosphorylation has no discernable effect on LYPLA2-mediated 

hydrolysis of PG-Gs, based on the phosphomimetic mutant studies.  

 

 

3.4 Discussion 

 

LYPLAs share a high degree of sequence homology and substrate overlap. We 

hypothesized that the structures of the two enzymes would be accordingly similar, and any slight 

differences in folding would help explain unique substrate preferences, specifically in regard to 

PG-G hydrolysis. Indeed, after solving the first reported crystal structure of LYPA2 (Figure 3.2), 

structural alignment of the enzyme with LYPLA1 revealed nearly identical folding of the 

proteins (RMSD = 0.878 Å, Q-Score = 0.838) (Figure 3.5). However, two regions of the protein 

near the catalytic triad displayed unique features between the enzymes that could explain 

differences in substrate specificity: a hydrophobic channel that is slightly larger in LYPLA2; and 

a site of phosphorylation at the top of a flexible loop that may regulate its open/closed 

conformation (Figure 3.6). To assess the role of these regions of LYPLA2 in substrate 

specificity, we used site-directed mutagenesis to sterically hinder substrates from binding in the 

channel region with A43W and M217W mutants, and to mimic permanent states of 

phosphorylated/unphosphorylated with S82D/S82A mutants, respectively.  

In the case of the channel region, mutation to Trp decreased the hydrolytic activity of 

LYPLA2 toward both PG-G and LysoPL substrates (Figure 3.7). While it is possible that the Trp 
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mutations sterically hindered PG-Gs and LysoPLs from associating with the protein in the 

proposed binding channel, the more dramatic decreases in activity toward the flexible LysoPL 

substrates compared to the bulkier, rigid PG-G substrates suggest these effects may not 

necessarily be due to steric hindrance of substrate binding in the channel. An alternative 

explanation is that these effects may simply be due to altered folding of the protein in less active 

conformations due to the drastic changes in pI and folding resulting from the Trp mutations. In 

the case of the PTM mutants, the phosphoserine mimetic, S82D, displayed increased hydrolytic 

activity toward LysoPL substrates, whereas the opposite was seen with the unphosphorylated 

mimetic, S82A (Figure 3.8C). Furthermore, no significant changes to PG-G hydrolysis were 

detected. These data suggest that LYPLA2 hydrolysis of PG-Gs may simply be regulated in cells 

by shutting off its LysoPL-hydrolytic activity to allow for increased interaction with PG-G 

substrates via reduced competition with LysoPLs.  

Based on the site-directed mutagenesis studies, substrates bind to LYPLA2 in two 

potential conformations as demonstrated with computational docking studies in Figure 3.9: lying 

within the hydrophobic channel, and lying under the dynamic loop in a temporary cavity. 

Because the sterically hindered channel mutants affected both PG-G and LysoPL substrates, it is 

possible that both substrate classes bind in the hydrophobic channel. Alternatively, the 

phosphorylated loop mutant, hypothesized to be in a closed-loop state forming the potential 

second binding channel, only affected LysoPL substrates, suggesting PG-Gs may not interact 

with the flexible loop. In either case, it is likely that PG-Gs extrude from the active site toward 

the exposed hydrophobic channel as depicted in green in Figure 3.9. If phosphorylation of 

LYPLA2 prevents LysoPL hydrolysis to allow for PG-G hydrolysis via reduced competition, this 

would explain why PG-G levels are more sensitive to LYPLA2 overexpression/knockdown 
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(Figure 2.3-4) than LYPLA1 (Figure 2.5). 

 

 

Figure 3.9: Cartoon representation of LYPLA2 with modeled PGE2-G docked into the 
active site in two potential conformations. PGE2-G-Ser lying under the flexible loop is shown in 
yellow, while PGE2-G lying within the hydrophobic channel is shown in green. 
 

 In contrast to PG-G substrates, the activity of recombinant LYPLA1 and LYPLA2 

toward the most prevalent LysoPL substrate, 16:0-LPC, is comparable (Figure 3.1B). This was 

tested using an isotopically labeled LysoPL species, 16:0-d3 LPC, in order to avoid 
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contamination by the FA products of LysoPL hydrolysis. This method allows for LC-MS/MS-

based quantitation of LysoPL hydrolysis without relying on expensive radiolabeled lipid 

substrates or purification steps that reduce sensitivity. These data suggest the proteins have 

similar activity with respect to LysoPL substrates; however, to determine if the activity of 

LYPLA1 and LYPLA2 toward other LysoPLs is analogous in a setting where all substrates 

would be available, cellular models with altered LYPLA expression would be required. 
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4 

Lysophospholipases Cooperate to Mediate Lipid Homeostasis  

and Lysophospholipid Signaling 

 

 

4.1 Introduction 

 

 LysoPLs are detergent-like lipid species that play a critical role in a wide variety of 

cellular signaling mechanisms in addition to maintaining the structure, shape, and fluidity of cell 

membranes (108,110,145). Each LysoPL comprises one nonpolar acyl chain, varying in length 

and degree of unsaturation, and a polar glycerophosphate headgroup. Based on the structure of 

the headgroup, LysoPLs belong primarily to one of six classes, including LPAs, LPCs, LPEs, 

LPGs, LPIs, and LPSs, each with distinct biological functions dependent on physiological 

location and availability of their respective cellular receptors.  

LysoPLs have been shown to elicit a wide range of biological effects, including cell 

proliferation, intracellular calcium mobilization, metabolic activity, inflammatory and anti-

inflammatory processes, and neuritogenesis (136,139,140,144,146,148,151,152,236-244). 

Regardless of mechanism, accumulated data suggest that LysoPLs play a significant role in 

modulating the phosphorylation state of the Ras/Raf/MEK/ERK cascade (139,142,146,157,158). 

This signaling pathway is critical for the regulation of cell cycle progression and differentiation 

(245-248). Indeed, LysoPL-mediated activation of the MAPK signaling pathway has consistently 

been shown to induce neuronal differentiation in neuroblastoma cells (139,146,151,243). 

As LysoPLs are potent signaling molecules, their cellular levels are carefully regulated 
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through three primary enzymatic pathways: LYPLA-mediated hydrolysis, acyltransferase-

mediated generation of phospholipids, and transacylase-mediated generation of phospholipids. In 

mammalian cells, the lysophospholipase pathway predominates (209,249-254). The 

lysophospholipases, LYPLA1 and LYPLA2, are cytosolic serine hydrolases with esterase and 

thioesterase activity that are partially responsible for the metabolism of LysoPLs. LYPLAs 

hydrolyze LysoPLs at the sn-1, and to a lesser extent, sn-2 positions to yield a free FA and a 

derivatized glycerophosphate that can then be recycled by a variety of phospholipases and 

acyltransferases to restructure the composition of the lipid membrane in a process called the 

Lands cycle (Figure 4.1) (66,102-104). Inhibition of these regulatory mechanisms and the 

associated changes in LysoPL homeostasis have been associated with a variety of neurological 

diseases, including cerebral atherosclerosis, vascular dementia, and Alzheimer’s disease 

(143,156,255-258). 

Despite relatively high sequence homology (68% identical, 83% similar), LYPLA1 and 

LYPLA2 display moderate substrate specificity in regard to LysoPL hydrolysis (209,218-220). 

For example, whereas LYPLA1 displays general promiscuity in regard to the different LysoPL 

classes, LYPLA2 is considered more specific, preferring LPCs and LPEs. However, most of this 

work has been done with recombinant enzymes and exogenous substrate, despite the fact that 

substrate specificity of serine hydrolases differs between in vitro and cellular settings where 

subcellular location, competitive metabolism, and protein expression levels impact relevant 

substrate availability (208).  
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Figure 4.1: The Lands Cycle describes a PL remodeling pathway, demonstrating the 
interchangeability of acyl moieties and glycerophosphate headgroups by a variety of 
acyltransferases and phospholipases. Lysophospholipase activity by LYPLA1 and LYPLA2 
removes the acyl moieties from various lysoPL species to modulate their potent signaling effects, 
such as MAPK activation and resultant cell differentiation. 

 

To understand the substrate specificity of LYPLA1 and LYPLA2 in cells, we have 

utilized a murine neuro2a neuroblastoma model, in which LYPLA activity is relatively high and 

commonly studied (259,260). Using CRISPR-Cas9 technology, we have generated neuro2a 

knockout cell lines lacking Lypla1, Lypla2, or both genes to quantify and compare endogenous 

LysoPL levels in the absence of respective lysophospholipase activity. This approach offers a 

physiologically relevant model to determine the roles of LYPLA1 and LYPLA2 in LysoPL 

hydrolysis, as well as the consequences of the loss of their activity. Our results demonstrate that 

the roles played by the two enzymes in intact cells are not necessarily reflected by the results 
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obtained with purified protein preparations. 

 

 

4.2 Materials and Methods 

 

Chemicals, Reagents, Cells, and Statistics 

All reagents were purchased from Sigma Aldrich (St. Louis, MO), unless otherwise 

stated. PG-Gs and deuterated PGs (PGE2-d4) were purchased from Cayman Chemicals (Ann 

Arbor, MI). All LysoPLs were purchased from Avanti Polar Lipids (Alabaster, AL). LC-MS 

solvents were from Fisher (Pittsburgh, PA). 16:0-d3 LPC was synthesized as described above. 

Recombinant enzyme was expressed and purified as described previously, using cDNA from 

OriGene Technologies (Rockville, MD) (66). HIS-Select nickel affinity beads were from Sigma 

Aldrich. HiPrep 16/60 Sephacryl S-200 HR was from GE Healthcare (Little Chalfont, UK). 

Neuro2a cells were obtained from the American Type Culture Collection (ATCC, Manassas, 

VA). Cell culture reagents were purchased from Invitrogen (Grand Island, NY). All experiments 

were performed twice in triplicate, unless otherwise noted, and statistical significance was 

determined using one-way analysis of variance, unless otherwise noted. 

 

Cell Culture  

Neuro2a cells were maintained as adherent cultures in DMEM supplemented with 10% 

FBS from Atlas Biologicals (Fort Collins, CO). Cells were cultured at 37ºC, 5% CO2, grown to 

no more than 75% confluency, and trypsinized to passage.  
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Generation and Validation of LYPLA Knockout Cells using CRISPR-Cas9 

CRISPR technology was utilized to generate genetic knockout cells as described by Ran, 

et al (261). gRNAs were designed to target early exons of the LYPLA1 and LYPLA2 genes. 

gRNA oligomers (LYPLA1 gRNA: TCCGATGCCCGCCGTTGTGC; LYPLA2 gRNA: 

AGCTGAGCGGGAAACGGCCG) were annealed, phosphorylated, and ligated into digested 

pspCas9(BB)-2A-puro plasmid (plasmid # 62988, Addgene, Cambridge, MA). Neuro2a cells 

(1.5 x 105) were suspended in 2 mL DMEM supplemented with 10% FBS and plated in 6-well 

plates. The following day, 5 µg of each plasmid was combined with 10 µL lipofectamine 2000 

reagent (Invitrogen) in 1 mL Opti-MEM and incubated at room temperature for 30 min. Neuro2a 

culture medium was replaced with the appropriate plasmid-lipofectamine solution, and cells were 

incubated at 37 ºC for 24 h. The medium was then replaced with fresh DMEM plus 10% FBS, 

and cells were allowed to recover for 24 h at 37 ºC prior to the addition of 0.75 µg/mL 

puromycin. Cells were incubated at 37 ºC for 48 h before replacing the medium. After recovering 

for ~1-2 weeks, cells were pelleted, resuspended in sorting buffer (PBS + 4% FBS), and strained 

to separate clumps of cells. Solutions were sorted by flow cytometry using a 5-laser BD LSRII 

with a 100 µm nozzle at the Vanderbilt Medical Center Flow Cytometry Core to isolate single 

cell cultures in 96-well plates for each cell line. Clones were incubated until they reached ~70% 

confluency and then passaged until enough cells could be harvested for knockout validation via 

western blotting. Cells lacking both Lypla1 and Lypla2 genes, or double knockout (DKO) cells, 

were generated by repeating this process to target the Lypla1 gene in the Lypla2-/- cells. 

 

Western Blot Analysis  

Protein expression was determined by western blot analysis as previously described 
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(66,262). Samples were separated by SDS-PAGE. Then, proteins were transferred to a 

nitrocellulose membrane and blocked with Odyssey Blocking Buffer (LI-COR, Lincoln, NE) for 

1 h at room temperature, and probed with rabbit anti-LYPLA1 (1:1000 v/v, abcam, Cambridge, 

UK), rabbit anti-LYPLA2 (1:1000 v/v, Vanderbilt Antibody and Protein Resource Core2), rabbit 

anti-ERK1/2 (1:1000 v/v, Cell Signaling Technologies (CST), Danvers, MA), rabbit anti-

phospho-ERK1/2 (1:1000 v/v, CST), rabbit anti-MEK1/2 (1:1000 v/v, CST), rabbit anti-

phospho-MEK1/2 (1:1000 v/v, CST), or goat anti-β-actin (1:5000 v/v, Santa Cruz 

Biotechnologies, Santa Cruz, CA) overnight at 4 °C. Membranes were washed and incubated 

with IR-visible anti-rabbit or anti-goat secondary antibodies (1:5000 v/v, LI-COR). Blots were 

visualized using an Odyssey IR Imager.  

 

Assay for LYPLA Activity in Cell Lysates 

WT, Lypla1-/-, Lypla2-/-, or DKO cells (1 x 106) were plated in 8 mL DMEM with 10% 

FBS in 100 mm plates and incubated at 37 ºC for 24 h prior to harvesting. Cell pellets were 

suspended in a buffer containing 25 mM Tris (pH 7.5), 0.1 mM EDTA, and 0.1 mM DTT. Cells 

were sonicated into solution via 10 x 1 s pulses at 35% output. Debris was pelleted via 

centrifugation at 15,000 x g for 10 min, and soluble protein concentration in the supernatant was 

determined via PierceTM BCA protein assay (Thermo Scientific, Rockford, IL). Solutions (250 

µg/mL) of each enzyme were prepared, and 100 µL aliquots were preincubated at 37 ºC for 5 

min. PGE2-G or 16:0-d3 LPC (1.5 nmol) was added in 1 µL ethanol, and samples were vortexed 

and incubated at 37 ºC for 1 h. Enzymatic activity was quenched by adding 1 mL of ice-cold 

ethyl acetate with 0.5% (v/v) acetic acid containing either 20 ng PGE2-d4 or 1 nmol 16:0-d31 as 

internal standards. Samples were vortexed, and organic layers were collected and dried under 
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nitrogen. FAs were derivatized as described above, and LC-MS/MS analysis was then performed 

as described below.  

 

LysoPL Extraction  

WT, Lypla1-/-, Lypla2-/-, or DKO cells (1 x 106) were plated in 8 mL DMEM with 10% 

FBS in 100 mm plates and incubated at 37 ºC for 24 h. Cells were then scraped into 3 mL ice-

cold PBS and pelleted. LysoPLs were extracted from cell pellets using a method adapted from 

Zhao, et al., by resuspending in 200 µL of ice-cold methanol containing 50 nM 17:0 LPA, 250 

nM 17:0 LPC, 50 nM 17:1 LPE, 50 nM 17:1 LPG, 50 nM 17:1 LPI, and 150 nM 17:1 LPS (263). 

Cells were sonicated with 10 x 10 s pulses at 35% output and protein was pelleted. Methanol 

extracts were collected for lipid analyses via LC-ESI-MS/MS as described below. Protein pellets 

were resuspended in 1 mL PBS containing 0.2% SDS, sonicated with 10 x 10 s pulses at 35% 

output, and subjected to BCA assay to quantify input protein.  

 

LC-MS/MS Analysis  

For activity assays, samples were run on an LC-MS system consisting of a Shimadzu 

liquid chromatograph in line with a SCIEX 3200 QTrap mass spectrometer. Analyst software 

(ver. 1.6.2) was used for instrument control, data acquisition, and data processing. Quantitation 

was achieved via stable isotope dilution against the indicated internal standard of PGE2-d4 or 

16:0-d31. For PGE2 and 16:0-d3 analyses, reconstituted samples were run in negative mode on a 

system configured as described in Tables 3.2 and 3.3, respectively. The Luna liquid 

chromatography reverse phase C18 columns were from Phenomenex (Torrance, CA). 

For lipidomics experiments, samples were run on an LC-MS system consisting of a 
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Shimadzu liquid chromatograph in line with a SCIEX 3200 QTrap or a SCIEX 6500 QTrap mass 

spectrometer based on methods described by Aaltonen, et al. and Okudaira, et al. (264,265). This 

method isolates LysoPLs from other glycerolipid and glycerophospholipid species. Analyst 

software (ver. 1.6.2) was used for instrument control, data acquisition, and data processing. 

Quantitation was achieved via internal standard dilution against the respective unnatural 17:0 or 

17:1 LysoPL depending on the class being investigated. In all cases, the mass spectrometer was 

configured in electrospray mode and operated in multiple reaction monitoring mode. LPC 

species were analyzed in positive ion mode with LC parameters described in Table 4.1A. LPE, 

LPS, LPG, LPA, and LPI species were analyzed in negative ion mode with LC parameters 

described in Table 4.1B. Fragmentation patterns of all LysoPL species are described in Table 

4.2. 

 

 

Table 4.1: LC conditions for LysoPL analysis. (A) LC parameters for mobile phases, column, 
and LC gradient in positive ion mode. (B) LC parameters for mobile phases, column, and LC 
gradient in negative ion mode.   
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Table 4.2: MS parameters for LysoPLs and odd-numbered LysoPL internal standards, including 
MS mode, fragmentation patterns, and collision energy.  
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Immunocytochemistry  

WT, Lypla1-/-, Lypla2-/-, or DKO Neuro2a cells (4 x 103) were plated in 100 µL DMEM 

with 10% FBS in a 96-well plate. After 48 h, the medium was replaced with 100 µL DMEM 

containing 2% FBS (established conditions for inducing neuronal differentiation (151,266-268)) 

and either 2.5 µM retinoic acid, 10 µM PD98059 (an inhibitor of MEK activation used to study 

neuronal differentiation (269)), 10 µM 16:0 LPA, 10 µM 16:0 LPC, or DMSO control. Cells 

were cultured for 48 h to promote differentiation, based on a method adapted from Riboni, et al. 

(270). Cells were then washed 2 x with 100 µL PBS and fixed with the addition of 3.7% 

formaldehyde in PBS, followed by shaking at room temperature for 20 min. Cells were then 

washed 2 x with PBS and permeabilized with 0.15% Triton X-100 in PBS for 10 min at room 

temperature. Cells were again washed 2 x with PBS and blocked with Odyssey Blocking Buffer 

by shaking for 1 h at room temperature. Cells were then stained with mouse anti-βIII-tubulin 

(1:2000 v/v, abcam) for 24 h at 4 ºC while shaking. The following day, cells were washed 3 x 

with TBS containing 0.1% (v/v) Tween (TBS-T) for 10 min while shaking at room temperature, 

prior to the addition of AlexaFluor 488-conjugated donkey anti-mouse antibody (1:1000 v/v, 

Life Technologies, Carlsbad, CA) and 4',6-diamidino-2-phenylindole (DAPI) (1:1000 v/v, 

Invitrogen) for 1 h while shaking at room temperature. Cells were then washed again 3 x with 

TBS-T and rinsed 3 x with PBS. Stained cells were imaged at 10x power in a 5 x 5 array, and the 

data were processed using a MetaXpress Micro XL automated microscope imager, which 

generated a single composite image per well. Neurite outgrowth quantification was performed 

using the following parameters: minimum neuron area = 120 µm2, maximum neuron width = 27 

µm, minimum neuron intensity above background = 500 gray levels, minimum nuclear width = 5 

µm, maximum nuclear width = 14 µm, minimum nucleus intensity above background = 3000 
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gray levels, maximum neurite outgrowth width = 4 µm, minimum neurite outgrowth length = 10 

µm, minimum neurite outgrowth intensity above background = 200 gray levels. 

 

 

4.3 Results 

 

Knockout of Lypla Genes Results in Decreased Hydrolytic Activity  

As our results suggested that in vitro enzymatic activity does not necessarily reflect the 

metabolic contribution of that enzyme in vivo, we sought to better understand the role of 

LYPLA1 and LYPLA2 in LysoPL turnover in intact cells. CRISPR-Cas9 technology was 

utilized to generate stable genetic knockouts of Lypla1, Lypla2, or both genes in murine neuro2a 

neuroblastoma cells. Sanger sequencing was used to verify genetic editing at sites in the Lypla 

genes targeted by respective gRNAs and overexpressed Cas9 protein. Genetic knockouts were 

validated at the protein level using western blotting with antibodies directed toward LYPLA1 

and LYPLA2 (Figure 4.2A). Notably, the level of each LYPLA was unaffected by knockout of 

the other isoform.  
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Figure 4.2: Validation of Lypla1-/-, Lypla2-/-, and DKO neuro2a cells. (A) Western blot analysis 
of LYPLA1 and LYPLA2 in WT, Lypla1-/-, Lypla2-/-, or double knockout (DKO) cells. (B) 
Hydrolytic activity of WT, Lypla1-/-, Lypla2-/-, or DKO cell lysates toward representative PG-G 
and lysoPL substrates; data are shown as percent conversion of exogenous substrate to respective 
hydrolysis products. *P<0.05, **P<0.01, ***P<0.001. 

 

The ability of the cell lines to hydrolyze the canonical PG-G and LysoPL substrates of 

LYPLAs was tested using cellular lysates and the previously described hydrolytic activity 

assays. In addition to avoiding palmitic acid contamination from plastics and solvents, the use of 

isotopically labeled 16:0-d3 LPC in this assay was instrumental to avoid mistaking the 

endogenous palmitic acid present in cells for hydrolyzed product of the exogenous substrate. 

This same problem did not arise in the case of PG-G hydrolysis, as neuro2a cells lack the 
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cyclooxygenase activity required to generate endogenous PG-Gs or PGs. Enzymatic activity of 

neuro2a lysates that had been normalized for protein concentration was quantified as the percent 

of each substrate hydrolyzed as described in Figure 3.1A. The percentages of PGE2-G 

hydrolyzed in WT, Lypla1-/-, Lypla2-/-, and DKO cell lysates were 50.4 ± 1.3%, 51.3 ± 0.9%, 

43.0 ± 0.6%, and 32.1 ± 0.4%, respectively, while the percentages of 16:0-d3 LPC hydrolyzed in 

WT, Lypla1-/-, Lypla2-/-, and DKO cell lysates were 24.2 ± 3.3%, 23.4 ± 3.5%, 18.8 ± 0.7%, and 

11.2 ± 0.3%, respectively (Figure 4.2B). Similar to what we observed in our previous work using 

human cancer cell lines, Lypla1-/- cells exhibited the same PG-G hydrolytic activity as WT cells, 

whereas the activity in Lypla2-/- cells was significantly lower than that of WT cells. In DKO 

cells, PG-G hydrolysis was further decreased, suggesting that both enzymes contribute to PG-G 

hydrolysis and that LYPLA2 can better compensate for loss of LYPLA1 than vice versa. This 

same trend is observed with LysoPL hydrolysis. Notably, however, DKO cells retained 64% and 

46% of the PGE2-G and 16:0-d3 LPC hydrolytic activity of WT cells, respectively, indicating 

that other enzymes are available to catalyze both reactions. It is not possible to know if 

expression of these enzymes increases to compensate for the loss of LYPLA1 and/or LYPLA2 in 

the knockout cells. If so, these results would underestimate the contribution of the LYPLAs to 

PGE2-G and 16:0-d3 LPC hydrolysis in the WT cells.   
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Figure 4.3: LysoPL quantification via LC-MS/MS in methanol extracts of WT, Lypla1-/-, 
Lypla2-/-, and DKO neuro2a cells. Each lipid class was quantified using exogenous 17-carbon 
length LPL internal standards and normalized to total protein content. (A-F) Data represented as 
pmol LysoPL/mg protein. (G-L) Data represented as fold changes normalized to WT values. 
*P<0.05, **P<0.01, ***P<0.001, determined by Welch’s t-test or the Wilcoxon rank-sum test 
for samples with normal or abnormal distributions, respectively.  
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Lipid Species 
Cell Line 

WT Lypla1-/- Lypla2-/- DKO 

LPA 

16:0 6.90 (3.15) 6.95 (1.82) 9.28 (1.84) 16.2 (6.23) 
16:1 3.23 (0.74) 4.23 (1.05) 3.31 (0.53) 4.55 (1.18) 
18:0 3.54 (0.92) 3.24 (0.96) 5.85 (2.84) 16.3 (14.0) 
18:1 4.35 (1.49) 4.85 (0.78) 6.08 (2.02) 8.97 (6.54) 
20:4 0.86 (0.11) 1.38 (0.24) 1.02 (0.34) 1.36 (0.29) 

LPC 

16:0 545 (86.6) 509 (41.8) 823 (77.1) 1890 (713) 
16:1 62.9 (8.52) 62.5 (6.70) 85.0 (6.32) 243 (101) 
18:0 464 (83.9) 442 (48.6) 549 (48.9) 1410 (527) 
18:1 416 (98.5) 460 (34.4) 498 (58.0) 1220 (503) 
18:2 25.1 (4.48) 26.8 (1.86) 38.6 (2.63) 154 (66.4) 
18:3 1.61 (0.30) 1.59 (0.12) 2.91 (0.27) 9.81 (2.16) 
20:4 41.4 (10.1) 53.5 (6.34) 51.4 (13.3) 255 (167) 
20:5 1.76 (0.46) 2.14 (0.76) 3.88 (0.61) 16.4 (7.96) 
22:6 23.3 (3.65) 23.7 (3.19) 24.8 (6.19) 101 (61.5) 

LPE 

16:0 30.4 (8.19) 25.7 (6.79) 35.8 (10.5) 119 (74.3) 
18:0 91.0 (44.0) 70.2 (24.6) 93.0 (40.4) 299 (215) 
18:1 63.3 (15.3) 53.9 (12.3) 50.0 (13.2) 155 (106) 
18:2 4.23 (1.78) 3.42 (0.99) 3.10 (1.51) 12.3 (9.95) 
20:4 25.2 (13.4) 26.8 (11.2) 21.1 (12.5) 94.5 (88.9) 
20:5 1.29 (0.06) 1.09 (0.16) 1.31 (0.36) 2.31 (0.17) 

LPG 

16:0 5.04 (0.38) 3.99 (0.36) 6.00 (0.66) 13.8 (2.93) 
18:0 4.18 (1.21) 3.01 (0.37) 5.08 (0.63) 11.0 (2.42) 
18:1 50.5 (2.44) 31.9 (4.00) 29.0 (4.40) 50.5 (14.4) 
20:4 0.24 (0.01) 0.32 (0.08) 0.23 (0.01) 0.37 (0.01) 

LPI 

16:0 15.4 (2.63) 10.8 (3.26) 34.2 (6.33) 86.1 (33.3) 
18:0 169 (44.2) 166 (119) 254 (82.1) 572 (242) 
18:1 96.7 (19.3) 88.6 (21.9) 139 (15.6) 255 (101) 
18:2 2.60 (0.43) 2.57 (0.44) 3.34 (0.71) 8.63 (4.27) 
20:4 9.07 (3.27) 11.1 (2.57) 10.5 (2.43) 31.2 (22.9) 

LPS 

16:0 5.80 (0.76) 5.65 (0.93) 5.52 (0.44) 11.5 (3.73) 
18:0 34.7 (5.69) 29.9 (4.60) 34.4 (8.78) 80.0 (43.7) 
18:1 15.3 (1.65) 19.4 (5.31) 26.3 (6.55) 91.0 (72.9) 
20:4 0.62 (0.03) 0.61 (0.06) 0.60 (0.08) 1.05 (0.13) 

 

Table 4.3: Basal LysoPL levels (pmol/mg protein) in WT, Lypla1-/-, Lypla2-/-, and DKO cells, 
presented as mean (standard deviation). Boldface values indicate P<0.05, determined by 
Welch’s t-test or the Wilcoxon rank-sum test for samples with normal or abnormal distributions, 
respectively. 
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LysoPL Species are Increased in DKO Cells  

With the decreased hydrolytic activity observed in the Lypla knockout cells, we 

hypothesized that basal levels of LYPLA substrates would be consequentially increased. To test 

this hypothesis, we utilized an LC-MS/MS-based targeted lipidomics approach to quantify LPA, 

LPC, LPE, LPG, LPI, and LPS substrates containing the following acyl moieties at both the sn-1 

and sn-2 positions of the glyceryl backbone: 16:0, 16:1, 18:0, 18:1, 18:2, 18:3, 20:4, 20:5, and 

22:6. Absolute quantification of each lipid species was normalized to the amount of protein in 

each sample. As the variance of the LysoPL species were unequal between samples, and values 

in each sample were not normally distributed, one-way ANOVA could not be used to determine 

statistical significance. Instead, samples with normal distributions (skewness between -1 and 1) 

were analyzed by Welch’s t-test, and samples with abnormal distributions (skewness less than -1 

or greater than 1) were  

analyzed by the Wilcoxon rank-sum test. Statistically significant differences in LysoPL levels in 

Lypla1-/-, Lypla2-/-, or DKO cells were compared individually to those of WT cells. Results for 

every identified LysoPL species are listed in Table 4.3, with values that are significantly 

different from those of WT cells marked by boldface text. Additionally, these values are 

displayed in Figure 4.3A-F as absolute quantities, and in Figure 4.3G-L as -fold changes 

normalized to the LysoPL levels in WT cells (with WT values set to 1, represented by dotted 

lines).  

As expected, LPCs were the most abundant of the LysoPL classes, with more prevalent 

species found in quantities near 500 pmol/mg protein. LysoPLs containing saturated acyl chains 

of 16 and 18 carbons were generally found at levels much higher than those containing longer or 

more unsaturated acyl chains. Whereas the LysoPL concentrations of Lypla1-/- cells were mostly 
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comparable to those of WT cells [with the exception of 20:4 LPA (1.6-fold increase) and 20:4 

LPC (1.3-fold increase)], Lypla2-/- cells displayed some significant differences from WT cells in 

certain LysoPL species, such as 16:0 LPC (1.5-fold increase), 18:2 LPC (1.5-fold increase), 18:3 

LPC (1.8-fold increase), 16:0 LPI (2.2-fold increase), and 18:0 LPI (1.5-fold increase). However, 

any differences in the single knockout cells were overshadowed by the much greater increases in 

the levels of many LysoPLs in the DKO cells. This is especially notable with the LPCs, LPEs, 

LPIs, and LPSs, of which most lipid species increased by 3- to 9-fold in the DKO relative to the 

WT cells. These results are consistent with the lysophospholipase activity measured in cell 

lysates (Figure 4.2B).  

 

 

Figure 4.4: FA quantification via PFB-Br-derivatization and LC-MS/MS from methanol extracts 
of WT, Lypla1-/-, Lypla2-/-, and DKO neuro2a cells. FAs were quantified using an exogenous 
16:0-d31 internal standard and normalized to total protein content (N=6). 
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Notably, while these large changes in LysoPLs were observed, FA levels in the lipid 

extracts were quantified via PFB-derivatization, as described above, and no significant 

differences were seen in the knockout cells (Figure 4.4). This is not surprising as cellular LysoPL 

levels are roughly 1000-fold lower than those of free FAs; therefore, LysoPL-hydrolysis is 

unlikely to be a major contributor to the levels of cellular FAs. Together, the data suggest that 

LYPLA2 makes a greater contribution to LysoPL hydrolysis than LYPLA1 and/or can fully 

compensate for the loss of LYPLA1. However, the loss of both enzymes appears to unmask a 

role for LYPLA1 that is not revealed by the single knockout cells.  

Interestingly, while lipids in each of the LysoPL classes exhibited significant increases in 

the DKO cells, albeit at varying magnitudes, there was no consistent pattern in the exact species 

(as designated by the acyl chain) most affected. This suggests that LYPLA substrate specificity 

is more dependent on LysoPL class than acyl chain identity, with LPC, LPE, and LPI species in 

the DKO cells increasing by >300% on average compared to WT cells. Furthermore, in contrast 

to in vitro studies where LYPLA2 has been shown to prefer fully saturated LysoPL substrates, 

unsaturated LysoPLs of each class in the DKO cells are significantly increased, especially in the 

LPC, LPE, and LPI classes (66). Indeed, the highest –fold changes between DKO and WT cells 

occurred in the polyunsaturated LPCs, although these were mostly minor species. Of course, it is 

possible that neither LYPLA1 nor LYPLA2 plays a direct role in changing some LysoPL levels. 

It is possible that genetic deletions of multiple lipases involved in the Lands Cycle alter lipid-

remodeling pathways, leading to indirect increases of specific LysoPL species that may not 

necessarily be directly hydrolyzed by either enzyme. Such remodeling might also occur through 

the compensatory overexpression of other enzymes in response to the deletion. Nevertheless, 

these data demonstrate that the in vivo impact of a specific serine hydrolase cannot be easily 
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predicted by in vitro studies of its substrate selectivity, stressing the importance of cellular 

models in studying enzymatic activity.  

 

 

Figure 4.5: Western blotting of Neuro2a lysates from WT, Lypla1-/-, Lypla2-/-, and DKO cells. 
Relative changes were quantified in triplicate analysis and representative lanes are shown. (A) 
Phospho-MEK1/2 is significantly increased in DKO cells. (B) Phospho-ERK1/2 is significantly 
increased in DKO cells. * P<0.05, ** P<0.01 
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well-characterized signaling molecules. As activation of the MAPK pathway is commonly 

associated with LysoPL signaling, we evaluated the phosphorylation states of individual kinases 
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phosphorylated MEK1/2 was significantly higher in DKO than WT or either single knockout cell 

lines (Figure 4.5A). Additionally, when normalized to total ERK1/2, phosphorylated ERK1/2 

demonstrated this same trend with significant increases observed in DKO cells (Figure 4.5B). 

The increased phosphorylation states of these proteins suggest that the elevated LysoPLs in DKO 

cells are activating the MAPK signaling pathway.  

 

Neuronal Differentiation is Increased in LYPLA Knockout Cells  

The consequences of ERK phosphorylation have been extensively studied and are 

dependent on cell type. In neuroblastoma cells, the MAPK signaling pathway is known to induce 

neuronal differentiation, increasing neurite outgrowth and cell area, and initiating gap junction 

intracellular communication (139,146,151,243). To assess the impact of MAPK signaling 

pathway activation in the context of LYPLA deficiency, we utilized immunocytochemistry and 

high-throughput imaging to compare the morphology and degree of neuronal differentiation 

between the WT and Lypla knockout neuro2a cells. Retinoic acid was also used as a positive 

control to induce differentiation in WT cells. After fixing and permeabilizing the cells in 96-well 

plates, the overall shape of each cell was visualized using an antibody directed toward βIII-

tubulin (green). Each cell was identified using the nuclear stain DAPI to enable cell counting and 

normalization between samples (Figure 4.6A). Multiple 10x magnification images were “stitched 

together” to create one composite image for each well (1 replicate), and images were processed 

with MetaXpress software using the neurite outgrowth application. This technology allowed us 

to take large-scale images of entire cell populations in 96-well plates and quickly convert them 

into quantitative outputs of cell sizes and morphologies as an established method of measuring 

neuronal differentiation (271,272). Parameters quantified with this application include number of 
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cells, cell body area, straightness of processes, numbers of processes and branches, and a total 

outgrowth measurement incorporating the lengths of all processes and branches. These 

parameters were normalized first to the number of cells in each sample and then to the 

corresponding values of WT cells to give -fold changes (Figure 4.6B-D). While the straightness 

of the processes of each cell line was unchanged (data not shown), both the average cell body 

area and the average total outgrowth of the Lypla1-/-, Lypla2-/-, and DKO cells were significantly 

increased compared to those of WT cells. Furthermore, the average number of processes/cell was 

significantly increased in the DKO cells to levels comparable to that of WT cells treated with 

retinoic acid. Additionally, the average total outgrowth of each LYPLA knockout was 

comparable to that of the WT cells treated with retinoic acid.  

Previous studies have shown that some LysoPLs can induce or suppress neuronal 

differentiation (16:0 LPC and 16:0 LPA, respectively) in neuro2a cells (151). Both of these 

species are present in FBS, suggesting the possibility that the conditions used to induce 

differentiation in the cells (a decrease in FBS content in the culture medium from 10% to 2%) 

resulted in changes in their levels that contributed to the differentiation process. We confirmed 

the presence of ~800 nM 16:0 LPC and ~30 nM 16:0 LPA in medium containing 2% FBS, 

suggesting starting concentrations of ~4 µM 16:0 LPC and ~150 nM 16:0 LPA in medium 

containing 10% FBS. To directly assess the effects of these lipids on Neuro2a differentiation, we 

conducted experiments in which each lipid was added to differentiation medium (containing 2% 

FBS) at a concentration of 1 µM. The cells were not viable in the absence of serum, precluding 

carrying out these experiments under serum-free conditions.  
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Figure 4.6: Knockouts of Lypla genes induce neural differentiation. Representative images were 
taken from coverslips; data was quantified from images taken of 96-well plates. N=24 (A) 
Detection of β-III Tubulin (green) and nuclei (blue) in WT, Lypla1-/-, Lypla2-/-, and DKO 
Neuro2a cells by immunocytochemistry. Cells were cultured in DMEM with 2% FBS for 48 
hours to induce differentiation prior to morphometric analyses using MetaXPress Imaging 
software. (B) Average cell area normalized to WT values and represented as fold changes. (C) 
Average number of processes per cell normalized to WT values and represented as fold changes. 
(D) Average total outgrowth of cells normalized to WT values and represented as fold changes. 
*P<0.05, **P<0.001, ***P<0.0001.  
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Figure 4.7: Exogenous addition of LysoPLs demonstrate effects of Lypla–mediated LPA and 
LPC hydrolysis on neuronal differentiation. Data was quantified from images taken of 96-well 
plates (N=8). (A) Legend of each cohort – Vehicle (white), 16:0 LPA (light grey), 16:0 LPC 
(dark grey). (B) Average cell area normalized to vehicle-treated WT values and represented as 
fold changes. (C) Average number of processes per cell normalized to vehicle-treated WT values 
and represented as fold changes. (D) Average total outgrowth of cells normalized to vehicle-
treated WT values and represented as fold changes. *P<0.05, **P<0.001, ***P<0.0001. 
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the phenomena that we observe. Thus, it is most likely that higher levels of basal neuronal 

differentiation observed in DKO cells, which is comparable to those of WT cells treated with a 

differentiation agent, are due to increased endogenous LysoPL levels.  

 

 

Figure 4.8: PD98059 inhibition of MAPK activation reduces impact of Lypla knockout on 
neuronal differentiation. Data were quantified from images taken of 96-well plates (N=8). (A) 
Legend of each cohort – WT cells (white), DKO cells (black), treated with DMSO vehicle or 10 
µM PD98059. (B) Average cell area normalized to vehicle-treated WT values and represented as 
fold changes. (C) Average number of processes per cell normalized to vehicle-treated WT values 
and represented as fold changes. (D) Average total outgrowth of cells normalized to vehicle-
treated WT values and represented as fold changes. *P<0.05, **P<0.001, ***P<0.0001. 
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cells treated with the DMSO vehicle were consistent with basal neuronal differentiation in each 

cell line (Figure 4.6), the cell body area, number of processes, and total outgrowth of DKO cells 

treated with PD98059 were all significantly reduced. Furthermore, the average number of 

processes and total outgrowth of PD98059-treated DKO cells was comparable to that of 

untreated WT cells (Figure 4.8C-D). These data suggest that inhibiting MAPK activation with a 

MEK antagonist in DKO cells counteracts the effects of increased LysoPLs on neuronal 

differential. The phenotypic changes to neuritogenesis, especially the increased total outgrowth 

of DKO cells, are likely due to the increased LysoPL levels and their role in the activation of the 

MAPK signaling cascade. If this is the case, LYPLAs are demonstrably important in maintaining 

LysoPL homeostasis and modulating their effects on signaling processes in cells.  

 

 

4.4 Discussion 

 

LysoPL metabolism is a significant component of the Lands cycle, modulating the levels 

of potent bioactive signaling molecules and preventing membrane disruption (102,104). 

LYPLA1 and LYPLA2 are responsible for a substantial fraction of this activity, and, 

consequentially, for regulating the signaling effects of their respective LysoPL substrates (209). 

While past work has suggested LYPLA1 and LYPLA2 display relative substrate specificity in 

terms of LysoPL hydrolysis, these studies have been done using recombinant enzyme and fail to 

accurately portray the roles of LYPLAs in cellular settings. To compare the activities of these 

two enzymes, we have taken a multifaceted approach using in vitro and cellular assays to 

determine how LYPLAs maintain LysoPL homeostasis.  
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We have characterized the roles of LYPLA1 and LYPLA2 in LysoPL hydrolysis in a 

neuroblastoma cell model in which Lypla1, Lypla2, or both genes were deleted. The results 

demonstrated minimal effects of Lypla1 deletion on LysoPL levels, although it interesting to note 

that the only LysoPL species that increased in Lypla1-/- cells contained 20:4, suggesting that 

LYPLA1, specifically, may play a role in regulating arachidonate levels and eicosanoid 

biosynthesis. In contrast, Lypla2 deletion affected a greater number and broader diversity of lipid 

species than Lypla1 deletion, and substantial LysoPL elevation occurred only with knockout of 

both enzymes (Figure 4.3, Table 4.3). In general, the data suggest that the two enzymes act 

cooperatively, with apparent compensation of one isoform for the loss of the other, although that 

occurs without substantial changes in protein expression (Figure 4.2A). The consistent levels of 

protein expression in the knockout cells suggest the enzymes are constitutively expressed to 

modulate LysoPL levels. However, it is possible that the enzymes could undergo activation via 

post-translational modification; both LYPLA1 and LYPLA2 are palmitoylated in cells at 

conserved Cys2, LYPLA1 is acetylated at Lys224 and LYPLA2 is phosphorylated at Ser82 

(186,235,273). Nevertheless, it appears that LYPLA1 and LYPLA2 are able to hydrolyze the 

majority of LysoPLs in cells despite the differential preferences for LysoPL classes observed in 

vitro. One must interpret these data with caution, however, as lysates from DKO cells retained 

substantial hydrolytic activity (Figure 4.2B). The specific nature of this activity is not known, but 

it almost certainly has an impact on the ultimate pattern of LysoPL changes observed in the 

various cell lines that we explored.  

In neuroblastoma cells lacking both Lypla1 and Lypla2, lysophospholipase activity is 

sufficiently compromised to lead to increased LysoPL levels (Figure 4.3) and increased 

activation of the MAPK signaling pathway (Figure 4.5). Correspondingly, these data suggest that 
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LYPLA1 and LYPLA2 are able to modulate cell differentiation and neuritogenesis in 

neuroblastoma cells through their hydrolytic metabolism of LysoPLs (Figure 4.6). The role of 

lysophospholipase-dependent modulation of LysoPL levels in physiological models of 

neurodifferentiation will be an interesting subject for further study. 

In summary, we have closely compared the activities of LYPLA1 and LYPLA2 and 

determined that the two proteins have significant overlap in their cellular functions. Both 

enzymes cooperate to maintain lipid homeostasis in cells; however, losing the activity of only 

one of these enzymes seems to have modest to no effect on LysoPL levels, suggesting the 

counterpart lysophospholipase is able to compensate for that loss. However, when both enzymes 

are knocked out, the cells are unable to regulate levels of LysoPLs, leading to aberrant LysoPL-

dependent signaling, an unregulated Lands cycle, and associated phenotypic and morphological 

changes to the cells. This work is one of the first documented studies of LYPLA activity in a 

cellular setting and gives a clear answer to why inhibiting only LYPLA1 or LYPLA2 seems to 

have little to no effect (222,274). We have focused here on the role of these proteins in 

maintaining LysoPL homeostasis, but their redundancy in substrate specificity may also apply to 

their other major function, namely the thioesterase activity that results in the depalmitoylation of 

protein substrates (172). While relatively few palmitoylated proteins have been identified as 

specific substrates for either LYPLA, it has been shown that incomplete knockdown or inhibiting 

only one LYPLA is ineffective, and dual inhibition of LYPLA1 and LYPLA2 with palmostatin 

B is often required to affect global protein palmitoylation (190,222,274). These trends are 

consistent with our findings that LYPLA1 and LYPLA2 seem to share LysoPL substrates in cells 

and offer credence to a dual inhibition/knockout approach to further study their physiological 

and pathophysiological functions.   
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5 

Lysophospholipases Regulate Dynamic Protein S-Palmitoylation as  

Acyl-Protein Thioesterases 

 

 

5.1 Introduction 

 

In addition to their role in the degradation of LysoPLs, LYPLAs display other activities 

(Figure 5.1). For example, the monoacylglycerol and endocannabinoid, 2-AG, is oxygenated by 

COX-2 to generate PG-Gs (47,221). Our previous work has identified LYPLA2 as a PG-G 

hydrolase, converting PG-Gs to free PGs (66). Furthermore, LYPLA1 and LYPLA2 are among a 

small pool of enzymes known to exhibit thioesterase activity on palmitoylated proteins such as 

the G5α subunit of heterotrimeric G proteins and Ras (183,190,222). This post-translational 

modification serves to alter protein conformation and/or tether a cytosolic protein to a lipid 

membrane with the addition of a lipophilic acyl moiety covalently bound to cysteine residues via 

a thioester linkage (168,177,184,275). LYPLA1 and LYPLA2 act to remove these acyl 

modifications as part of a dynamic palmitoylation process, regulating the subcellular location 

and conformation of a variety of cellular proteins (183,184,186,222).  

While LYPLA1 and LYPLA2 have demonstrated acyl-protein thioesterase activity in 

cellular settings, most of this work was done using general thioesterase inhibitors, such as 

palmostatin B (186,190,276). Resulting global changes to protein palmitoylation is likely due to 

the inhibition of LYPLAs in addition to numerous other enzymes, such as ABHD17 or a plethora 

of unidentified acyl-protein thioesterases. Some studies have isolated specific lipoprotein 
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substrates of LYPLA1 and LYPLA2, specifically, using their appropriate inhibitors, ML348 and 

ML349, respectively (222,233). However, we have shown that the IC50 of these inhibitors is 

relatively high, and inhibiting LYPLAs in cells would require concentrations of these 

compounds well above levels at which they remain selective (66). Alternatively, we used 

CRISPR/Cas9 genome editing to generate knockout neuro2a cells, an established cell model of 

dynamic palmitoylation processes (277,278), lacking the genes for Lypla1, Lypla2 or both to 

prevent their specific acyl-protein thioesterase activity and determine individual lipoprotein 

substrates of each respective enzyme.  

 

 

Figure 5.1: LYPLAs hydrolyze three different classes of substrates: LysoPL substrates, 
palmitoylated protein substrates, and PG-G substrates. 
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To determine changes in protein palmitoylation, we utilized a chemical reporter with an 

alkyne tag, aPA, a common tool used to visualize protein palmitoylation in cells (166,279). The 

presence of the bioorthogonal alkyne functional group enables fluorescent labeling and 

visualization or biotin labeling and streptavidin enrichment via click chemistry. These tools, in 

conjunction with our genetic knockout cell lines and SILAC, enable us to determine global and 

individual changes of palmitoylated protein substrates of LYPLA1 and LYPLA2, as well as 

common lipoprotein substrates between the two acyl-protein thioesterases. This work represents 

the first examples of coupling CRISPR technology with global palmitoylation changes, and 

clarifies the mechanisms of dynamic protein palmitoylation in a cellular setting. 

 

 

5.2 Materials and Methods 

 

Chemicals, Cells, and Reagents 

All reagents were purchased from Sigma Aldrich (St. Louis, MO), unless otherwise 

stated. aPA was synthesized by Ned Porter’s lab. ML349 was synthesized as described above. 

LC-MS solvents were from Fisher (Pittsburgh, PA). Recombinant enzyme was expressed and 

purified as described above. RAW264.7 macrophages were obtained from the American Type 

Culture Collection (ATCC, Manassas, VA).  Genetically edited neuro2a cells were generated as 

described above. Cell culture reagents were purchased from Invitrogen (Grand Island, NY). All 

experiments were performed twice in triplicate, unless otherwise noted, and statistical 

significance was determined using one-way analysis of variance, unless otherwise noted. 
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Cell Culture  

Neuro2a cells were maintained as adherent cultures in DMEM supplemented with 10% 

FBS from Atlas Biologicals (Fort Collins, CO). Cells were cultured at 37ºC, 5% CO2, grown to 

no more than 75% confluency, and trypsinized to passage.  For SILAC experiments, WT 

neuro2a cells were cultured in isotopically labeled light media (0.1 g/L natural abundance 

isotope amino acids) from Fisher Scientific (Pittsburgh, PA) with 10% dialyzed FBS from Fisher 

Scientific and DKO neuro2a cells were cultured in isotopically labeled heavy media (0.1 g/L 

13C6
15N2 Lys and 13C6

15N4 Arg) with 10% dialyzed FBS. Each cell line was passaged at least 6 

times, until all Lys and Arg were replaced by the labeled amino acids. 

 

aFA Enrichment 

WT, Lypla1-/-, Lypla2-/-, or DKO neuro2a cells or RAW264.7 macrophages (1 x 106) 

were plated in 8 mL DMEM with 10% FBS and incubated at 37ºC with 5% CO2. After 24 h, 

media was replaced with DMEM without FBS or supplemented with 10% FBS containing EtOH 

vehicle, 1 µM aFAs (aAA, aLA, aPA), or 0.1, 1, 10, 50, or 100 µM aPA. In experiments with 

RAW264.7 cells, DMSO vehicle or 10 µM ML349 were also added with aFAs. After another 24 

h, media was aspirated, cells were washed with 3 mL ice-cold PBS, and harvested into 3 mL ice-

cold PBS. 

 

LC-MS/MS Analysis 

Analysis of aFAs was accomplished by reverse phase chromatography followed by mass 

spectrometric detection by selected reaction monitoring (SRM) with low collision energy (-5 V) 

and using the same mass for Q1 and Q3. The instrument was a Shimadzu LC-20 HPLC system 



 

 
116 

coupled to an Applied Biosystems 3200 QTrap mass spectrometer. Separation of FAs was 

achieved by gradient elution of a Phenomenex Luna C18 column (50 mm x 2.0 mm, 3 µm 

particle size). Solvent A was HPLC grade water with 0.1% formic acid, and solvent B was ACN 

with 0.1% formic acid. Samples were injected onto the column with a starting condition of 50% 

solvent A and 50% solvent B at a flow rate of 0.5 mL/min. After 0.5 min, a linear gradient of 

increasing solvent B to 99% was run over 2 min and then held for 4 min before returning to 50% 

B over 0.1 min. SRM transitions were as follows: aAA transition m/z 300.4→300.4; aLA m/z 

276.4→276.4; aPA m/z 251.1→251.1; 17:0 m/z 269.5→269.5. 

 

Click Chemistry Labeling of aFAs 

Cell pellets were lysed in 200 µL ice-cold PBS containing protease inhibitor tablet (0.2 

mg/mL) via sonication (2 rounds of 10 x 10 sec pulses). Insolubles were removed via 

centrifugation at 15,000 x g for 10 min, and soluble protein concentration in the supernatant was 

determined via PierceTM BCA protein assay. 1 mg of protein from each cell lysate was diluted to 

300 µL solutions, and the following click reagents were added: 0.5 µL of 50 mM CuSO4 (aq), 

0.5 µL of 50 mM TCEP (aq), 1.5 µL of 1.7 mM TBTA (DMSO), 0.5 µL of 1 mM N3-AlexaFluor 

or 0.5 µL of 10 mM N3-biotin. In the case of biotin conjugation, lysates were “pre-cleared” by 

incubating with streptavidin beads to remove any endogenously biotinylated proteins prior to the 

click chemistry reaction. Each solution was vortexed and incubated at room temperature for 1 h 

while protected from light.  

 

SDS-PAGE Analysis and Protein Visualization 

Protein expression was determined by western blot analysis as described above. Protein 
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palmitoylation levels were determined by fluorescent labeling (AlexaFluor labeled protein) or 

IR-streptavidin visualization (biotin-labeled protein). 20 µg of protein were loaded into each well 

of a 12% SDS-PAGE gel and gel was run at 100 V for ~2 hr. In the case of AlexaFluor labeling, 

gels were imaged on fluorescent scanner (590 nm excitation/ 617 nm emission). Each lane of 

palmitoylated protein was normalized to total protein levels determined by Coomassie staining as 

described above immediately after fluorescent imaging. In the case of IR-streptavidin 

visualization, protein was transferred to nitrocellulose for Western blot analysis as described 

above. Actin was used as a loading control, and biotinylated protein corresponding to aFA-

labeling was visualized using 700 nm IR-streptavidin (1:10000 in 1:1 TBS-T:Odyssey Blocking 

Buffer). 

 

Immunocytochemistry  

WT, Lypla1-/-, Lypla2-/-, or DKO Neuro2a cells (4 x 103) were plated in 100 µL DMEM 

with 10% FBS in a 96-well plate. After 48 h, the medium was replaced with 100 µL DMEM 

containing 10% FBS and DMSO control or various concentrations of aPA. Cells were cultured 

for 24 h to promote aFA enrichment and protein labeling. Cells were then washed 2 x with 100 

µL PBS and fixed with the addition of 3.7% formaldehyde in PBS, followed by shaking at room 

temperature for 20 min. Cells were then washed 2 x with PBS and permeabilized with 0.15% 

Triton X-100 in PBS for 10 min at room temperature. Cells were again washed 2 x with PBS and 

blocked with Odyssey Blocking Buffer by shaking for 1 h at room temperature. Cells were then 

labeled with N3-AlexaFluor via click chemistry by adding a master-mix of CuSO4, TCEP, 

TBTA, and N3-AlexaFluor to give the same final concentrations as used in gel visualization 

experiments as described above, and shaking at room temperature for 1 h. Cells were then 
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washed 3 x with TBS containing 0.1% (v/v) Tween (TBS-T) for 10 min while shaking at room 

temperature, prior to the addition of 4',6-diamidino-2-phenylindole (DAPI) (1:1000 v/v, 

Invitrogen) for 1 h while shaking at room temperature. Cells were then washed again 3 x with 

TBS-T and rinsed 3 x with PBS. Stained cells were imaged at 10x power in a 5 x 5 array, and the 

data were processed using a MetaXpress Micro XL automated microscope imager, which 

generated a single composite image per well.  

 

Streptavidin Enrichment of aPA-labeled Proteins 

 WT and DKO neuro2a cells (5 x 106) were cultured in isotopically-labeled light and 

heavy media, respectively, and plated in 20 mL DMEM with 10% FBS and enriched with 50 µM 

aPA as described above. Cells were lysed and protein concentrations were determined as 

described above. 2.5 mg of protein from WT cells (light) was combined 1:1 with 2.5 mg of 

protein from DKO cells (heavy) and UV-cleavable N3-biotin labeling of the combined protein 

samples was performed as described previously, though without exposing samples to any light. 

Biotinylated protein was enriched using 50 µL streptavidin beads washed with PBS per sample 

using the following wash steps: 2 each of 1% SDS in PBS, 4 M Urea in PBS, 1 M NaCl in PBS, 

PBS, H2O. Enriched protein was eluted from beads by stirring in glass tubes under 360 nm light 

for 1 h. Eluted protein was concentrated in speed-vac for 16 h and dried protein eluates were 

analysed by Vanderbilt University Mass Spectrometry Research Center Proteomics Lab.  
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5.3 Results 

 

Cells Utilize aFAs from Media with or without FBS 

 The ability of neuro2a cells to utilize exogenous aFAs was assessed by quantifying the 

percentage of aFAs remaining in media after a 24 h enrichment period (Figure 5.2). Whereas 

aLA is the most depleted (17 ± 0.7%) and presumably incorporated into the cells, smaller 

fractions of aAA and aPA are incorporated, leaving just over 60% in the medium after 24 h. 

Additionally, the removal of serum had a modest effect on aPA enrichment, reducing the 

remaining amount by about 10%, though this effect was insignificant. These data suggest that 

removing serum from the media did not have a significant effect on aFA enrichment, and the 

deleterious effects on cell growth that result from removing serum were not warranted in the 

interest of increasing aFA uptake.  

 

 

Figure 5.2: aFAs are depleted in cell media after a 24 h enrichment period. Removing serum 
from media slightly increases the amount of aPA enrichment into cells. 
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Figure 5.3: Proteins labeled with aPA can be identified by covalently attaching an azido-biotin 
moiety via click chemistry and visualizing with Western blotting analysis with IR-active 
streptavidin. 
 

ML349 Inhibition of LYPLA2 Increases Global Protein Palmitoylation 

 After ensuring the neuro2a cells were able to take up exogenous aFAs from media, the 

ability of the cells to utilize these reporters as FA mimetics for protein acylation studies was 

assessed via click chemistry and western blotting analysis (Figure 5.3). After using click 

chemistry to covalently label modified proteins from cells enriched with an EtOH vehicle or 50 

µM aPA, streptavidin visualization via Western blotting revealed clear differences between 

treated and control cells. These data suggest aPA can be used to identify protein substrates of 

dynamic palmitoylation processes in cells. 
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 We have shown that ML349 treatment of RAW264.7 macrophage cells inhibits cellular 

LYPLA2 and prevents PG-G hydrolysis (Figure 2.11) (66). To determine the effects of ML349 

on protein palmitoylation in these cells, RAW264.7 cells were enriched with 50 µM aPA to 

promote endogenous protein palmitoylation with an alkyne reporter tag as demonstrated in 

Figure 5.3. Simultaneously, cells were treated with 10 µM ML349 to inhibit LYPLA2 hydrolytic 

activity and prevent depalmitoylation of its specific lipoprotein substrates. As shown in Figure 

5.4, protein palmitoylation was drastically increased in aPA-enriched RAW264.7 cells treated 

with the LYPLA2 inhibitor, ML349. Furthermore, neither aPA enrichment nor ML349 treatment 

affected LYPLA2 expression, suggesting these changes in protein palmitoylation were directly 

resulting from inhibiting LYPLA2 activity. While some protein bands were present in the 

unenriched control samples, these proteins are likely to be endogenously biotinylated 

background. Additionally, proteins in the LYPLA2-inhibited sample appear as an unresolved 

smear, suggesting a much higher quantity of protein palmitoylation. These results suggest that 

despite only GAP-43 being validated as a substrate of LYPLA2, a plethora of unidentified 

lipoprotein substrates of the acyl-protein thioesterase exist (172,186,187,190,222,226,227). 
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Figure 5.4: Western blot analysis of RAW264.7 cells enriched with 50 µM aPA demonstrates 
increased protein palmitoylation after inhibiting LYPLA2 depalmitoylation with 10 µM ML349. 
Actin was used as a loading control for palmitoylated protein levels and for LYPLA2 expression 
in a separate Western blot.  
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Figure 5.5: Gel imaging analysis of WT, Lypla1-/-, Lypla2-/-, and DKO neuro2a cells enriched 
with 50 µM aPA demonstrates increased protein palmitoylation only in cells lacking both Lypla1 
and Lypla2 genes. Protein palmitoylation was visualized with azidoAlexaFluor via click 
chemistry cycloaddition. Total protein staining with Coomassie was used as a loading control for 
the palmitoylated protein levels. 
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Protein Palmitoylation is Increased in DKO Neuro2a Cells 

 LYPLA2-specific inhibition with ML349 in RAW264.7 macrophages results in increased 

protein palmitoylation (Figure 5.4). These data suggest dynamic protein palmitoylation can be 

modulated with the use of LYPLA-specific inhibition or preventing acyl-protein thioesterase 

expression with genome editing. To evaluate the effects of LYPLA1 and LYPLA2 knockouts on 

protein palmitoylation, previously generated genetic knockouts of Lypla1, Lypla2, and DKO 

neuro2a cells were utilized (Figure 4.2A). WT neuro2a cells and each knockout cell line were 

enriched with 50 µM aPA prior to harvesting and cell lysates were labeled with azido-

AlexaFluor via click chemistry (Figure 5.5). Interestingly, individual knockouts of Lypla1 or 

Lypla2 had no discernable effect on protein palmitoylation compared to WT cells. However, 

DKO cells lacking both enzymes had higher levels of protein palmitoylation than the other 

cohorts. 

 For a more quantitative approach to comparing protein palmitoylation between cells, we 

utilized immunocytochemistry and high-throughput imaging to compare AlexaFluor 

fluorescence in clicked neuro2a cells after enriching with various concentrations of aPA (Figure 

5.6). Total intensity of fluorescence of the AlexaFluor-labeled palmitoylated proteins was 

quantified in each well and normalized to the number of cells in each well, determined by 

nuclear staining with DAPI. These values were then normalized to vehicle-treated WT 

fluorescence to compare each cell line with different concentrations. Significant increases in 

palmitoylation were observed in DKOs at aPA enrichment concentrations of 10 µM and higher. 

Additionally, slight, though significant, increases were also seen in Lypla2-/- cells at aPA 

enrichment concentrations of 50 µM and higher. These data confirmed that it is possible to 

quantify changes in protein palmitoylation resulting from preventing the expression of LYPLAs.  
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Figure 5.6: Protein palmitoylation is significantly increased in DKO cells and is slightly 
increased in Lypla2-/- cells at higher concentrations of aPA. (A) Fluorescence imaging analysis 
of individual WT, Lypla1-/-, Lypla2-/-, and DKO neuro2a cells enriched with 50 µM aPA 
demonstrates sensitive changes in protein palmitoylation between cell lines. Representative plate 
shown with concentrations of aPA at 10, 50, and 100 µM. (B) Total intensity of aPA-AlexaFluor 
fluorescence in each well was normalized to the number of cells counted with DAPI nuclear 
staining to give average intensity of fluorescence/cell, and normalized to WT levels. (N=16) 
**P<0.001, ***P<0.0001. 
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Together, the results suggest that a similar mechanism of cooperation between LYPLA1 

and LYPLA2 to mediate dynamic protein palmitoylation exists as seen with LysoPL hydrolysis 

as described above. In this case, both LYPLA1 and LYPLA2 are able to account for the loss of 

activity in the opposite single knockout cells, but when both genes are deleted, protein 

palmitoylation is significantly increased. Contrastingly, protein palmitoylation was increased in 

the ML349-treated RAW264.7 cells (Figure 5.4); however, it seems more likely that ML349 is 

no longer specifically inhibiting LYPLA2 at 10 µM, and instead both LYPLA1 and LYPLA2 are 

being inhibited, along with multiple other acyl-protein thioesterases, to increase protein 

palmitoylation levels. In this case, it would make sense that LYPLA1 and LYPLA2 actually do 

share a number of lipoprotein substrates, which would explain why specific inhibition of either 

protein does not drastically alter dynamic protein palmitoylation. 

 

Dynamic Palmitoylation States of Specific Proteins are Altered in DKO Neuro2a Cells 

Global protein palmitoylation was increased in DKO cells relative to WT cells as 

demonstrated in Figures 5.5-6. For precise identification and accurate quantification of 

individual proteins with altered palmitoylation in DKO cells, SILAC was used to differentiate 

proteins derived from WT or DKO neuro2a cells in proteomics experiments. After combining 

equivalent quantities of protein from aPA-enriched light WT lysates and heavy DKO lysates, 

click chemistry was used to attach a UV-cleavable biotin moiety to all aPA-modified proteins, 

allowing for streptavidin-based enrichment of palmitoylated proteins and subsequent proteolytic 

digestion. Then, proteomic analysis of the enriched peptides derived from palmitoylated proteins 

enabled the identification and quantification of proteins whose palmitoylation state was altered in 

the DKO cells.  
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Table 5.1: Proteins identified as palmitoylated with a 20% increase or decrease in 
palmitoylation in DKO cells compared to WT cells, with P<0.05. 

UniProt	
Accession Protein	ID

1.21 P09405 nucleolin(Ncl)
1.21 Q7TPV4 MYB	binding	protein	(P160)	1a(Mybbp1a)
1.21 P0CG50 ubiquitin	C(Ubc)
1.22 P63038 heat	shock	protein	1	(chaperonin)(Hspd1)
1.23 P49312 heterogeneous	nuclear	ribonucleoprotein	A1(Hnrnpa1)
1.23 Q99PL5 ribosome	binding	protein	1(Rrbp1)
1.24 Q9JKR6 hypoxia	up-regulated	1(Hyou1)
1.24 Q9DCN2 cytochrome	b5	reductase	3(Cyb5r3)
1.24 P62242 ribosomal	protein	S8(Rps8)
1.25 Q8VEK3 heterogeneous	nuclear	ribonucleoprotein	U(Hnrnpu)
1.25 P63101 tyr	3-monooxygenase/trp	5-monooxygenase	activation	protein,	zeta	polypeptide(Ywhaz)
1.26 Q61656 DEAD	(Asp-Glu-Ala-Asp)	box	polypeptide	5(Ddx5)
1.26 P06837 growth	associated	protein	43(Gap43)
1.29 Q9CZU6 citrate	synthase(Cs)
1.29 P34022 RAN	binding	protein	1(Ranbp1)
1.30 P51150 RAB7,	member	RAS	oncogene	family(Rab7)
1.31 P14211 calreticulin(Calr)
1.32 P61982 tyr	3-monooxygenase/trp	5-monooxygenase	activation	protein,	gamma	polypeptide(Ywhag)
1.33 P17225 polypyrimidine	tract	binding	protein	1(Ptbp1)
1.35 P38647 heat	shock	protein	9(Hspa9)
1.35 P08249 malate	dehydrogenase	2,	NAD	(mitochondrial)(Mdh2)
1.37 Q9Z127 solute	carrier	family	7	(cationic	amino	acid	transporter,	y+	system),	member	5(Slc7a5)
1.38 P20152 vimentin(Vim)
1.39 Q9Z1N5 DEAD	(Asp-Glu-Ala-Asp)	box	polypeptide	39B(Ddx39b)
1.43 Q9CQM2 KDEL	(Lys-Asp-Glu-Leu)	endoplasmic	reticulum	protein	retention	receptor	2(Kdelr2)
1.48 Q6IRU2 tropomyosin	4(Tpm4)
1.48 P14148 ribosomal	protein	L7(Rpl7)
1.53 P10852 solute	carrier	family	3	(activators	of	dibasic	and	neutral	amino	acid	transport),	member	2(Slc3a2)
1.55 Q6NZJ6 eukaryotic	translation	initiation	factor	4,	gamma	1(Eif4g1)
1.56 P09103 prolyl	4-hydroxylase,	beta	polypeptide(P4hb)
1.58 P46061 RAN	GTPase	activating	protein	1(Rangap1)
1.63 P08113 heat	shock	protein	90,	beta	(Grp94),	member	1(Hsp90b1)
1.68 Q07409 contactin	3(Cntn3)
1.78 Q9WVA4 transgelin	2(Tagln2)
1.82 P21107 tropomyosin	3,	gamma(Tpm3)
1.85 O35114 scavenger	receptor	class	B,	member	2(Scarb2)
1.86 Q922R8 protein	disulfide	isomerase	associated	6(Pdia6)
2.34 Q8CGK3 lon	peptidase	1,	mitochondrial(Lonp1)
0.38 Q9EQU5 SET	nuclear	oncogene(Set)
0.39 P21995 embigin(Emb)
0.46 P05202 glutamatic-oxaloacetic	transaminase	2,	mitochondrial(Got2)
0.54 P06151 lactate	dehydrogenase	A(Ldha)
0.55 Q9JLV1 BCL2-associated	athanogene	3(Bag3)
0.59 P57787 solute	carrier	family	16	(monocarboxylic	acid	transporters),	member	3(Slc16a3)
0.59 P14873 microtubule-associated	protein	1B(Map1b)
0.60 P14152 malate	dehydrogenase	1,	NAD	(soluble)(Mdh1)
0.61 Q8R191 synaptogyrin	3(Syngr3)
0.65 P52480 pyruvate	kinase,	muscle(Pkm)
0.67 Q7TQ95 ER	junction	formation	factor	1(Lnpk1)
0.69 Q91XV3 brain	abundant,	membrane	attached	signal	protein	1(Basp1)
0.69 Q05816 fatty	acid	binding	protein	5,	epidermal(Fabp5)
0.70 P80315 chaperonin	containing	Tcp1,	subunit	4	(delta)(Cct4)
0.70 Q03265 ATP	synthase,	H+	transporting,	mitochondrial	F1	complex,	alpha	subunit	1(Atp5a1)
0.70 Q9CQX2 cytochrome	b5	type	B(Cyb5b)
0.70 Q9WTQ5 A	kinase	(PRKA)	anchor	protein	(gravin)	12(Akap12)
0.73 P17751 triosephosphate	isomerase	1(Tpi1)
0.74 P80314 chaperonin	containing	Tcp1,	subunit	2	(beta)(Cct2)
0.75 O70251 eukaryotic	translation	elongation	factor	1	beta	2(Eef1b2)
0.76 P62821 RAB1A,	member	RAS	oncogene	family(Rab1a)
0.76 Q8BK64 AHA1,	activator	of	heat	shock	protein	ATPase	1(Ahsa1)
0.78 O55143 ATPase,	Ca++	transporting,	cardiac	muscle,	slow	twitch	2(Atp2a2)

>	20%	
Decrease

DKO:WT

>	20%	
Increase
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For identification of palmitoylated proteins, tandem mass spectra were searched with 

Sequest (Thermo Fisher Scientific) against a mouse subset database created from the UniprotKB 

protein database. Only proteins with two or more peptides present were identified as present in 

the neuro2a cells. Ratios of the light and heavy peptides were quantified to give relative changes 

in protein palmitoylation between WT and DKO cells, resulting in 129 identified palmitoylated 

proteins present in both cohorts (Figure 5.7). Palmitoylated proteins that significantly increased 

or decreased by greater than 20% in DKO cells compared to WT cells were identified and added 

to Table 5.1.  

 

 

Figure 5.7: Palmitoylated proteins with multiple peptides identified in DKO and WT neuro2a 
cells. Proteins highlighted in blue (decreased in DKO cells) and red (increased in DKO cells) are 
some of the known targets of palmitoylation. Proteins significantly increased or decreased in 
DKO cells that change by over 20% are described in Table 5.1. 

 

Many proteins identified in these experiments are known targets of palmitoylation 

(highlighted in blue or red for decreases or increases in DKO cells, respectively), validating these 

methodologies were able to isolate known lipoproteins from cell lysates (Figure 5.7) 
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(161,223,280-283). For example, GAP-43 was increased in DKO cells by 26% in DKO cells, 

and is a known substrate of LYPLA2 depalmitoylation (172,183,186,187,190,222,224-227). 

Importantly, any proteins with increased palmitoylation in DKO cells are potential substrates of 

specifically LYPLA1, specifically LYPLA2, or both LYPLA1 and LYPLA2, and determination 

of the exact acyl-protein thioesterase responsible for depalmitoylating the lipoprotein of interest 

would require further validation studies. 

 

 

5.4 Discussion 

 

Protein acylation is an abundant and long-lived PTM, with almost 15% of proteins in 

eukaryotic cells undergoing the modification (164). Protein palmitoylation is an important 

mechanism in regulating the activity and subcellular location of protein substrates 

(160,166,168,177,227). This dynamic cysteine modification is regulated by acyl-protein 

thioesterase enzymes, which remove the S-palmitoyl moieties by hydrolyzing the thioester bonds 

(172,183,184,186,275). However, only three acyl-protein thioesterase enzymes have been 

identified: LYPLA1, LYPLA2, and ABHD17. Furthermore, relatively few lipoprotein substrates 

of these enzymes have been identified, with GAP-43 being the only known protein substrate of 

LYPLA2, specifically (187,284). 

To characterize the roles of LYPLA1 and LYPLA2 as acyl-protein thioesterases, we 

utilized a chemical probe, aPA, to label all palmitoylated proteins with an alkyne moiety. This 

reporter molecule allowed for bioorthogonal labeling of palmitoylated proteins with fluorescent 

or biotin tags to allow for visualization and enrichment, as demonstrated in Figure 5.3. This 
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qualitative approach allowed for comparing different cell samples to evaluate the effects of 

LYPLA1 and LYPLA2 activity on dynamic protein palmitoylation. For example, when cells 

were inhibited with ML349, a LYPLA2-specific small molecule inhibitor, protein palmitoylation 

was increased relative to vehicle-treated cells (Figure 5.4), suggesting many more lipoprotein 

substrates of LYPLA2 exist in cells. 

Alternatively, genetic knockouts of LYPLA1 or LYPLA2, individually, did not have a 

drastic effect on palmitoylation levels. However, knocking out both genes caused an increase in 

protein palmitoylation (Figure 5.5). Additionally, these same trends were seen with a quantitative 

immunofluorescence approach to compare palmitoylation between cell lines (Figure 5.6). These 

results are consistent with the effects of the genetic knockouts on LysoPLs (Figure 4.3), and 

suggest the enzymes share a wide range of LysoPL and lipoprotein substrates in cells, despite 

minor distinct substrate preferences with recombinant protein assays. These results also explain 

why approaches that inhibit only LYPLA1 or LYPLA2 to modulate protein palmitoylation are 

often unsuccessful, and dual inhibition of both proteins is generally required to observe changes 

in dynamic palmitoylation (190,222,274). 

Accordingly, lipoprotein content in DKO and WT cells was compared using SILAC and 

proteomics approaches to identify proteins with higher palmitoylation in DKO cells as substrates 

of LYPLAs. 129 proteins were identified as changed in DKO cells, though many of these were 

decreased and changes were, therefore, likely indirect effects of deleting Lypla1 and Lypla2. Of 

the 129 proteins, 61 were increased, 38 of which were increased by more than 20% (Table 5.1). 

Interestingly, many of the proteins identified were chaperone proteins, responsible for 

folding/unfolding proteins that have been denatured due to cellular stress or routine denaturing. 

Specifically, 8 heat shock proteins demonstrated significant changes in protein palmitoylation. 



 

 
131 

These data suggest that LYPLAs are important in regulating the activity of protein chaperones 

responsible for maintaining the structure of numerous other enzymes in cells over time.  

In contrast, 23 proteins displayed decreased palmitoylation in DKO cells. As with the 

LysoPL data from Lypla KO cells, it is important to consider indirect effects of the genetic 

knockouts. While LYPLA1 and LYPLA2 are no longer present, other thioesterases are still 

expressed and can account for the resultant substantial changes to palmitoylation. If the 

expression of any of these thioesterases is increased in the DKO cells, palmitoylation of their 

normal substrates could be excessively decreased as a consequence of attempting to modulate the 

increased global palmitoylation. Furthermore, LYPLAs depalmitoylate each other and are likely 

to regulate the acylation state of other acyl-protein thioesterases themselves. If these proteins are 

stuck in a palmitoylated state because LYPLAs are knocked out, they would remain active and 

continue to depalmitoylate their own substrates, explaining significant decreases in certain 

palmitoylated proteins in the DKO cells. 

In summary, we have preliminarily characterized the roles of LYPLA1 and LYPLA2 in 

dynamic protein palmitoylation and determined the lipoprotein substrate pools of these enzymes 

had been vastly underestimated. Global protein palmitoylation was significantly increased in 

cells lacking both enzymes, which supports the hypothesis that LYPLA1 and LYPLA2 

accommodate for the loss of the others’ activity, which was also seen in the case of LysoPL 

substrates. Much like LysoPLs, it is likely that LYPLA1 and LYPLA2 share a wide variety of 

lipoprotein substrates in cells, and work together to mediate dynamic protein palmitoylation as 

well as modulating LysoPL substrates in the Lands Cycle.  
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6 

Significance 

 

 

The main goal of this work has been to characterize the relatively unstudied LYPLA 

enzymes. These two similar serine hydrolases were preliminarily shown to metabolize three 

distinct classes of substrate: eicosanoids derived from endocannabinoids, lysophospholipid 

signaling molecules, and palmitoylated proteins. While some activity by LYPLA1 and LYPLA2 

toward each of these substrate classes had been reported, most of this work had been done with 

recombinant enzyme. Furthermore, classifications of the two enzymes’ preferences toward their 

various substrates lacked a significant amount of information. For example, our work was the 

only example of LYPLA-mediated hydrolysis of PG-Gs to be published; no studies compared 

activity of LYPLAs toward LysoPLs with various acyl chains or toward LysoPL substrates in a 

cellular setting where more than one endogenous substrate was available at a given time; and 

methods to identify lipoprotein substrates of a specific acyl-protein thioesterase were unable to 

determine more than one substrate for LYPLA2. This work has been successful in addressing the 

lack of information for each of these fields of study. 

First, as described in Chapter 2, after identifying LYPLA2 as a potential PG-G hydrolase, 

we were able to validate this activity across multiple human cancer cell lines and differentiate the 

activities of LYPLA1 and LYPLA2 toward this substrate class. Interestingly, this is the only 

substrate class of LYPLAs where only one of the proteins displays a significant effect on levels 

of the substrates in cells. We have fully characterized the ability of LYPLA1 and LYPLA2 to 

perform this activity and have determined that, despite similar activities with recombinant 
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protein, only LYPLA2 seems to act as a cellular PG-G hydrolase. Furthermore, as described in 

Chapter 3, we employed x-ray crystallography to solve the first crystal structure of LYPLA2 and 

utilized the resulting data to generate a possible explanation for these differences in activity. By 

developing site-directed mutants of LYPLA2 based on contrasting structural features of the two 

proteins, and by interpreting activity data from hydrolysis assays with these mutants, we were 

able to posit a model for PG-G substrate binding to LYPLA2. Additionally, as described in 

Chapter 3, we were able to develop analytical methods to quantify hydrolysis of LysoPL 

substrates. These substrates are notoriously difficult to work with due to poor solubility and 

contamination, and our novel techniques that utilize a labeled LysoPL substrate and fatty acid 

derivatization with PFB-Br enabled us to avoid expensive and inaccurate radiolabeling 

approaches.  

Second, as described in Chapter 4, we generated the first genetic knockout cell lines of 

Lypla1, Lypla2, and both genes using CRISPR-Cas9 gene-editing technology. These cell lines 

were instrumental tools in studying LYPLA1 and LYPLA2 activity in cellular settings. We were 

able to use these cell models to compare the activities of LYPLAs on LysoPL levels in cells by 

using extensive LC-MS/MS-based lipidomics to quantify over 30 different LysoPL species in 

each cell line. The data from these experiments revealed the cellular dynamic between LYPLA1 

and LYPLA2 as cooperative and redundant, able to account for the loss of the other’s activity in 

the single knockout cell lines, but instrumental in maintaining lipid homeostasis and modulating 

LysoPL signaling as demonstrated in the DKO cells. These studies revealed the important roles 

of LYPLAs in lipid metabolism and characterized the phenotypic effects of these proteins’ 

activities on cellular differentiation.  
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Finally, as described in Chapter 5, we were able to use the CRISPR cell models again to 

characterize the roles of the proteins in dynamic palmitoylation processes in cells. By adapting 

chemical biology techniques using alkyne-labeled reporter tags, we were able to visualize and 

purify palmitoylated proteins from these cell lines and compare global palmitoylation levels. 

Furthermore, using SILAC and sensitive MS/MS-based proteomics, we were able to identify a 

host of palmitoylated proteins affected by LYPLA1 and LYPLA2 activity. Whereas only one 

reported substrate of LYPLA2 had been identified previously, our methods have highlighted 129 

potential lipoprotein substrates of LYPLA1 and LYPLA2. Additionally, the methods we 

developed can be applied to studying other acyl-protein thioesterase or palmitoyltransferase 

enzymes.  

Together, this dissertation project was successful in determining specific structural 

determinants of the contrasting activity between LYPLA1 and LYPLA2, as well as in 

characterizing their role in cellular lipid and lipoprotein metabolism. However, there is still much 

work that needs to be done to fully understand the contribution of these proteins to these 

biochemical processes. In-depth lipidomics experiments will need to be continued to further 

understand the mechanism in which LYPLAs account for each other’s loss in activity and the 

structural determinants that dictate the preferences for LysoPL substrates that increase 

preferentially in DKO cells. Additionally, lipoprotein candidates need to be validated as LYPLA 

substrates using new, more sensitive assays to detect small changes in palmitoylation. 

Collectively, much progress has been made in the characterization of these enzymes, and along 

with that progress, many more questions have been raised. 
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