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CHAPTER I†

INTRODUCTION

Replication stress and the DNA damage response
DNA replication is an essential biological process where the genetic information in a cell
is duplicated to generate two copies of the genome. These two copies are then segregated into
separate daughter cells during mitosis, or cell division. In humans, nearly 7 billion base pairs of
DNA have to be accurately duplicated. This essential process is constantly challenged by various
sources of replication stress that can impede the accurate and timely completion of genome
duplication (Zeman and Cimprich, 2014). These challenges include defects in the DNA template
such as base damage and backbone breaks, collisions between the replication and transcription
machineries, limiting precursors caused by oncogene-driven aberrant cell cycles, and inherently
difficult to replicate sequences that are prone to forming polymerase stalling structures.
Avoiding mutations or chromosome aberrations requires a replication stress response that
involves hundreds of proteins acting in multiple pathways. These pathways coordinate to perform
diverse function in response to replication stress including direct repair of DNA lesions, activation
of cell cycle checkpoints, and regulation of transcription and metabolism (Ciccia and Elledge,
2010). If the damage is too great, there are also proteins that promote exit from the cell cycle
through senescence or apoptosis (Ciccia and Elledge, 2010). These functions ensure the integrity
of the genome and prevent the development of several human diseases.

†

Portions of this chapter were adapted from Poole, L.A., and Cortez, D. (2017). Functions of
SMARCAL1, ZRANB3, and HLTF in maintaining genome stability. Crit Rev Biochem Mol
Biol, 1-19.
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Replication fork remodeling
Several proteins in the DNA damage response (DDR) promote the stability of replication
forks through fork remodeling. When a replication fork encounters stress, the fork can stall
resulting in the uncoupling of the DNA polymerase and the helicase (Figure 1.1) (Byun et al.,
2005). This uncoupling, in turn, generates long stretches of single stranded DNA (ssDNA) that
can be cleaved by structure specific nucleases to generate double stranded DNA (dsDNA) breaks
and, subsequently, collapse of the replication fork (Cortez, 2015). Therefore, stalled forks must be
stabilized to prevent this nuclease cleavage and genome instability. In situations when there is no
converging replication fork, the stalled fork must also restart to complete DNA synthesis (Figure
1.1).
To stabilize the stalled fork, there are several enzymes in the DDR capable of performing
replication fork reversal (also called fork regression) (Fugger et al., 2015; Neelsen and Lopes,
2015; Zellweger et al., 2015). This process involves a concerted reannealing of the parental
template strands to reverse the direction of the replication fork and generate a four-way junction,
also termed the “chicken foot” (Figure 1.2) (Neelsen and Lopes, 2015). Fork reversal is thought to
stabilize the fork, promote repair of the parental DNA template, or serve as a template switching
mechanism to bypass the source of replication stress. Once the source of stress has been addressed,
several enzymes can also catalyze the reverse reaction (called fork restoration), to reset the
replication fork to a three-way junction from the reversed chicken foot structure (Figure 1.2)
(Neelsen and Lopes, 2015). The importance of this process is highlighted by the abundance of
human diseases associated with mutations in proteins that catalyze fork remodeling.
Fork reversal has been observed in human cells treated with replication stress inducing
agents using electron microscopy (Zellweger et al., 2015). Interestingly, the type of damage had
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no effect on the prevalence of reversed forks indicating this process could be a universal response
to any type of replication fork stalling (Zellweger et al., 2015). However, it is unclear if this
phenomenon is also true for fork stalling caused by endogenous sources of replication stress.

The SNF2 family of DNA translocases
One subset of the DNA damage response utilizes enzymes in the SNF2 family of DNA
translocases to remodel stalled DNA replication forks. SNF2 proteins are ATP-dependent motors
that act in a multiple aspects of nucleic acid metabolism. These proteins share a bi-lobed helicaselike domain and have been classified by sequence differences into multiple subfamilies (Figure
1.3) (Flaus et al., 2006; Flaus and Owen-Hughes, 2011). Highly studied members of this family
include the catalytic subunits of the SWI/SNF, ISWI, and INO80 chromatin remodeling complexes
that act during transcription and DNA repair to alter nucleosome position or composition.
Some of the more distant subfamilies of SNF2 enzymes contain proteins that act in
response to replication stress but do not affect chromatin structure. SMARCAL1 (SWI/SNF related,
matrix associated regulator of chromatin subfamily A-like 1) and ZRANB3 (Zinc finger RANBP2type containing 3) are part of the most distant subgroup while HLTF (helicase-like transcription
factor) is a member of the RAD5/16-like group named for the yeast RAD5 protein that acts in a
post-replicative repair pathway (Figure 1.3) (Flaus and Owen-Hughes, 2011; Unk et al., 2010).
Despite sequence conservation with several chromatin remodeling proteins, none of these enzymes
assemble into larger complexes, interact with histones, or bind DNA in a sequence-specific manner
– all characteristics of chromatin remodeling enzymes. Instead, SMARCAL1, ZRANB3, and
HLTF all function in the DDR to stabilize replication forks through several mechanisms including
fork remodeling.
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SMARCAL1 remodels replication forks to promote genome stability
SMARCAL1 (also called HARP) is a 954-amino acid protein containing a replication
protein A (RPA) binding domain at the N-terminus followed by two HARP domains that are
important for DNA binding and conferring substrate specificity. The two lobes of the separated
ATPase domain are found in the C-terminal half of the protein (Figure 1.4). SMARCAL1 functions
as a DNA-dependent ATPase that translocates on DNA (Coleman et al., 2000). Defects in this
activity have severe consequences on genome integrity and human health. Bi-allelic loss-offunction mutations in SMARCAL1 result in the human disease Schimke immuno-osseous dysplasia
(SIOD), a rare human disease where only a few hundred patients have been described (Boerkoel
et al., 2002). SIOD manifests with diverse phenotypes including renal dysfunction, immune
deficiencies, microcephaly, and growth defects (Boerkoel et al., 2002). Most patients do not
survive past childhood due to infections, although a few have developed cancer suggesting a mild
cancer predisposition (Carroll et al., 2013). SMARCAL1 mutations linked to SIOD typically
truncate the protein or are found in critical functional domains highlighting the importance of the
enzymatic activity of this protein (Boerkoel et al., 2002; Carroll et al., 2013; Clewing et al., 2007).
The first biochemical activity identified for SMARCAL1, other than ATP hydrolysis, was
the reannealing of complementary DNA sequences (Yusufzai and Kadonaga, 2008). In a plasmidbased assay where complementary ssDNA is bound by the ssDNA binding protein RPA,
SMARCAL1 is able to reanneal the complementary strands, evicting RPA, to generate an entirely
dsDNA plasmid (Figure 1.5) (Yusufzai and Kadonaga, 2008). Importantly, this function is
different from the unwinding action of canonical DNA helicases that does not require
complementary DNA substrates (Yusufzai and Kadonaga, 2008). DNA binding and ATP
hydrolysis are required for this complementary annealing function of SMARCAL1 in vitro
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(Betous et al., 2012; Yusufzai and Kadonaga, 2008). SMARCAL1 was the first mammalian
enzyme identified with this “annealing helicase” activity. SMARCAL1 uses its annealing activity
to catalyze fork reversal and fork restoration on DNA substrates in vitro and in cells (Betous et al.,
2013a; Betous et al., 2012; Bhat et al., 2015; Kolinjivadi et al., 2017).
SMARCAL1 localizes to sites of replication stress to catalyze fork remodeling in cells by
directly contacting RPA through a conserved N-terminal motif (Figure 1.4) (Bansbach et al., 2009;
Ciccia et al., 2009; Postow et al., 2009; Yuan et al., 2009; Yusufzai et al., 2009). This interaction
is required for SMARCAL1 to prevent fork damage (Bansbach et al., 2009; Bansbach et al., 2010;
Ciccia et al., 2009; Yuan et al., 2009). RPA also directly regulates the fork remodeling functions
of SMARCAL1. RPA confers substrate specificity to SMARCAL1 reactions by inhibiting it in
some cases while activating it in others (discussed below and (Betous et al., 2013a; Bhat et al.,
2015)). Further, RPA also stimulates the rate of fork reversal and the processive power of
SMARCAL1 when bound to DNA substrates that mimic stalled replication forks (Betous et al.,
2013a). Importantly, this interaction with RPA is not shared by the other SNF2 fork remodeling
proteins.

ZRANB3 is an annealing helicase, fork remodeler, and structure-specific nuclease
ZRANB3 is a 1079-amino acid protein and, based on sequence homology, is the most
closely related SNF2 protein to SMARCAL1 (Flaus and Owen-Hughes, 2011). The separated
lobes of the conserved ATPase domain are located at the N-terminal portion of the protein followed
by several protein interaction domains, a substrate recognition domain (SRD), and an HNH
endonuclease domain (Figure 1.4). Like SMARCAL1, defects in ZRANB3 function cause genome
instability. For example, ZRANB3-deficient cells display higher rates of replication fork stalling
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and increases in sister chromatid exchanges (SCEs), a marker of hyper-recombination (Ciccia et
al., 2012). ZRANB3 deficiency also causes hyper-sensitivity to diverse DNA damaging agents
(Ciccia et al., 2012; Weston et al., 2012; Yuan et al., 2012). Despite these striking phenotypes,
ZRANB3 deficiency has not been directly associated with any human diseases; however, reports
of ZRANB3 mutations in endometrial cancers suggest it may function as a tumor suppressor
(Lawrence et al., 2014).
Like SMARCAL1, ZRANB3 lacks helicase activity but can act to anneal complementary
DNA using the plasmid assay containing an RPA-induced bubble in the DNA duplex (Yusufzai
and Kadonaga, 2010). As it was the second protein identified with this “annealing helicase”
function, it is also known as annealing helicase 2 (AH2). Furthermore, like SMARCAL1,
ZRANB3 catalyzes both fork reversal and restoration in vitro (Betous et al., 2013a; Ciccia et al.,
2012). In the absence of any additional proteins, ZRANB3 can catalyze fork reversal of DNA
substrates containing a gap on the leading or lagging strand with equal efficiency (Betous et al.,
2013a). When RPA is added, a situation mirroring what is happening in cells during DNA
replication, fork reversal on DNA substrates containing a lagging strand gap remains unchanged;
whereas the presence of RPA on replication forks with a leading strand gap results in a strong
inhibition of fork reversal (Betous et al., 2013a). RPA also inhibits ZRANB3-mediated restoration
of a replication fork with a gap on the lagging strand. Thus, while it is able to catalyze these same
reactions in vitro, ZRANB3 displays different substrate preferences compared to SMARCAL1
(discussed below (Betous et al., 2013a)).
In cells, ZRANB3 localizes to sites of replication stress using several domains that bind
polyubiquitinated PCNA (Ciccia et al., 2012; Weston et al., 2012). When the replisome encounters
an obstacle to replication, PCNA is polyubiquitinated on lysine 164 (K164) which acts as a signal
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for fork restart through error-free methods such as template switching (Mailand et al., 2013).
ZRANB3 contains two motifs that directly contact PCNA – a conserved canonical PCNAinteracting protein (PIP) box and an APIM (AlkB homology 2 PCNA interaction motif) (Figure
1.4) (Ciccia et al., 2012; Sebesta et al., 2017; Weston et al., 2012; Yuan et al., 2012). ZRANB3 is
also the first human protein known to contain an NZF (NPL4 zinc-finger) domain that binds polyubiquitin chains (Ciccia et al., 2012; Weston et al., 2012). All three domains are important for
facilitating ZRANB3 recruitment to sites of damage (Ciccia et al., 2012; Sebesta et al., 2017;
Weston et al., 2012; Yuan et al., 2012).
In contrast to other SNF2 family members, ZRANB3 possesses endonuclease activity in
addition to its other enzymatic functions (Badu-Nkansah et al., 2016b; Sebesta et al., 2017; Weston
et al., 2012). The endonuclease activity depends on ATP hydrolysis by the intact motor domain as
well as a C-terminal HNH nuclease domain (Figure 1.4). The HNH domain, named for the
conserved amino acids that compose this domain, is characteristic of numerous bacterial and
fungal nucleases including the RNA guided nuclease Cas9 (Jinek et al., 2012; Yusufzai and
Kadonaga, 2010). Interestingly, ZRANB3 is the only protein present in vertebrates described to
contain this domain. Further, structure comparisons of the HNH of ZRANB3 with other HNH
domains from lower organisms indicate that ZRANB3 contains an evolutionarily conserved unique
sequence insert in the HNH domain that is absent in most other organisms (Sebesta et al., 2017).
DNA cleavage by ZRANB3 happens on one of the two strands of a DNA duplex, but it
requires adjacent ssDNA. The preferred DNA substrate is a splayed arm with a minimum of 20
nucleotides of ssDNA (Weston et al., 2012). ZRANB3 will also cleave replication fork structures
as long as ssDNA present at the fork junction (Weston et al., 2012). On these substrates, ZRANB3
generates a nick two nucleotides into the DNA duplex on the leading strand template (Figure 1.6).
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Importantly, the nuclease activity conferred by the ZRANB3 HNH domain is dependent on an
intact motor domain, ATP hydrolysis, and an intact SRD domain (Badu-Nkansah et al., 2016b;
Sebesta et al., 2017; Weston et al., 2012). How this linkage is achieved is not known. One proposed
model is that ZRANB3 nicks the leading strand duplex and catalyzes fork reversal to prevent the
formation of a double-strand break (Weston et al., 2012). The nicking activity leaves a 3’OH group
that could be extended by a polymerase. If the polymerase displaces the damaged DNA, then flap
cleavage could yield a religatable nick and successful repair of the lesion (Figure 1.6).
Some cancer-associated mutations in ZRANB3 inactivate its nuclease activity without
affecting its ATPase activity (Sebesta et al., 2017), and the nuclease domain contributes to
ZRANB3 localization to damaged forks (Weston et al., 2012). Thus, nuclease activity may be
important for its genome protection functions, but further studies will be needed to determine if
nuclease inactivation actually drives tumorigenesis.

HLTF is a fork remodeler and E3 ubiquitin ligase
HLTF is a 1009-amino acid protein that functions primarily in the replication stress
response. Although named as a helicase-like transcription factor, it is unlikely to directly regulate
gene expression. Defects in HLTF function without exogenous stress do not result in strong
genome instability phenotypes in cell culture (Blastyak et al., 2010). However, HLTF is commonly
silenced in colorectal cancers indicating it may function as a tumor suppressor like ZRANB3
(Moinova et al., 2002; Sandhu et al., 2012). Like SMARCAL1 and ZRANB3, HLTF is an ATPdependent dsDNA translocase (Blastyak et al., 2010). The function of HLTF in the replication
stress response is multi-faceted and dependent on both its motor domain and an associated
ubiquitin ligase activity conferred by the RING domain (Figure 1.4). Failure to perform any of
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these functions results in increases in replication fork collapse and decreased cell viability after
treatment with UV radiation or alkylating agent methyl methanesulfonate (MMS) (Blastyak et al.,
2010; Motegi et al., 2008; Unk et al., 2008).
HLTF shares a high degree of sequence conservation with the yeast protein Rad5, a
ubiquitin ligase that promotes post-replication repair of DNA damage through an error-free
pathway (Unk et al., 2008). When a replication fork stalls in yeast, PCNA is monoubiquitinated
through the concerted efforts of Rad6, a ubiquitin conjugating enzyme, and Rad18, a ubiquitin
ligase that modifies PCNA on K164 (Figure 1.7) (Unk et al., 2010). Rad5 then transfers K63
polyubiquitin chains to PCNA that were assembled by the E2 ubiquitin conjugating enzyme
complex Mms2/Ubc13 (Hoege et al., 2002). Yeast cells lacking Rad5 are hyper-sensitive to UV
radiation, similar to HLTF-deficiency in human cells. Initial studies suggested human HLTF could
compensate for Rad5 in S. cerevisiae; however, this result has not been reproduced by other groups
(MacKay et al., 2009; Motegi et al., 2008; Unk et al., 2008). Nonetheless, HLTF is able to
polyubiquitinate PCNA through the action of its RING domain, indicating it may share some
functions with Rad5 (Lin et al., 2011; Masuda et al., 2012; Motegi et al., 2008; Unk et al., 2008).
This ubiquitin ligase function of HLTF is required for genome stability as mutations in the
responsible RING domain result in increases in replication fork collapse after treatment DNA
damaging agents (Blastyak et al., 2010).
In addition to its ubiquitin ligase functions, HLTF is also able to catalyze fork reversal like
SMARCAL1 and ZRANB3 (Achar et al., 2011; Blastyak et al., 2010). HLTF reverses replication
forks either lacking any ssDNA or containing a gap on the leading strand in a process dependent
on the ATPase domain and ATP hydrolysis (Achar et al., 2011; Achar et al., 2015; Blastyak et al.,
2010; Kile et al., 2015). However, studies with other DNA substrates, such as lagging strand
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gapped substrates, have not been reported. Further, it has not yet been determined if HTLF can
catalyze the restoration of a replication fork like ZRANB3 and SMARCAL1.
Interestingly, replication elongation actually proceeds faster in HLTF-deficient cells
exposed to replication stress induced by low concentrations of HU compared to control cells (Kile
et al., 2015). The authors of this study attribute this phenotype to a lack of HLTF-mediated fork
reversal in response to replication stress since inactivation of the ATPase domain yields the same
phenotype. Decreasing the frequency of fork reversal could yield faster overall elongation rates
although it might come at the expense of genome stability.

Why so many fork remodeling enzymes?
SMARCAL1, ZRANB3, and HLTF are able to catalyze similar reactions in vitro
suggesting they have some biochemical redundancies (Table 1.1). However, genetic studies
indicate these enzymes do not function redundantly in cells. Co-depleting SMARCAL1 and
ZRANB3 further sensitizes cells to replication stress compared to individual depletion (Ciccia et
al., 2012). Also, cellular defects associated with depletion of each protein individually did not
phenocopy each other (Table 1.1). SMARCAL1 loss of function resulted in increases in DNA
breaks while loss of ZRANB3 or HLTF did not (Achar et al., 2015; Betous et al., 2012;
Dungrawala et al., 2017). ZRANB3 deficiency in mammalian cells resulted in increased
frequencies of SCEs while this phenotype was not observed with loss of SMARCAL1 or HLTF
function (Ciccia et al., 2012). Additionally, loss of each protein individually yielded sensitivity to
a different subset of DNA damaging agents (Table 1.1).
Several groups have conducted in vitro studies to begin differentiating the functions of
these enzymes. The SRDs of each of these proteins confer different DNA preferences. The HIRAN
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domain of HLTF, located at the N-terminus of the protein, specifically recognizes a 3’-hydroxyl
group on the DNA substrate (Figure 1.8, Table 1.1) (Hishiki et al., 2015; Kile et al., 2015).
Conversely, the DNA binding preferences of SMARCAL1 appear to be dependent on DNA
structure rather than specific functional groups on the DNA (Kile et al., 2015). SMARCAL1 binds
ssDNA/dsDNA junctions with much higher affinity compared to substrates composed entirely of
ssDNA or dsDNA (Figure 1.8) (Betous et al., 2012; Ghosal et al., 2011; Mason et al., 2014;
Muthuswami et al., 2000; Yusufzai and Kadonaga, 2008). In addition to the simple junction DNA
structures, SMARCAL1 also binds a variety of other DNA substrates commonly found during
DNA replication and repair including 3-way DNA junctions, 4-way Holliday junctions, a splayed
arm, and dsDNA structures with internal ssDNA gaps (Betous et al., 2012). Much of these
preferences are conferred through the HARP domains located in the first half of the protein. Based
on functional similarities with the HARP domains of SMARCAL1, the SRD of ZRANB3 was
initially classified as “HARP-like” (Yuan et al., 2012). ZRANB3, like SMARCAL1, preferentially
binds DNA junctions over substrates composed of ssDNA or dsDNA, but it can also bind 3-way
junctions and a splayed arm substrate (Figure 1.8) (Badu-Nkansah et al., 2016b; Ciccia et al., 2012;
Yusufzai and Kadonaga, 2010). However, a crystal structure of the ZRANB3 SRD has not yet
been determined so it is not clear if the HARP domains of SMARCAL1 and the SRD of ZRANB3
adopt a similar three-dimensional structure.
Despite these differences in DNA binding, all three enzymes are capable of catalyzing fork
reversal in vitro (Achar et al., 2011; Achar et al., 2015; Betous et al., 2013a; Betous et al., 2012;
Bhat et al., 2015; Blastyak et al., 2010; Kile et al., 2015; Kolinjivadi et al., 2017). When
supplemental proteins, such as RPA, are added to the reaction, differences in fork remodeling
preferences start to emerge. SMARCAL1 preferentially reverses replication forks containing RPA
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bound to a leading strand gap, a substrate mimicking a stalled replication fork, while inhibiting
reversal on RPA bound to the lagging strand, a substrate mirroring a normal replication
intermediate (Betous et al., 2013a; Bhat et al., 2015). In the case of ZRANB3, RPA does not
stimulate any function but inhibits fork reversal when bound to leading strand gaps. Whether RPA
affects fork reversal by HLTF has not been tested yet. These differences might explain the
requirement for multiple enzymes capable of catalyzing fork reversal.
Much of the in vitro work to identify the DNA binding and substrate preferences has been
done with naked DNA or in the presence of one additional protein, like RPA. The biochemical
studies have not yet incorporated other proteins that might be expected to alter the enzymatic
activities of the DNA translocases, such as PCNA. Also, while nucleosomes are removed from the
immediate vicinity of the fork, their deposition on the newly synthesized DNA would be expected
to limit the distances that replication forks can reverse and could have implications on the rates of
fork restoration. Even the DNA itself is not adequately modeled biochemically since things like
torsional stress are not accounted for at least in the solution biochemistry experiments. The fork is
also a very crowded place since the replisome does not disassemble when the fork is stalled
(Dungrawala et al., 2015). Recapitulating these complex biological conditions in vitro would be
difficult. Therefore, it is critical to extend these comparative studies to include work in cells to
address the caveats associated with in vitro work.
In this study, I present my work characterizing the functions of the SNF2 fork remodeling
proteins SMARCAL1, ZRANB3, and HLTF in cells. I was able to identify telomeres as the first
source of replication stress that requires the function of SMARCAL1 but not HLTF and ZRANB3
(Chapter III). I also adapted several unbiased DNA sequencing methods to begin identifying other
regions of the genome that require the function of SMARCAL1 with the expectation of extending
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these studies to HLTF and ZRANB3 (Chapter IV). These findings are significant steps in
understanding why cells employ several biochemically similar enzymes. This work also provides
information about the process of fork reversal – a process heavily studied with the addition of
exogenous drugs – in the context of endogenous replication stress.

22

CHAPTER II

MATERIALS AND METHODS

Cloning
Plasmids were generated using the gateway cloning system. Validated plasmids were then
transformed by adding 2µL of DNA to competent cells, incubating on ice for 10 minutes, heat
shocking at 42°C for 45 seconds, and recovering in 1mL of SOC media at 37°C for 1 hour. Bacteria
were then plated onto appropriate antibiotic-containing agar plates and incubated at 37°C.

Cell Culture
Cells were cultured in appropriate media listed in Table 2.1. All cells were incubated at
37°C with 5% CO2.
Transfections
Transfections were performed according to conditions listed in Table 2.2.

Cell Viability Assays
For clonogenic assays, cells were plated at multiple dilutions depending on cell type on
6cm dishes. Cells were then treated with the appropriate drug for the indicated time and allowed
to form colonies. Colonies were stained with methylene blue and counted.
For absorbance-based assays, cells were plated at different dilutions depending on cell type
in 96-well dishes. Cells were treated with the indicated drug for the indicated time. Cells were then
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released into fresh media (if indicated) and either WST or Alamar Blue was added and analyzed
according to the manufacturer’s instruction.

Western Blotting
Cells were lysed in NP-40 lysis buffer (1% NP-40, 5mM Tris pH 8, 200mM NaCl)
supplemented with 9.1mM NaF, 1mM Na3VO4, 1mM DTT, 5µg/mL leupeptin, 5µg/mL aprotinin,
20mM β-glycerophosphate, and 1mM PMSF on ice for 30 minutes. Insoluble portions were
removed by centrifugation at maximum speed for 10 minutes at 4°C and soluble protein
concentration was determined using the Bradford Assay (Bio-rad). 2x SDS loading buffer
(50µg/mL SDS, 25% glycerol, 156mM Tris pH 6.8, 12.5mg/mL bromophenol blue) was added to
sample and boiled for 5 minutes. Samples were separated by gel electrophoresis on polyacrylamide
gels and protein was transferred to nitrocellulose membrane at 4°C with constant current at 0.2mA
for between 4-8 hours. Antibodies used for protein detection are detailed in Table 2.3. All
antibodies were blocked with 5% milk diluted in 1x TBST and diluted in 1% milk in TBST. Blots
processed by Reliablot were blocked and antibodies were diluted according to manufacturer’s
instructions.

Nuclear Extract Preparation and Immunoprecipitation (IP)
Cells were harvested by scraping and pelleted by centrifugation at 1200rpm at 4°C for 5
minutes. Cell pellets were resuspended with 5 times the cell pellet volume of hypotonic buffer
(10mM HEPES pH 7.9, 1.5mM MgCl2, 10mM KCl, 0.2mM PMSF, 0.5mM DTT) and cells were
pelleted by centrifugation at 3000rpm. Cells were then resuspended with 3 times the cell pellet
volume of hypotonic buffer, incubated on ice for 10 minutes, then homogenized with ten up-and
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down strokes with a glass Dounce homogenizer. Nuclei were isolated by centrifugation at 3300xg
for 15 minutes at 4°C. Supernatant from this step is reserved for cytoplasmic extract sample for
western blotting. Nuclei were then resuspended in 0.5 times the packed nuclei volume of low salt
buffer (20mM HEPES pH 7.9, 25% glycerol, 1.5mM MgCl2, 20mM KCl, 0.2mM EDTA, 0.2mM
PMSF, 0.5mM DTT). 0.5 times the packed nuclei volume of high salt buffer (20mM HEPES pH
7.9, 25% glycerol, 1.5mM MgCl2, 1.2M KCl, 0.2mM EDTA, 0.2mM PMSF, 0.5mM DTT) was
added dropwise to isolated nuclei. Nuclei rotated at 4°C for 30 minutes before centrifugation at
13,200rpm at 4°C for 30 minutes. Nuclear extracts were dialyzed at 4°C for 1 hour in dialysis
buffer (20mM HEPES pH 7.9, 20% glycerol, 10mM KCl, 0.2mM EDTA, 0.2mM PMSF, 0.5mM
DTT) with constant agitation by a stir bar. Dialyzed nuclear extracts were either prepared for
immunoprecipitation or flash frozen with liquid nitrogen and placed at -80°C.
Protein concentrations of nuclear extracts were determined by Bradford assay. Nuclear
extracts were rotated with the appropriate antibodies (indicated in Table 2.3) for 1 hour at 4°C.
Beads were then prepared by washing with 45µL of bead slurry with dialysis buffer 3 times at
room temperature. Lysate-antibody solution was added to washed beads and rotated at 4°C for 30
minutes. Beads were then washed with dialysis buffer 3 times, transferred to a new tube, and eluted
with either incubation with 0.25mg/mL of Flag peptide for 1-1.5 hours with agitation by gentle
flicking or by boiling for 5 minutes.

C-circle Assay
Cells were transfected with the indicated siRNAs and harvested 72 hours later. Genomic
DNA was harvested from the cells using Promega Wizard genomic DNA isolation kit. A maximum
of 5µg of DNA was digested with 10U/mL of HinfI and 10U/mL of RsaI in digestion buffer (1x
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Buffer 4, 1x BSA, 2ng/mL RNase A) for 3 hours at 37°C. Digested DNA was diluted to 3ng/µL.
10µL of diluted, digested DNA was combined with 10µL of C-circle assay mix (1x Φ29 Buffer,
0.2mg/mL BSA, 0.1% Tween-20, 1mM dATP, 1mM dGTP, 1mM dTTP, 10U/mL Φ29 DNA
Polymerase) and incubated at 30°C for 8 hours then 65°C for 20 minutes. Samples were diluted to
200µL with 1x SSC buffer and loaded onto dot blot. DNA was crosslinked to nylon membrane
with 1200x100µJ/cm2 from a VWR UV crosslinker. Blot was pre-hybridized at 37°C with blotting
buffer (5x SSC buffer, 5x Denhardt’s Solution, 0.5mM Na4P2O7, 10mM Na2HPO4) for 2 hours.
Blot was then hybridized in blotting buffer supplemented with
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P-end labeled (AACCCT)4

telomere probe overnight at 37°C. Blot was washed 3 times with 4x SSC at 37°C for 30 minutes
each and 1 time with 4x SSC with 0.1% SDS for 30 minutes. Blot was dried and exposed to
phosphorimager screen overnight at room temperature. Image was analyzed using Quantity one
and Biorad Phosphorimager.

Immunofluorescence
Cells were grown to sub-confluence on coverslips and washed with 1x PBS. Cells were
extracted with 0.5% Triton-X100 in PBS for 5 minutes on ice and washed twice with 1x PBS for
5 minutes each. Cells were then fixed with 3% paraformaldehyde 2% sucrose solution for 10
minutes at room temperature and washed twice with 1x PBS for 5 minutes each. Cells were
blocked with 5% BSA in PBS for 30 minutes at room temperature. Coverslips were then incubated
with primary antibody diluted in 1% BSA in PBS for 30 minutes to 1 hour at room temperature.
Coverslips were then washed with 1x PBS three times and incubated with secondary antibody
diluted in 1% BSA in PBS for 30 minutes at room temperature protected from light. Samples were
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then washed with 1x PBS three times before being mounted on slides with Prolong Gold (Thermo
Fisher) containing DAPI.

IF-Telomere FISH
Cells were grown to sub-confluence on coverslips and washed with 1x PBS. Cells were
extracted with 0.5% Triton-X100 in PBS for 5 minutes on ice and washed twice with 1x PBS for
5 minutes each. Cells were then fixed with 3% paraformaldehyde 2% sucrose solution for 10
minutes at room temperature and washed twice with 1x PBS for 5 minutes each. Coverslips were
incubated with blocking solution (1mg/mL BSA, 3% v/v goat serum, 0.1% Triton-X100, 1mM
EDTA pH 8) for 30 minutes at room temperature. Primary antibody diluted in blocking solution
was added to each coverslip and incubated at room temperature for 1 hour. Coverslips were then
washed three times with 1x PBS for 5 minutes each then incubated with secondary antibody diluted
in blocking solution for 30 minutes at room temperature. Coverslips were then washed with 1x
PBS three times before being fixed again with 3% paraformaldehyde 2% sucrose for 5 minutes at
room temperature. Cells were washed twice with 1x PBS for 5 minutes each then dehydrated with
70%, 90%, and 100% ethanol, consecutively, for 5 minutes each. Coverslips were inverted on
microscope slides, covered with 50µL of hybridization solution (70% v/v formamide, 0.5% Roche
blocking reagent, 10mM Tris pH 7.2, 100nM Cy3-TelC probe), and denatured on 80°C heat block
for 3 minutes. Slides hybridized overnight at room temperature. Coverslips were then washed in
washing solution (70% v/v formamide, 10mM Tris pH 7.2) twice for 15 minute each and 1x PBS
three times for 5 minutes each with DAPI supplemented in the second wash. Cells were dehydrated
with 70%, 90%, and 100% ethanol, consecutively, for 5 minutes each then air dried at room
temperature for 10 minutes. Coverslips were mounted on slides with Prolong Gold.
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Samples pulsed with 10µM 5-ethynyl-2’-deoxyuridine (EdU) were conjugated to an antiEdU antibody using click chemistry prior to incubation with the primary antibody by incubating
coverslips with click reaction solution (5µM AlexaFluor-488/AlexaFluor-594 Azide, 2mg/mL
sodium ascorbate, 2mM copper sulfate diluted in 1x PBS) for 30 minutes protected from light.

Chromosome Orientation FISH (CO-FISH)
Cells were incubated with 7.5µM BrdU/2.5µM BrdC for 16-20 hours. 1.5-2 hours before
harvest, 0.5µg/mL of KaryoMAX colcemid was added to the media. Cells were harvested
(including the media on cells) and resuspended in 0.075M KCl. Cells were incubated at 37°C for
15 minutes with frequent inversion to ensure cells remain in solution. Cells were pelleted at
1000rpm for 5 minutes and supernatant was removed and discarded. 10mL of fresh fixative was
added to the cells in 0.5mL increments with constant gentle swirling and incubated at 4°C
overnight. Cells were then pelleted and resuspended in 1mL of fixative. Cells were dropped onto
wet slides and dried overnight. Cells were rehydrated in 1x PBS for 5 minutes then incubated with
0.5mg/mL of RNase A for 10 minutes at 37°C. Slides were stained with 0.5µg/mL of Hoechst
33258 for 15 minutes at room temperature then exposed to 5.4x103J/m2 of 365nm UV light.
BrdU/BrdC-substituted DNA was digested away with 10U/µL of Exonuclease III for 10 minutes
at room temperature. Slides were then rinsed in 1x PBS then dehydrated with 70%, 90%, and 100%
EtOH for 5 minutes each at room temperature. Slides were then hybridized for 2 hours at room
temperature protected from light with 100nM of Alexa488-TTAGGG probe after quick
denaturation for 5 minutes at 90°C. Cells were rinsed twice for 30 minutes each in wash solution
1 (10mM Tris pH 7.2, 70% formamide, and 0.1% BSA) and 3 times for 5 minutes each with wash
solution 2 (0.1M Tris pH 7.2, 0.15M NaCl, 0.08% Tween-20). Slides were hybridized for 2 hours
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with 100nM of Cy3-CCCTAA probe protected from light at room temperature. Slides were then
rinsed in wash solution 1 twice for 30 minutes each and 3 times with wash solution 2 supplemented
with 170ng/µL of DAPI in the second wash. Slides were dehydrated with 70%, 90%, and 100%
ethanol for 5 minutes each. Slides air-dried at room temperature protected from light and were
mounted with Prolong Gold embedding medium.

Telomere Restriction Fragment Analysis
Genomic DNA was isolated from cells using Promega Wizard gDNA kit and digested with
10U/mL of HinfI and 10U/mL of RsaI in digestion buffer (1x Buffer 4, 1x BSA, 2ng/mL RNase
A) for 3 hours at 37°C. DNA was then separated by pulsed field gel electrophoresis on a 1% pulsed
field gel electrophoresis grade agarose. Pulsed field gel was run with the following conditions: 530kb run, calibration factor 1, 0.5x TBE, 14°C, 1% LE agarose; F voltage gradient 9V/cm, Int. Sw.
Tm=0.11S, F Sw. Tm=0.46s; R Voltage gradient 6V/cm, In. Sw. Tm=0.11s, F in Sw. Tm=0.46s;
run time 20 hours 30 minutes; F ramp a linear, R ramp a linear. Following the completion of the
run, the gel was washed twice for 15 minutes each with 0.25M HCl and 0.5M NaOH 1.5M NaCl
with a quick rinse in water after the second HCl wash. The gel was then washed once for 30
minutes in 0.5M Tris pH7.4 1.5M NaCl. DNA was transferred to a nylon membrane via capillary
action overnight at room temperature. The following day, the membrane was quickly rinsed in 2x
SSC buffer, air-dried, and DNA was crosslinked to the membrane with 1200x100µJ/cm2 on a
VWR UV crosslinker. Membrane was prehybridized with Church buffer (0.5M NaPO4, 1mM
EDTA, 7% SDS, 1% BSA) for 45 minutes at 65°C. Membrane hybridized to Sty11 telomere
probed overnight rotating in a hybridization oven at 65°C. The following day, the membrane was
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washed 3 times for 15 minutes each with wash buffer (0.1xSSC buffer, 0.1% SDS). Membrane
was dried and exposed to phosphoimager screen and analyzed using Quantity One-1D.
Telomere probe was prepared by digesting the Sty11 plasmid (obtained from Dr. Titia De
Lange Lab) with EcoR1-HF and gel purification of the small digested fragment. Sty11 probe was
then radiolabeled by combining 200ng of probe with 5ng of (CCTAAA)3 oligo, and 24µL of water.
Solution was boiled at 100°C for 5 minutes and flash cooled on ice. OLB buffer (0.5M Tris pH
6.8, 0.1M MgOAc, 1mM DTT, 0.5mg/mL BSA) was added to the probe solution with 5U of
Klenow polymerase and 0.6mM dATP, dGTP, and dTTP, and 50µCi of 32P-alpha-dCTP. Reaction
was incubated at room temperature for 90 minutes and purified using a G50 column. Probe was
boiled for 5 minutes prior to be added to Church buffer for overnight hybridization with the
membrane.
Radiolabeled ladder was prepared by incubating 5µL of DNA ladder (either High Range
ladder from ThermoScientific or 1kb DNA ladder from NEB) with 1x Antarctic Phosphatase
buffer and 5U of Antarctic Phosphatase for 3 minutes at 37°C and 65°C for 5 minutes. Reaction
volume was adjusted to 100µL and DNA ladder was purified with phenol:chloroform, ethanol
precipitated, and resuspended in 30µl of 10mM Tris 0.5mM EDTA. Ladder was labeled by
incubating 50µCi 32P-gamma-ATP, 1x T4 PNK buffer, 10U T4 PNK, and 5µL of the Antarctic
phosphatase treated ladder at 37°C for 1 hour. Reaction was supplemented with 30µL of water and
purified with a G23 column. 20µL of labeled high range ladder was combined with 5µL of 1kb
ladder and diluted with 6x DNA loading dye.
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Telomere Chromatin Immunoprecipitation (ChIP)
50-60x106 cells were grown to sub-confluence on 15cm dishes. Cells were then fixed with
15mL of 1% formaldehyde diluted in 1x PBS for 30 minutes at room temperature. Formaldehyde
was quenched with 176.5mM glycine for 5 minutes at room temperature. Cells were washed with
cold 1x PBS twice and harvested by scraping in 10mLs of 1x PBS. Cells were pelleted by
centrifugation at 1000rpm for 5 minutes at 4°C twice. Cell pellets were flash frozen with liquid
nitrogen and placed at -80°C until ready for use.
Frozen cell pellets were thawed on ice then resuspended in 2.2mLs of lysis buffer (0.01%
SDS; 10mM EDTA, pH 8; 50mM Tris, pH 8) containing protease inhibitors (1mM PMSF, 1µg/mL
of leupeptin, aprotinin). Cells were lysed on ice for 15 minutes then sonicated with the following
parameters: amplitude 20, power 7W, 10 cycles of 20 seconds of sonication per sample. Samples
were transferred to multiple 1.7mL Eppendorf tubes and insoluble fragments were removed by
centrifugation at maximum speed for 10 minutes at 4°C. 1mL of soluble sample was added to
200µL of dilution buffer (0.1% SDS; 1.1% Triton X-100, 1.2mM EDTA, 16.7mM Tris, pH 8.0;
150mM NaCl) and incubated on ice for 10 minutes. 100µL of diluted lysate was reserved for IP
input.
Flag M2 beads were washed with IP dilution buffer. 15µL of beads were added to lysates
and incubated overnight on a rotator at 4°C. Beads were then washed with the following buffers
for 2-3 minutes on ice:
(1) 1mL Buffer A (0.1% SDS; 1% Triton X-100; 2mM EDTA, pH 8; 150mM NaCl) with
protease inhibitors
(2) 1mL of Buffer B (0/1% SDS; 1% Triton X-100; 2mM EDTA, pH 8; 20mM Tris, pH 8;
500mM NaCl)

34

(3) 1mL of Buffer C (0.25M LiCl; 1% NP-40; 1% Na-Deoxycholate; 1mM EDTA, pH 8;
10mM Tris, pH 8)
(4) 1mL of TE buffer (10mM Tris, pH 8; 1mM EDTA, pH 8)
DNA was eluted by adding 250µL of 1% SDS, 0.1M NaHCO3 and rotating at room
temperature for 10 minutes. This was repeated twice to yield a total final volume of 500µL. Input
samples were diluted to 500µL with 1% SDS, 0.1M NaHCO3. Samples were supplemented with
20µL of 5M NaCl and incubated at 65°C overnight. Samples were supplemented with 10µL 0.5M
EDTA, 20µL of 1mg/mL RNase A, and 20µL 1M Tris, pH 6.5 and incubated for 1 hour at 37°C.
DNA was isolated from phenol:chloroform:isoamyl alcohol extraction and isolated through
ethanol precipitation. DNA was rehydrated with 100µL of elution buffer from Qiagen.
Resuspended DNA was loaded onto nylon membrane. DNA on the membrane was
denatured with 1.5M NaCl, 0.5M NaOH solution for 10 minutes at room temperature. Membrane
was then neutralized with 1M NaCl, 0.5M Tris, pH 7. Membrane was dried and DNA was
crosslinked with 1200x100µJ/cm2. Membrane was probed in a manner similar to TRF analysis.
Blot was washed four times with 2x SSC buffer for 5 minutes at room temperature. Membrane
was dried and exposed to phosphoimager screen for 2 hours and analyzed using Quantity One-1D.

RPA ChIP
Cells were synchronized in early S phase with a double thymidine block (2mM thymidine
overnight). Cells were then released into media containing either 300nM 4-hydroxy tamoxifen
(4OHT) or an ethanol vehicle control for 4 hours. Cells were then rinsed once in 1x PBS and
proteins were crosslinked to DNA with 1% formaldehyde in PBS for 10 minutes at room
temperature. Formaldehyde was quenched with 0.12M glycine and cells were harvested by
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scraping. Cells were washed twice with 1x PBS and processed for ChIP or flash frozen in liquid
nitrogen and placed at -80°C.
1.2x108 cells were used for each ChIP. Cells were lysed with 6mL of cell lysis buffer
(10mM Tris pH 7.5, 10mM NaCl, 0.2% NP-40) supplemented with 9.1mM Nave, 1mM Na3VO4,
5µg/mL leupeptin, 5µg/mL aprotinin, 20mM β-glycerophosphate, and 1mM PMSF on ice for 10
minutes. Cells were pelleted at 1000xg for 5 minutes at 4°C. Isolated nuclei were resuspended in
2mL cell resuspension buffer (35mM Tris pH 8.0, 6mM EDTA, 0.505% SDS, 150mM NaCl, 1%
Triton). Cells were split into 2 aliquots of 1mL and sonicated in 15mL polystyrene conicals with
15mL metal adaptors on low for 3 cycles of 10 minutes (30 seconds on, 30 seconds off). Insoluble
components were removed by centrifugation in 1.5mL Eppendorf tubes at 4°C at max speed.
Lysates were then diluted with dilution buffer (35mM Tris pH 8.0, 6mM EDTA, 150mM NaCl,
1% Triton) to a final volume of 10mLs. 50µg of RPA32 antibody (Millipore, NA19L) was prebound to 200µL of Protein A Dynabeads by rotation for 1 hour at room temperature.
Immunoprecipitations (pre-bound Dynabeads with lysates) were rotated overnight at 4°C in 15mL
conicals.
Beads were washed the following day with the buffers below:
(1) Twice with 1mL of Wash Buffer 1 (35mM Tris pH 8.0, 6mM EDTA, 0.1% SDS,
150mM NaCl, 1% Triton)
(2) Twice with 1mL of Wash Buffer 2 (35mM Tris pH 8.0, 6mM EDTA, 0.1% SDS,
300mM NaCl, 1% Triton)
(3) Twice with 1mL of LiCl Buffer (250mM LiCl, 0.5% NP-40, 0.5% Na-deoxycholate)
(4) Once with 1mL of TE/Triton buffer (10mM Tris pH 8.0, 1mM EDTA pH 8.0, 0.2%
Triton X-100)
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(5) Once with 1mL of TE buffer (10mM Tris pH 8.0, 1mM EDTA pH 8.0)

Crosslinks between protein and DNA were reversed by incubation at 65°C overnight in
300mM NaCl followed by a 30 minute incubation at 37°C with 200µg/mL RNase A and a 1 hour
incubation at 45°C in crosslink reversal solution (9.3mM EDTA, 37mM Tris pH 6.8, 92.6µg/mL
Proteinase K) and DNA was isolated by phenol:cholorform:isoamyl alcohol extraction and ethanol
precipitation overnight.
Quantitative PCR (qPCR) analyses were conducted using SYBR green (BioRad) according
to manufacturer’s instructions. Primer sequences are as follows:
Primer Set Name Forward Primer Sequence

Reverse Primer Sequence

SMARCAL1

ACAGCATCAGAGGACTAGCTC

CACTGGCTTACAAGACTCCCT

ETAA1

TTCAGGTAATTATCTCTGGGAAAAA

GCATTTTAAAGCATTACCTTACTTCG

DSBIII

GGGACAGCGCGTACTTTG

TCGCTAGGCCCAGCAGTT

DSBVI

ACCCTTTGGCTGACCTTACC

TGAGGTTTTTGGTGGTGGTT

DSB2

ATCGGGCCAATCTCAGAGG

GCGACGCTAACGTTAAAGCA

For samples submitted for sequencing, libraries were prepared as follows:
1. DNA polishing: Ethanol precipitated ChIP DNA (8µL) was incubated with 1x NEB
buffer 2, 50µg/mL of BSA, 150µM dNTPs, and 1.5U T4 DNA Polymerase for 20
minutes at 12°C followed by 20 minutes at 75°C.
2. DNA end phosphorylation: The polished DNA was then supplemented with 1x T4
DNA ligase buffer and 5U T4 PNK in a total volume of 20µL. The reaction was
incubated for 30 minutes at 37°C followed by 20 minutes at 65°C.
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3. A-tailing: Phosphorylated DNA was incubated with 1x NEB buffer 2, 100µM dATP,
and 5U of Klenow DNA Polymerase in a total volume of 30µL for 30 minutes at 37°C
followed by 20 minutes at 75°C.
4. Adaptor Ligation: A-tailed DNA fragments were supplemented with 1x T4 Ligase
Buffer, 75µg/mL of BSA, 150pmol of pre-annealed TruSeq Adaptors, and 800U T4
DNA Ligase overnight at 16°C followed by 20 minutes at 75°C. Adaptors were preannealed by combining 5nmoles of each oligo diluted in STE buffer (10mM Tris pH
8.0, 50mM NaCl, 1mM EDTA pH 8.0), heating to 95°C for 4 minutes, immediate
transfer to 65°C and addition of 1µL of 100mM MgCl2 for 3 minutes, then transfer to
room temperature for 1 hour.
5. AMPure Bead Clean-up: DNA fragments with ligated Adaptors were separated from
adaptors using AMPure beads according to manufacturer’s protocol using a ratio of 1:1
library-beads.
6. PCR Amplification: DNA library was then amplified using Q5 DNA polymerase
according to manufacturer’s protocol using the following TruSeq indexed Primers.
Forward

AATGATACGGCGACCACCGAGATCTACACTCTTTCCCTACACGACGCTCTTCCGATCT

Reverse 1

CAAGCAGAAGACGGCATACGAGATCGTGATGTGACTGGAGTTCAGACGTGTGCTCTTCCGATC

Reverse 2

CAAGCAGAAGACGGCATACGAGATACATCGGTGACTGGAGTTCAGACGTGT GCTCTTCCGATC

Reverse 3

CAAGCAGAAGACGGCATACGAGATGCCTAAGTGACTGGAGTTCAGACGTGTGCTCTTCCGATC

Reverse 4

CAAGCAGAAGACGGCATACGAGATTGGTCAGTGACTGGAGTTCAGACGTGTGCTCTTCCGATC

Reverse 5

CAAGCAGAAGACGGCATACGAGATCACTGTGTGACTGGAGTTCAGACGTGTGCTCTTCCGATC

Reverse 6

CAAGCAGAAGACGGCATACGAGATATTGGCGTGACTGGAGTTCAGACGTGTGCTCTTCCGATC

Reverse 7

CAAGCAGAAGACGGCATACGAGATGATCTGGTGACTGGAGTTCAGACGTGTGCTCTTCCGATC

Reverse 8

CAAGCAGAAGACGGCATACGAGATTCAAGTGTGACTGGAGTTCAGACGTGTGCTCTTCCGATC

Reverse 9

CAAGCAGAAGACGGCATACGAGATCTGATCGTGACTGGAGTTCAGACGTGTGCTCTTCCGATC
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Reverse 10

CAAGCAGAAGACGGCATACGAGATAAGCTAGTGACTGGAGTTCAGACGTGTGCTCTTCCGATC

Reverse 11

CAAGCAGAAGACGGCATACGAGATGTAGCCGTGACTGGAGTTCAGACGTGTGCTCTTCCGATC

Reverse 12

CAAGCAGAAGACGGCATACGAGATTACAAGGTGACTGGAGTTCAGACGTGTGCTCTTCCGATC

ChIP-seq data was analyzed as described in the “AutomatedDNASeqAnalysis” folder on
github. Peaks were called with MACS2 using default parameters (-f BAM, --keep-dup auto, -qvalue 0.01, -g 2.7e9).

RNA Sequencing (RNAseq).
RNA was isolated using the Aurum total RNA mini-kit (Biorad). Messenger RNA was
isolated using PolyA selection. RNAseq analysis was carried out as described in the
“AutomatedRNASeqAnalysis” folder on github.
(https://github.com/lisatothepoole/cortez_lab_rnaseq_analyses.git)

DNA End Sequencing (END-seq).
Cells were harvested by trypsinization and pelleted by centrifugation at 400xg for 7
minutes and washed twice with 1x PBS. 2% low melting agarose (Biorad) was melted in 70°C
water bath then equilibrated in 43°C water bath for at least 10 minutes prior to use. 3x106 cells
(U2OS specific) were resuspended in cell resuspension buffer (10mM Tris pH 7.2, 20mM NaCl,
50mM EDTA) such that the total volume of cells in buffer is 60-70µL (usually ~50µL of buffer
added to cells). Cell suspension and agarose were equilibrated in 37°C water bath for 5 minutes.
37.5µL of melted agarose was added to cell suspension, mixed by pipetting up and down 15 times,
then added to one well of an agarose plug cast. Plugs (1-3 per condition) were incubated at 4°C
for 30 minutes then incubated with 170µL of Proteinase K (Qiagen, 158920) diluted in 2.5mL of
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lysis buffer for 1 hour at 50°C with agitation every 10 minutes. Plugs were then transferred to 37°C
waterbath overnight. Plugs were quickly rinsed with 1x wash buffer (50mM EDTA pH 8.0, 10mM
Tris pH 8.0) 3 times and washed twice by gentle agitation on a horizontal platform shaker for 15
minutes at room temperature. Plugs were then incubated with 50µL of RNase A (Qiagen, 158924)
diluted in 2.5mL of TE buffer (10mM EDTA pH 8.0, 10mM Tris pH 8.0) for 1 hour at 37°C with
agitation every 10 minutes. Plugs were then quickly rinsed 3 times and washed 4 times with 1x
wash buffer by gentle agitation on a horizontal platform shaker for 15 minutes at room temperature.
Plugs were then shipped to collaborators for processing. END-seq analysis was carried out as
described in the “AutomatedDNASeqAnalysis” folder on github.
(https://github.com/lisatothepoole/AutomatedDNAseqAnalysis.git)
END-seq peaks were called using HOMER with default parameters.
Microsatellite Instability (MSI) Analysis
DNA was isolated from cells using the Promega Wizard genomic DNA isolation kit. PCR
was performed with Standard Taq according to the manufacturer’s protocol. Primers for MSI
analysis are listed in Table 2.4.

SMARCAL1 editing by CRISPR/Cas9
SMARCAL1 was targeted for genome editing using a combination of two guide RNAs
(gRNAs). Sequences for gRNAs and PCR checks are included in Table 2.5. Oligonucleotides to
generate gRNAs were end phosphorylated with T4 PNK and annealed at 37°C for 30 minutes,
95°C for 5 minutes then ramped down incrementally to 25°C at 5°C/minute. Annealed gRNA
oligonucleotides were diluted 1.250 the ligated into pSpCas9(BB)-2A-puro backbone using T4
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DNA ligase at 37°C for 5 minutes, 23°C for 5 minutes for a total of 6 cycles. Plasmids were
transformed into bacteria and DNA was harvested and checked by digestion with AgeI and BbsI.
Cells were transfected according to transfection protocols in Table 2.2. 2µg/mL of puromycin was
added to the transfected plates to select for transfected clones for 48 hours. Remaining cells were
plated for single cell clones. Individual clones were then picked, propagated, and screened for
editing by PCR and western blot.
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CHAPTER III†

SMARCAL1 MAINTAINS TELOMERE INTEGRITY DURING DNA REPLICATION

Introduction
Telomeres are a prime example of difficult-to-replicate sequences in the genome.
Telomeres are composed of long stretches of a hexameric DNA repeat found at the ends of linear
chromosomes. These regions of the genome pose several obstacles to DNA replication. The
telomere repeats are prone to forming unusual DNA structures. The G-rich telomere strand,
composed of the sequence TTAGGG, can form a G4-quadruplex structure that can affect
progression of the replisome (Figure 3.1) (Bochman et al., 2012; Gilson and Geli, 2007). Further,
the overhangs present at the ends of the telomeres loops back and invades the DNA duplex to form
the telomere loop (t-loop) (Griffith et al., 1999). This structure prevents chromosome ends from
being recognized as DNA breaks and being aberrantly repaired through chromosome fusions.
Finally, telomeres are coated by the protein complex shelterin that binds telomeres and stabilizes
the t-loop (Figure 3.1) (de Lange, 2005). Since they are also origin-poor regions, it is especially
important to prevent replication fork inactivation within telomeric sequences (Sfeir et al., 2009).
These obstacles at the telomere must be addressed to permit complete replication and prevent
telomere instability.
Depleting SMARCAL1 from human cells causes an increased basal level of DNA damage
in S-phase cells without the addition of exogenous genotoxic agents

†

This chapter was adapted from Poole, L.A., Zhao, R., Glick, G.G., Lovejoy, C.A., Eischen,
C.M., and Cortez, D. (2015). SMARCAL1 maintains telomere integrity during DNA replication.
Proc Natl Acad Sci U S A 112, 14864-14869.
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(Bansbach et al., 2009; Bansbach et al., 2010; Ciccia et al., 2009; Yuan et al., 2009). I reasoned
that this replication-associated genome instability may reflect a requirement for SMARCAL1 to
respond to endogenous forms of replication stress such as difficult-to-replicate sequences. Since
telomeres present one of these replication stress sources, I tested whether SMARCAL1 is required
to maintain genome integrity specifically within telomere sequences.

Results
SMARCAL1 is required to prevent accumulation of DNA damage at telomeres
First, I examined whether the increased DNA damage caused by SMARCAL1 depletion
included telomere damage. Indeed, SMARCAL1 knockdown caused a significant increase in
telomere dysfunction-induced foci (TIFs), as indicated by the co-localization of 53BP1 and
telomeric DNA (Figure 3.2A-B), and a significant increase in co-localization of RPA with
telomeres (Figure 3.2C-E). The amount of telomere damage is relatively small compared to that
caused by inactivation of shelterin proteins (Sfeir et al., 2009; Takai et al., 2011), suggesting that
the damage may either be transient or confined to a small subset of telomeres. These telomeric
defects are not due to off-target effects of the siRNA since an siRNA-resistant wild-type (WT)
SMARCAL1 cDNA is capable of complementing the siRNA-transfected cells (Figure 3.2C-E).
RPA regulates SMARCAL1 but is typically excluded from functional telomeres (Gong and
de Lange, 2010). Therefore, I tested if an RPA-binding-deficient SMARCAL1 mutant (ΔN) could
also rescue the increased incidence of RPA-telomere co-localization. This SMARCAL1 mutant
lacks 32 amino acids at the N-terminus of SMARCAL1 that directly bind the 32C domain of RPA
and are required for SMARCAL1 localization to replication forks stalled by the replication stress
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inducing agent hydroxyurea (HU) (Bansbach et al., 2009). Surprisingly, we also observed a
significant reduction in the frequency of TIFs in cells expressing ΔN-SMARCAL1 (Figure 3.2CE). The level of expression is approximately 2-fold higher than endogenous SMARCAL (Figure
3.2E). This level of ΔN-SMARCAL1 expression is not capable of rescuing other SMARCAL1
loss of function phenotypes (Bansbach et al., 2009; Bansbach et al., 2010; Ciccia et al., 2009; Yuan
et al., 2009; Yusufzai et al., 2009). Thus, the function of SMARCAL1 at telomeres may be
separable from its function in bulk chromosomal replication stress responses (see more below).

SMARCAL1 depletion causes accumulation of circular extrachromosomal telomere DNA
The increase in TIFs in SMARCAL1-deficient cells suggests that SMARCAL1 maintains
telomere integrity. To further characterize this function, I examined whether SMARCAL1
deficiency caused additional telomere dysfunction phenotypes. Indeed, silencing SMARCAL1 in
HeLa cells with long telomeres (HeLa1.3 cells) caused a significant increase in the abundance of
extrachromosomal, partly duplexed, circular DNAs derived from telomere sequences (C-circles)
(Figure 3.3A). The abundance of these C-circles correlated with the degree of SMARCAL1
knockdown although it was not as high as that seen in U2OS cells that utilize the recombinationbased mechanism of telomere maintenance ALT (alternative lengthening of telomeres). The Ccircles were resistant to degradation by exonuclease V, a nuclease that selectively digests linear
DNA, and dependent on rolling circle amplification by phi29 DNA polymerase. I also observed
an elevated level of C-circles in SMARCAL1-deficient mouse embryonic fibroblasts (Smarcal1Δ/Δ
MEFs) compared to MEFs derived from wild-type littermates (Figure 3.3B).
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Expression of human GFP-SMARCAL1 in the Smarcal1Δ/Δ MEFs returned C-circle
abundance to low levels (Figure 3.3C). However, an SIOD patient-derived SMARCAL1 mutant
protein (R764Q) that lacks enzymatic activity did not decrease C-circle abundance (Figure 3.3C).
These data indicate that, like the genome-wide function of SMARCAL1, its function at telomeres
also requires hydrolysis of ATP. The N-terminal truncation mutant of SMARCAL1 that removes
the RPA binding domain (ΔN) also prevented the accumulation of C-circles, again suggesting a
separation of SMARCAL1 functions at telomeres from other sites of replication stress (Figure
3.3C). Similar results were also obtained with siRNA to SMARCAL1 in HeLa1.3 cells
complemented WT-, R764Q-, and ΔN-SMARCAL1 (Figure 3.3D). Thus, I conclude that the
function of SMARCAL1 at telomeres is dependent on its enzymatic activity but does not require
an interaction with RPA.

SMARCAL1 functions during replication elongation to prevent SLX-dependent telomere
processing
Previous studies investigating the origin of C-circles demonstrated that ongoing replication
is a requirement for C-circle formation in ALT cells (O'Sullivan et al., 2014). I performed C-circle
assays on samples treated with the replication stalling agents HU or aphidicolin to investigate the
dependence on replication in a SMARCAL1-depleted setting. C-circle levels in SMARCAL1deficient cells were reduced to baseline levels similar to that of samples treated with non-targeting
siRNA after treatment with either replication stress agent for 48 hours (Figure 3.4A). Thus, while
SMARCAL1 is recruited to stalled forks in response to HU and aphidicolin, it is not required to
prevent extrachromosomal telomere circles when replication elongation is inhibited by these drugs.
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In addition to replication, extrachromosomal telomere circle accumulation in at least some settings
is also dependent on the function of the nuclease scaffold protein SLX4 (Vannier et al., 2012). To
test whether SLX4 is required to generate the C-circles in SMARCAL1-deficient cells, I codepleted SMARCAL1 and SLX4 in HeLa1.3 cells using siRNA. Although I was only able to partly
silence SLX4 expression, I did observe a decrease in C-circles by approximately 50%, (Figure
3.4B). Therefore, I conclude that the C-circles generated in SMARCAL1-deficient cells are
generated at least partly through telomere cleavage by an SLX4-dependent nuclease during DNA
replication.

The SMARCAL1 function at telomeres is not shared by related DNA translocases
I next asked whether the telomere function of SMARCAL1 is shared by related DNA
translocases, including HLTF and ZRANB3. In contrast to SMARCAL1, depletion of either
ZRANB3 or HLTF from HeLa1.3 cells did not cause any change in C-circle levels (Figure 3.4CD). We also did not observe any increase in C-circle abundance when we knocked down the RECQ
helicases WRN or BLM (Figure 3.4C-D). Thus, although these enzymes are all recruited to stalled
replication forks and are capable of catalyzing overlapping biochemical reactions such as fork
reversal, only SMARCAL1 loss of function causes increased telomere C-circle abundance in the
absence of any exogenous agents.

Telomere length and recombination in SMARCAL1-deficient settings
C-circles have previously been described as a marker of cells using the ALT pathway for
telomere elongation which involves a recombination mechanism (Cesare and Reddel, 2010). In
addition to C-circles and damage at telomeres, ALT cells also display other changes in telomere
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integrity including increased rates of telomere recombination and dramatic changes in telomere
length.
As I saw damage at telomeres and C-circles, I next examined if there is a change in telomere
length in SMARCAL1-deficient MEFs. By telomere restriction fragment analysis, I saw a small
but not statistically significant difference in telomere length in Smarcal1Δ/Δ mouse embryonic
fibroblasts (MEFs) when compared to wild-type littermates (Figure 3.5A-B). There was also no
significant difference in telomere lengths in HeLa1.3 cells depleted of SMARCAL1 with siRNA
for three weeks (Figure 3.5C).
I also examined if SMARCAL1 depletion affected telomere recombination rates, another
hallmark of ALT. We did not observe a significant increase in the frequency of telomere sister
chromatid exchanges (t-SCEs) using chromosome orientation fluorescence in situ hybridization
(CO-FISH) on metaphase spreads from HeLa1.3 cells depleted of SMARCAL1 (Figure 3.5D). As
a control, I did find that depletion of ASF1 caused a significant increase in t-SCEs, as reported
previously (Figure 3.5D) (O'Sullivan et al., 2014). Additionally, I did not observe a significant
change in the percentage of telomeres with multiple telomere signals (MTS) or telomere signal
free ends in SMARCAL1-depleted cells (Figure 3.5D). Similarly, no significant differences in tSCE, MTS, or missing telomere frequencies were observed between WT and Smarcal1Δ/Δ MEFs
(Figure 3.5E).
Another recombination marker of ALT cells is an increased frequency of promyelocytic
leukemia (PML) co-localization with telomeric DNA. These ALT-associated PML bodies (APBs)
also include homologous recombination proteins, which may coordinate these components to
facilitate recombination events at telomeres (Chung et al., 2012). SMARCAL1 depletion in
HeLa1.3 cells does not cause a significant increase in the co-localization of telomeric DNA and
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PML protein, despite an increase in total number of PML foci (Figure 3.6). Therefore,
SMARCAL1 loss is not sufficient to induce telomere recruitment to these proposed recombination
centers. In contrast, almost 100% of the ALT+ U2OS cells display co-localization of TTAGGG
sequences with PML (Figure 3.6).
Given the lack of many ALT phenotypes in telomerase-positive HeLa cells following
SMARCAL1 depletion, we proceeded to examine whether SMARCAL1-deficiency altered
telomere integrity in an ALT+ cell line. Following SMARCAL1 knockdown in ALT+ U2OS cells,
we quantified the frequency of TIFs, APBs, and RPA co-localization with telomeres in
SMARCAL1 proficient and deficient settings. In all cases, loss of SMARCAL1 in U2OS cells had
no significant effect on the frequency of occurrence of each marker of telomere instability (Figure
3.7A-F). Additionally, there was no difference in the abundance of C-circles between U2OS cells
treated with non-targeting or SMARCAL1 siRNA (Figure 3.7G).

SMARCAL1 localization to telomeres
SMARCAL1 function in genome-wide replication is thought to be due to a direct activity
at replication forks, requiring RPA-dependent localization to site of replication stress (Bansbach
et al., 2009; Betous et al., 2012; Ciccia et al., 2009; Postow et al., 2009; Yusufzai et al., 2009). To
test whether SMARCAL1 also localizes to telomeres and directly functions to promote telomere
integrity during DNA replication, I performed telomere IF-FISH and telomere chromatin
immunoprecipitation (ChIP). When GFP-SMARCAL1 is highly over-expressed in U2OS cells, I
am able to see a subset of SMARCAL1 foci co-localize with the telomere probe (Figure 3.8A).
However, in these circumstances, high levels of overexpressed SMARCAL1 induces DNA
damage during DNA replication (Bansbach et al., 2009). When expressed at lower levels from an
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alternative vector that does not cause DNA damage, no specific SMARCAL1 localization at
telomeres was evident in either U2OS or Hela1.3 cells (Figure 3.8A). Furthermore, when I
performed telomere ChIP in HeLa1.3 cells stably expressing Flag-HA-WT SMARCAL1, I was
unable to see an enrichment of telomere DNA immunoprecipitated with SMARCAL1 compared
to a control ChIP sample (Figure 3.8B-D). Conversely, the shelterin protein POT1 was
significantly enriched (Figure 3.8C-E). Thus, SMARCAL1 can associate with telomeres; however,
it is not detectable when expressed at close to endogenous levels suggesting a transient association
perhaps with only a subset of telomeres within the cell population undergoing replication.

Discussion
Despite the utility of genotoxic agents to study the replication stress response, these drugs
often fail to differentiate the functions of related fork repair enzymes and are presumed to model
some undefined, endogenous source of replication stress. In the current study, I show that
SMARCAL1 has a unique function to promote replication through an endogenous source of
replication stress—telomeric sequences. This is the first identification of an endogenous source of
replication stress that is resolved by SMARCAL1 (or any of the related enzymes).
Following SMARCAL1 inactivation, cells display markers of telomere instability
including TIF formation and the accumulation of extrachromosomal, circular telomeric DNA (Ccircles). Notably I did not observe the generation of C-circles after inactivation of the related
enzymes ZRANB3 and HLTF. Although all three enzymes possess similar DNA remodeling
capabilities in vitro, our studies provide a distinction among these DNA translocases in cells (see
Chapter V for further discussion).
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There are many additional repair enzymes including helicases like WRN, BLM, and
RTEL1 that work at damaged replication forks to promote genome stability. WRN likely has a
function at telomeres and can form a complex with SMARCAL1 (Betous et al., 2013b); however,
WRN knockdown did not cause C-circle formation. BLM also has reported functions at telomeres
but knockdown in the absence of exogenous stress did not induce C-circle accumulation (Barefield
and Karlseder, 2012; Drosopoulos et al., 2015). RTEL1 has at least two essential telomere
functions although we have not detected any interaction between RTEL1 and SMARCAL1 (Popuri
et al., 2014; Vannier et al., 2012). It will be important to understand how these helicases and
SMARCAL1 work cooperatively to achieve successful telomere replication.
Our discovery that SMARCAL1 has an important telomere stability function provides the
first evidence for a specific requirement of SMARCAL1 at a site of endogenous replication stress.
However, the specific source of replication stress that requires the function of SMARCAL1
remains undetermined. Biochemical data suggest it may be specific to leading strand replication
problems (Betous et al., 2013a; Bhat et al., 2015). SMARCAL1-deficient MEFs and HeLa1.3 cells
do not display sensitivity to the G4 quadruplex stabilizing agent TMPyP4 suggesting SMARCAL1
may be dispensable for replication through these complex DNA structures (Figure 3.9). Further
characterization the telomere function of SMARCAL1 would be informative for understanding the
cooperativity between SMARCAL1 and other enzymes that function at telomeres such as RTEL1
and WRN. Further, the damage that occurs following knockdown of SMARCAL1 does not occur
exclusively at telomeres. Identifying the source of replication stress at telomeres would be
beneficial in characterizing where SMARCAL1 functions in replication through other regions of
the genome.
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SMARCAL1-deficient cells display a telomere instability phenotype partially reminiscent of the
ALT pathway
C-circles have previously been described as a marker of cells using the ALT pathway for
telomere maintenance (Henson et al., 2009). Surprisingly, although SMARCAL1 depletion causes
C-circle formation, I did not observe other ALT-related phenotypes. Specifically, I did not observe
increased rates of inter-telomere recombination, co-localization of telomeric DNA with PML, or
dramatic changes in telomere length in SMARCAL1-deficient cells (Figures 3.5A-E, Figure 3.6).
C-circles have also been seen following loss of the ASF1 histone chaperone, but in that case other
ALT-like phenotypes were also observed (O'Sullivan et al., 2014). SMARCAL1-deficiency is
insufficient to generate all ALT phenotypes indicating that C-circle formation is not a sufficient
indicator of ALT utilization. Likewise, SMARCAL1 depletion in the context of an ALT positive
cell line has no significant effect on telomere stability (TIFs and RPA/telomere co-localization),
APB frequency, or C-circle abundance (Figure 3.6) indicating SMARCAL1 is also not necessary
to maintain an ALT phenotype.
After this work was published, another study identified SMARCAL1 as a telomere
replication protein; however, this study limited the function of SMARCAL1 to ALT cells (Cox et
al., 2016). In this report, SMARCAL1 knockdown cells also display severe telomere defects such
as C-circles and DNA damage markers co-localizing with telomeres. However, the ALT-positive
SMARCAL1-deficent cells also display increased frequencies of chromosome fusions and APBs
and increases in telomere size that was attributed to telomere clustering (Cox et al., 2016).
However, this doesn’t appear to be a phenotype specific to all cells undergoing ALT as I was
unable to see any of these phenotypes in U2OS cells, another ALT-positive cell line.
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The authors offered no mechanism to suggest why the defects in the function of
SMARCAL1 would be selective to cells using ALT. They cite that there is a higher level of
undefined replication stress present at ALT telomeres that requires the activities of SMARCAL1
(Cox et al., 2016). However, a third study observed C-circle accumulation in SMARCAL1deficient embryonic stem cells overexpressing telomerase (Rivera et al., 2017). Thus,
SMARCAL1 appears to be required for replication through telomeres, independent of the
telomerase maintenance mechanism.
The differences between my results and the work published in Cox, et.al. likely lies with
the use of telomerase-positive cell lines with average telomere length in the latter study rather than
long telomeres utilized in my research. The use of shorter telomere cell lines was problematic as
some assays, specifically the C-circle assay, have lower detection limits and require the use of
cells with long telomeres (Henson et al., 2009; O'Sullivan et al., 2014). Thus, the use of a cell line
with shorter telomeres may have impeded their ability to see the effects of SMARCAL1 deficiency
in their telomerase-positive cell lines.
Although C-circles are a major hallmark of cells utilizing the ALT pathway, it is unclear
whether they are required for the recombination-based mechanism of telomere maintenance. As
yet, it is unclear how C-circles are actually generated either in ALT or SMARCAL1-deficient cells
although an SLX4-dependent nuclease is involved in both. SLX4 scaffolds several endonucleases
that can cleave stalled or damaged replication forks (Svendsen et al., 2009). Thus, it is likely that
replication forks stalled within telomeric sequences undergo aberrant processing when
SMARCAL1 is inactivated. Since we do not observe an increased rate of inter-telomere
recombination, it is possible the C-circles are formed due to intra-telomere processing events.
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A recent study suggests C-circles result from replication stress associated with uncontrolled
telomere length regulation (Rivera et al., 2017). This study proposed that C-circles form from
processing of reversed replication forks that occurs in the telomere repeats in times of endogenous
replication stress. As SMARCAL1 can perform this function in vitro, this remains a viable model
for C-circle formation in SMARCAL1-deficient conditions.
Despite these recent advances in the field of C-circle biology, several other questions still
remain. In addition to C-circles, there are also other telomere circles that have been identified in
cells, most notably T-circles – entirely double stranded telomere circles. As yet, studies to compare
the relationship between these DNA structures has not yet been completed. Knockdown of proteins
such as ASF1 and SMARCAL1 yield C-circles, but the presence of T-circles has not yet been
tested. Conversely, T-circles have been identified with knockdown of several proteins with known
telomere functions including the telomere helicase RTEL1 (Vannier et al., 2012); however, the
accumulation of C-circles in these conditions has not yet been assayed. A comparison of the
proteins needed for each structure would be informative for determining the origins of these
extrachromosomal circles and the cooperativity between multiple enzymes at telomeres during
DNA replication.

SMARCAL1 bulk chromatin and telomere functions are separable
Although RPA is required for SMARCAL1 function in bulk chromatin replication
following the addition of a genotoxic agent, RPA binding is dispensable for SMARCAL1 function
at telomeres. This result is intriguing but not entirely unexpected as RPA is typically excluded
from functional telomeres to prevent aberrant DNA damage response signaling (Gong and de
Lange, 2010).
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This RPA-independence raises the question of how SMARCAL1 localizes to sites of
replication stress at telomeres. It is unclear if another protein is required to recruit SMARCAL1 to
telomeres although I have failed to find any direct interaction with known telomere binding
proteins. Taking a candidate approach, I was unable to observe any interaction with SMARCAL1
and the CST complex, a ssDNA binding protein complex often considered the telomeric RPA, or
components of shelterin. However, all these studies were performed with WT SMARCAL1 protein
that primarily identified RPA as an interaction partner (Betous et al., 2013b). Future studies to
identify telomere binding proteins might be better achieved using the RPA binding mutant of
SMARCAL1.
As an alternative to protein-mediated recruitment, SMARCAL1 could utilize its high
affinity DNA binding to localize to telomeres since SMARCAL1 is capable of binding a variety
of DNA structures with high affinity in the absence of RPA (Betous et al., 2012; Muthuswami et
al., 2000; Yusufzai and Kadonaga, 2008). I have only been able to detect SMARCAL1 localization
at telomeres when it is highly overexpressed (Figure 3.8). Thus, its localization to telomeres may
only occur during the short window when telomere replication is happening.
Alternatively, it is possible that SMARCAL1 exerts its telomere maintenance function
indirectly through some kind of signaling mechanism. I think this is unlikely given that its DNAdependent ATPase activity is needed for its telomere maintenance function. Finally, I cannot rule
out the possibility that the two-fold overexpression of the RPA binding mutant of SMARCAL1 is
able to overcome the requirement of RPA to localize to sites of replication stress at telomeres.
However, this level of expression is unable to rescue other phenotypes associated with
SMARCAL1 silencing including increased intensity of the DNA damage marker γH2AX and
defects in cell cycle progression (Bansbach et al., 2009; Ciccia et al., 2009).
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Beyond localization, RPA also regulates SMARCAL1 enzymatic activity (Betous et al.,
2013a). RPA stimulates SMARCAL1 fork reversal function on stalled replication fork substrates
while inhibiting fork reversal on normal replication intermediates (Betous et al., 2013a; Bhat et al.,
2015). Conversely, fork restoration by SMARCAL1 is inhibited by RPA on stalled replication
forks but stimulated on substrates that would yield a normal replication fork structure. Since RPA
appears to be dispensable for the telomere function of SMARCAL1, how this level of regulation
is achieved at telomeres remains undetermined. Like localization, another protein could regulate
SMARCAL1’s function at telomeres; however, this factor has not yet been identified. Since
identification of a telomere-specific factor has proven difficult, performing the in vitro fork
remodeling assays with candidate proteins or protein complexes (such as components of the
shelterin complex or the CST complex) might be a useful way to investigate this aspect of
SMARCAL1 regulation.

Conclusions
My data provide the first indication of an endogenous replication stress that SMARCAL1
acts to resolve. It also separates the function of SMARCAL1 from related fork repair enzymes.
SMARCAL1 deficiency causes the human disease SIOD. Symptoms associated with SIOD
include renal failure, growth defects, immune deficiencies, and a slight predisposition to cancer
(Baradaran-Heravi et al., 2012b; Boerkoel et al., 2002; Carroll et al., 2013). This disease lacks
obvious telomere defect phenotypes including a strong pre-disposition to cancer or premature
aging (Blasco, 2005). Onset of these telomere-associated phenotypes typically occurs often later
in life; however, SIOD patients usually do not survive beyond two decades of life (Lou et al.,
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2002). Thus, the telomere phenotypes may not manifest within the timeframe that SIOD patients
live.
Interestingly, the SMARCAL1 mutant mouse does not display any disease phenotypes
associated with SIOD in humans (Puccetti et al., 2017). One key difference between humans and
mice at a cellular level is that murine telomeres are nearly five times longer than humans (Calado
and Dumitriu, 2013). Further, telomerase is constantly active in mice indicating an active
mechanism to maintain longer telomeres. It is tempting to speculate that the telomere function of
SMARCAL1 might contribute to some disease phenotypes of SIOD. Studies with a telomerase
knockout SMARCAL1-deficient mouse would be informative for elaborating on this topic. Future
work characterizing the etiology of SIOD will be important to investigate the contribution of the
telomere replication functions of SMARCAL1 to replication fidelity and genome stability.
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CHAPTER IV

ADAPTING NEXT GENERATION SEQUENCING TO PROBE SMARCAL1 FUNCTION
DURING DNA REPLICATION AND REPAIR

Introduction
In addition to telomeres, the function of SMARCAL1 is required for replication through
other undetermined regions of the genome (Bansbach et al., 2010; Poole et al., 2015). There are
several other candidate repetitive regions such as satellite or ribosomal DNA repeats that might
require SMARCAL1 function. Alternatively, SMARCAL1 could be required to stabilize
replication forks that have encountered a specific fork stalling lesion on the DNA template or at
sites where then transcription machinery collides with the replisome. Several methods have been
developed to investigate each of these sources of replication stress individually; however, using a
candidate approach to examine all potential sources of replication stress is expensive and
inefficient. Adapting an assay to examine several regions in the genome within one experiment is
necessary to further characterize where SMARCAL1 is needed during DNA replication and begin
work investigating the requirement for other SNF2 fork remodeling enzymes.
Due to decreased costs and the development of several methodologies, next-generation
DNA sequencing (NGS) has become a promising method to analyze multiple regions in the
genome simultaneously. Several studies have utilized NGS-based methods to investigate diverse
aspects of DNA repair including identifying where DNA repair proteins function. In this chapter,
I will highlight some examples of NGS-based methods that have successfully been used to
characterize DNA repair proteins, present my work using these methods to characterize
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SMARCAL1 during DNA replication, and discuss future directions to investigate the functions of
SNF2 DNA translocases.

Characterizing the location of DNA repair proteins using ChIP-seq
Chromatin immunoprecipitation with DNA sequencing (ChIP-seq) has proven an
invaluable tool to characterize proteins involved with DNA repair. Identifying where proteins bind
on a global scale permits identifying patterns in localization that has been used to draw conclusions
on many aspects of DNA repair including influences on pathway choice (Aymard et al., 2014) and
locations of novel, difficult to replicate regions of the genome (Barlow et al., 2013).
Identification of sites of DNA damage has been done primarily by immunoprecipitation of
the ssDNA binding protein RPA or the phosphorylated histone variant γH2AX, a histone
modification that occurs in the early stages of DNA damage recognition. Much of this work has
revolved around cell culture models with site-induced DNA breaks. Several characteristics of
DNA damage sensing and signal propagation were determined using this system. For example,
γH2AX propagates bi-directionally for kilobases in a manner dependent on the transcription state
near the site of the DNA break (Iacovoni et al., 2010). Similar studies have also been performed
using RPA as the marker of damage (Yamane et al., 2011; Yamane et al., 2013).
These methods have also been successfully applied in the absence of induced site-specific
breaks. ChIP-seq using antibodies against RPA was used to identify previously uncharacterized
sites of endogenous replication stress in mouse models (Barlow et al., 2013). In this study, novel,
difficult to replicate sequences – primarily in repetitive and highly methylated regions – were
identified in the early stages of DNA replication in mice (Barlow et al., 2013). This method was
also used to determine that the CST complex, a RPA-like heterotrimeric complex that binds
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ssDNA in a sequence independent manner, facilitates replication fork restart in response to fork
stalling at G-rich repetitive regions of the genome (Chastain et al., 2016). These applications of
ChIP-seq would closely mirror the experimental setup for investigating sources of endogenous
replication stress sources that require the activity of SNF2 fork remodelers.

DNA break sequencing
ChIP-seq is an effective way to characterize where DNA repair proteins localize. However,
using this method to identify where replication stress-induced DNA breaks occur is less effective
as it relies on predictions based on indirect measurements. Additionally, proteins typically
immunoprecipitated for these assays, specifically γH2AX, can be located kilobases away making
it difficult to obtain high resolution information on the location of DNA breaks (Iacovoni et al.,
2010). Measuring the locations of the breaks through more direct methods would be informative
to answer questions associated with SMARCAL1 deficiency and address other aspects of DNA
repair.
Within the last decade, several methods that directly sequence DNA breaks have been
developed. These methods typically fall into two categories. Methods such as DNA end
sequencing (END-seq) and BLESS (break labeling, enrichment on streptavidin, and next
generation sequencing) require direct purification of the DNA break prior to sequencing (Figure
4.1). The other category of DNA break sequencing methods requires creating a site-specific DNA
break that serves as the “bait” that can be fused to “prey” DNA breaks thus creating genomic
rearrangements detected through DNA sequencing (Figure 4.1). This concept is used by methods
such as high throughput, genome-wide translocation sequencing (HTGTS).
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Both categories of breakome analyses, though very different, have been used to study
several aspects of DNA repair. HTGTS was effectively used to show DNA breaks occur at a high
frequency in highly transcribed regions and display a strong preference to be repaired through
intrachromosomal fusions driven by non-homologous end joining (NHEJ) (Chiarle et al., 2011).
END-seq, the newest of these methods, was used to map resection events that occurred at sitedirected dsDNA breaks in NHEJ-deficient murine cells (Canela et al., 2016). Novel aphidicolinsensitive regions in the genome were identified in HeLa cells using BLESS to selectively purify
breaks (Crosetto et al., 2013). Applying these methods to characterize breaks generated in
SMARCAL1-deficient cells would be informative in discerning where this protein is needed
during DNA replication.

Genome sequencing
Lowering sequencing costs and increasing efforts to create personalized cancer treatments
has resulted in large increases of whole genome sequence data sets. This increase in data has
permitted identification of patterns associated with mutational processes that drive human disease
(Alexandrov et al., 2013; Nik-Zainal et al., 2012). Using extensive bioinformatics and statistical
analyses, DNA mutation patterns associated with defects in several DNA repair pathways have
been identified (reviewed in (Helleday et al., 2014)). For example, mutations in BRCA1 or BRCA2,
crucial components of the homology directed repair (HDR) pathway that are frequently mutated
in breast and ovarian cancers, result in indels surrounded by regions of microhomology
(Alexandrov et al., 2013; Helleday et al., 2014). This mutation signature strongly implies DNA
repair is shunted to alternative pathways when HDR is impaired. Signatures associated with
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defects in other DNA repair pathways such as mismatch repair, base-excision repair, and
nucleotide excision repair have also been reported (Helleday et al., 2014).
These large-scale sequencing data sets have also permitted the identification mutation
patterns associated with failure to resolve endogenous and exogenous sources of DNA damage
(Alexandrov et al., 2013). Failure to resolve pyrimidine dimers generated by UV damage results
in an increased frequency of cytidine to thymidine (C>T) transitions (Alexandrov et al., 2013).
This type of genome sequencing can be used to identify patterns down to single nucleotide changes
that occur randomly throughout the genome. Though computationally expensive, whole genome
sequencing has great advantages in that it does not depend on the efficacy of antibodies or in situ
DNA labeling methods. Genome sequencing can complement and sometimes go beyond the
capabilities of other NGS methods to answer important questions in DNA repair.

Results
I sought to investigate where SMARCAL1 functions during replication using a multifaceted sequencing approach. When the replication fork stalls, RPA binds to ssDNA generated at
these sites of stress (Figure 4.2). SMARCAL1 is then recruited to stabilize the stalled fork and
promote restart after the source of replication stress is addressed. In conditions when SMARCAL1
is absent, RPA persists on the ssDNA and the stalled replication fork eventually collapses into a
dsDNA break due to the action of structure-specific nucleases such as MUS81 (Betous et al., 2012;
Dungrawala et al., 2017). I adopted a plan to use several NGS methods, including RPA ChIP-seq
and breakome sequencing, to exploit these observations and determine where SMARCAL1 is
needed during DNA replication (Figure 4.2).
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END-seq to characterize DNA breaks in SMARCAL1 knockdown cells
SMARCAL1 knockdown in human cells results in DNA breaks in the absence of any added
genotoxic agent (Bansbach et al., 2009; Betous et al., 2012; Dungrawala et al., 2017; Poole et al.,
2015). Identification of where these breaks occur would be informative to determine where
SMARCAL1 is needed during DNA replication. I opted to use END-seq – which involves the
direct labelling, and subsequent purification, of DNA ends from cells immobilized in agarose plugs
(Canela et al., 2016). This method was determined to be significantly more sensitive than other
DNA break purification methods with a lower limit of detection of 1 break in 10,000 cells (Canela
et al., 2016).
I transiently knocked down SMARCAL1 in U2OS cells, an aneuploid osteosarcoma cell
line with high levels of DNA breaks induced by SMARCAL1 deficiency (Dungrawala et al., 2017).
To increase the intensity of the DNA break signal, I also treated cells with 2mM HU for 4 hours
prior to embedding the cells in agarose plugs (Figure 4.3A-B). The END-seq library preparation
and DNA sequencing was performed in collaboration with the Nussenzweig lab at the National
Institute of Health.
Using END-seq, I obtained a similar number of DNA ends from U2OS cells treated with
SMARCAL1 siRNA and a non-targeting control (Figure 4.3C). This was true with and without
2mM HU. When I filtered out DNA breaks found in the non-targeting control, the number of DNA
ends specific to SMARCAL1 knockdown was reduced to 49. This number increased to 163 in the
presence of HU. The amount of overlap between DNA ends from SMARCAL1 knockdown cells
treated with HU or a vehicle control was minimal with only 6 peaks that overlapped between the
two conditions. Thus, HU treatment did not amplify the frequency of DNA breaks at a specific
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location in SMARCAL1 knockdown cells but instead generated new ones. To exclude the
possibility that SMARCAL1 deficiency results in amplification of DNA breaks already present in
wild-type cells, I examined the change in the signal intensity of DNA breaks present in control and
SMARCAL1 knockdown cells. The intensity of the peaks associated with DNA breaks found in
both conditions did not change indicating these breaks are not exacerbated by loss of SMARCAL1
(Figure 4.3E). Examples of DNA break peaks called in this experiment are shown in Figure 4.4.
Unfortunately, most of the peaks in both SMARCAL1-proficient and deficient untreated
cells were composed of very few reads – as indicated by the read pileup – suggesting less
confidence in these peaks (Figure 4.5A). The same trend was also observed for HU treated cells.
Peaks containing less than 50 reads were filtered to exclude a large percentage of low-confidence
peaks. Further, the caveats of END-seq include labeling telomere ends – which resemble DNA
breaks (Canela et al., 2016). Overall, the number of peaks at telomeres was less than 10% of total
peaks (Figure 4.5B), which corresponds to the reported prevalence of telomeres in END-seq data
(Canela et al., 2016). However, the telomere peaks represented many of the higher confidence
peaks with a higher read pileup (Figure 4.5C). Thus, the highest confidence peaks in my data set
appear to predominately be in the telomere repeats.
I next investigated where the other DNA breaks were occurring in SMARCAL1-deficient
cells. For example, it is plausible SMARCAL1 could be required for replication through other
repetitive regions in the genome given its function in replication through telomeres. Failure to
resolve the replication stress associated with repetitive sequences in the genome would result in
an increased frequency of DNA breaks in these regions detected using END-seq. When I compared
the percent of DNA breaks present in various repetitive elements to the percent of the genome
comprised of these elements, I observed a striking increase in DNA breaks at satellite repeats
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(Figure 4.6) (Treangen and Salzberg, 2011). This enrichment is also true in the presence of
exogenous replication stress. This was not a phenomenon associated with all repetitive elements
since the long and short interspersed nuclear elements (LINEs and SINEs) were not enriched
compared to the composition of the genome (Figure 4.6). However, this enrichment was observed
in wild-type and SMARCAL1 knockdown conditions suggesting there may not be a bias for
SMARCAL1-deficiency.
Given the high prevalence of breaks at microsatellites by the END-seq analysis, I sought
to further investigate this finding by assaying for microsatellite stability using a secondary method
based on polymerase chain reaction (PCR) (Matsuzaki et al., 2015). In this assay, microsatellite
instability (MSI) will manifest as differences in the banding pattern compared to the wild-type
control. I investigated MSI in two human cell models - SMARCAL1 knockout U2OS clones
generated by CRISPR (Appendix A) and long-term siRNA knockdown every 3 days for a total of
7 transfections in HeLa long-telomere cells. In both cell lines, SMARCAL1 deficiency did not
result in MSI for a variety of different repeats (Figure 4.7A). There was also no observable MSI
associated with the SMARCAL1Δ/Δ MEFs when several different microsatellites were tested
(Figure 4.7B).
I also investigated the prevalence of DNA breaks at other regions in the genome that could
be difficult to replicate. I examined the percent of DNA ends near transcription start sites as an
initial investigation into the contribution of SMARCAL1 in resolving conflicts between the
replication and transcription machinery. Most of the DNA ends were located more than 200
kilobases from a transcription start site (Figure 4.8A). This enrichment decreased when cells were
treated with 2mM HU, again suggesting HU did not exacerbate DNA breaks associated with
SMARCAL1 but, rather, generated several new ones. A similar trend was observed for peaks that
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Interesting to note, nearly a quarter of the DNA ends observed in the END-seq analysis were found
within 25 kilobases of a transcription start site (Figure 4.8A). When I examined the expression
profiles of the genes located within 25 kilobases of a DNA break, many of the genes were not
expressed in U2OS cells based on RNA sequencing data from our laboratory (Figure 4.8B).

RPA ChIP-seq on a positive control cell line requires further optimization
In my efforts to identify where the functions of SMARCAL1 are required during DNA
replication, I also decided to utilize ChIP-seq. In this approach, I opted to use antibodies to
immunoprecipitate RPA since SMARCAL1 deficiency should result in prolonged occupancy of
RPA on DNA and, thus, would be a good marker of where SMARCAL1 is needed during
replication (Figure 4.2). Further, the signal associated with RPA ChIP yields narrower peaks
compared to other markers of replication stress, like γH2AX (Barlow et al., 2013). Antibodies
against RPA have been effectively used for RPA ChIP-seq in multiple studies to identify sites of
replication stress; therefore, verified reagents were already available for use (Barlow et al., 2013;
Yamane et al., 2011; Yamane et al., 2013). Finally, immunoprecipitating RPA rather than other
markers of DNA damage, such as γH2AX, would permit identification of sites of replication stress
that do not necessarily collapse into dsDNA breaks. Although SMARCAL1 knockdown results in
a significant induction of DNA breaks, knockdown of ZRANB3 or HLTF does not result in DNA
breaks in the absence of exogenous damage (Achar et al., 2015; Betous et al., 2012; Dungrawala
et al., 2017). Thus, adapting a method that would be applicable to all members of this family would
also be beneficial in characterizing differences between these enzymes.
I sought to confirm my methodology using a positive control cell line prior to proceeding
with my experimental samples. I used a U2OS cell line with an HA-tagged AsiSI enzyme fused to
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the estrogen receptor (Iacovoni et al., 2010). This enzyme typically resides in the cytoplasm where
it is unable to cleave DNA (Figure 4.9). Upon addition of the small molecule 4-hydroxytamoxofin
(4OHT), the fusion enzyme relocates to the nucleus and cuts the genome in a sequence-specific
manner. Although there are over 1000 potential AsiSI cut sites present in genome, only
approximately 200 are cleaved based on the chromatin landscape associated with the cut sites
(Massip et al., 2010). I confirmed induction of the enzyme after treatment with 4OHT by
immunofluorescence. After 4 hours of treatment with 4OHT, the AsiSI enzyme completely relocalized to the nucleus. Further, the enzyme cleaved the DNA as indicated by the induction of
γH2AX foci. This induction was absent in the vehicle control cells treated with ethanol (EtOH)
(Figure 4.9).
I effectively optimize RPA immunoprecipitation from the induced U2OS cells; however,
significant amounts of RPA still remained in the fractions that were not bound by the antibody
(Figure 4.10). When I compared the location of the immunoprecipitated RPA to sites of AsiSI cut
sites in the genome using quantitative PCR, I saw an association of RPA with known AsiSI cut
sites in cells where the enzyme had been induced with 4OHT (Figure 4.10).
When I extended my analysis to include DNA sequencing rather than qPCR, I saw a
significantly higher number of ChIP-seq peaks compared to cells treated with the EtOH control
(Figure 4.11A). However, many of these peaks were composed of very few reads indicating lower
confidence and higher probability of a false positive signal. When I filtered the list with a cutoff
to exclude these low confidence signals, the number of peaks significantly decreased such that
there was a difference of only 200 between the treatment and control samples (Figure 4.11B).
Further filtering to exclude peaks present in control set reduced the number of 4OHT treatment
specific peaks to 324. However, only around 20% of these peaks were within 20kb of any AsiSI
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cut site (Figure 4.11C). While there was an increase in peaks associated with 4OHT treatment,
these were not located near an induced DNA break. This result was consistent between two
replicates where one library was prepared by the sequencing core at Hudson Alpha and the other
was prepared by me at Vanderbilt University.

Discussion
Next generation sequencing is an efficient and relatively inexpensive method that is widely
used to characterize proteins involved in multiple aspects of DNA replication and repair. Using
various NGS methods, I sought to determine the replication stress contexts requiring the function
of SMARCAL1. These studies could then be applied to its closely related family members HLTF
and ZRANB3 to elucidate the requirement for 3 biochemically similar enzymes.

RPA ChIP-seq needs further optimization
Using ChIP-seq, I was unable to detect enrichment of RPA at sites of induced AsiSI breaks
in my positive control samples (Figure 4.11). This result is concerning as RPA ChIP-seq has been
successfully used with AsiSI-induced breaks (Canela et al., 2016; Lopez-Saavedra et al., 2016).
Further optimization of the immunoprecipitation is likely needed for the success of this protocol.
I immunoprecipitated RPA from the U2OS cells; however, much of the RPA remained in the
fraction not bound by the antibody (Figure 4.10). This work was done using a single RPA antibody,
so testing alternative antibodies might improve the protein yield. Alternatively, the signal of RPA
bound to sites of AsiSI cleavage has been enhanced by co-deletion of 53BP1 and LIGIV, two
components of the NHEJ repair pathway (Canela et al., 2016). Preventing NHEJ-mediated repair
would enhance RPA occupancy at the sites of DNA breaks and would likely enhance the signal in
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this positive control experiment. However, it is not known if including these extra gene knockouts
would affect RPA binding in SMARCAL1-deficient settings, further complicating the analyses of
my future RPA ChIP-seq data sets.
As an alternative to RPA, ChIP-seq with the DDR marker γH2AX might bypass some
obstacles associated with immunoprecipitating RPA. In addition to coating ssDNA at stalled
replication forks, RPA also functions in normal DNA replication during elongation and Okazaki
fragment maturation on the lagging strand (Oakley and Patrick, 2010). Therefore, RPA ChIP-seq
likely includes DNA bound to these regions and could result in higher background. Conversely,
chromatin bound γH2AX levels are low in conditions without replication stress and, thus, would
provide a lower background. Additionally, I was able to detect a significant increase of γH2AX
bound to DNA after induction with 4OHT suggesting this would be a feasible alternative (Figure
4.9). However, the best alternative might be to perform SMARCAL1 ChIP-seq to directly assess
where this protein localizes. SMARCAL1-specific antibodies have not been tested for ChIP
applications; however, this may be a useful tool to investigate where SMARCAL1 functions
during replication. Alternatively, using CRISPR to insert an affinity tag at the SMARCAL1 locus
could also be useful for purifying SMARCAL1 with commercially available and experimentally
validated antibodies. Further, this method would permit purifying endogenous levels of protein
that would prevent introducing DNA damage associated with transient overexpression of
SMARCAL1.

END-seq
An initial experiment using END-seq indicated a large percentage of DNA breaks were
located in repetitive regions. This result is curious as repetitive elements are typically considered
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low confidence as they difficult to align to the genome (Treangen and Salzberg, 2011). END-seq
suggested an increased frequency of DNA breaks at microsatellites, though this was not specific
to SMARCAL1-deficiency (Figure 4.6). I was unable to see any MSI at a variety of microsatellites
tested using PCR in both human and murine cells (Figure 4.7). Although it seems unlikely that
SMARCAL1 functions specifically at microsatellites, I only tested a subset of microsatellites
present in both species by PCR so it is possible other untested regions could be effected.
Alternatively, the DNA breaks caused by SMARCAL1 knockdown may not result in microsatellite
expansions or contractions that are detectable by this PCR-based method. The prevalence of
microsatellites in the END-seq data suggests U2OS cells may be constantly experiencing stress
indicating this cell line may not be the most appropriate for these analyses. Though the data
suggests SMARCAL1 may not be required for microsatellite stability, further work is needed to
completely rule out a function of SMARCAL1 at microsatellites.
In addition to the microsatellites, I saw a slight enrichment of DNA breaks that were present
within 25 kilobases of a transcription start site, suggesting SMARCAL1 could be required to
resolve conflicts between the replication and transcription machinery (Figure 4.8A). SMARCAL1
is capable of remodeling RNA-DNA structures lending support to this idea (Kassavetis and
Kadonaga, 2014). However, only half (at most) of the genes located within 25 kilobases of a DNA
break were actually expressed in U2OS cells (Figure 4.8B). Alternatively, SMARCAL1 could be
functioning to resolve replication-transcription conflicts further within the gene body. Analyses to
look at the prevalence of DNA breaks at specific genes that are highly expressed might be
informative to further probe a function of SMARCAL1 in resolving transcription conflicts.
Interestingly, the top hits from END-seq (as measured by read pileup) in SMARCAL1 WT
and knockdown cells were located at telomeres (Figure 4.5C). SMARCAL1 depletion results in
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DNA breaks at telomeres, so this was not an unexpected result (Cox et al., 2016; Poole et al., 2015).
However, U2OS cells utilize the ALT pathway and, as a result, have telomeres that are constantly
breaking and elongating. Thus, the enrichment observed in my END-seq samples could be due to
the telomere maintenance pathway rather than DNA breaks associated with loss of SMARCAL1.
Changing the cell type in future studies would address this issue and prevent flooding the system
with telomere ends over DNA breaks that occur in other regions of the genome.

Conclusions
Although this work is in its initial stages and likely requires more optimization, it’s unclear
if these methods will be appropriate for determining where SMARCAL1 is needed for replication.
Most studies utilizing these methods have involved induction of sequence specific DNA breaks.
This method results in many DNA sequencing reads stacked in the same location flanking the
break, resulting in a strong signal and easy identification of breaks (Figure 4.12). However, breaks
in SMARCAL1-deficient cells would not likely occur at a specific sequence since SMARCAL1
binds DNA in a sequence independent manner. Instead, breaks generated in SMARCAL1-deficient
cells would likely be localized more generally to a specific DNA region. If this is the case, DNA
reads gathered from ChIP-seq or breakome analyses would be spread across a larger region
resulting in a less intense signal and make it more difficult to identify locations of DNA breaks in
SMARCAL1-deficient settings above the background noise (Figure 4.12).
Instead, the best approach might be to perform some form of genome sequencing. These
methods are more likely to yield promising results for sequence-independent DNA damage, a
situation that more closely resembles the hypothesis for regions requiring SMARCAL1 function.
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However, completion of these studies will require significant computational power and
collaborations with a bioinformatician to discern the significance of mutations identified in
SMARCAL1-deficient cells. Due to the financial and computational costs associated with whole
genome sequencing, it is important to carefully devise the proper model system for these analyses.
Sequencing the genome of SIOD patients would be an ideal situation and would have obvious
application to understanding the etiology of the disease. However, due to the rarity of the disease
and considering the emotional distress experienced by patients and their families, this does not
seem a feasible option. Alternatively, sequencing tumors that develop in SMARCAL1 mutant mice
after ionizing radiation would be a strong alternative to the human disease model as it still involves
an in vivo approach (Puccetti et al., 2017). A strong cell culture alternative would be generating
SMARCAL1 knockout cell lines using CRISPR. This approach would permit generation of several
biological replicates for sequencing and could easily be extended to include knockouts of
ZRANB3 and HLTF while preserving a similar biological background.
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CHAPTER V†

DISCUSSION AND FUTURE DIRECTIONS

Summary of dissertation work
DNA replication is constantly challenged by several sources of replication stress that
threaten the integrity of the genome and promote human disease (Zeman and Cimprich, 2014).
The DDR functions to address these sources of replication stress through multiple pathways
including proteins like the SNF2 family members SMARCAL1, ZRANB3, and HLTF that
facilitate stabilization of the replication fork through fork remodeling. Despite our knowledge on
the enzymatic functions of these enzymes, several questions concerning where these proteins
function in cells still remain.
I identified telomeres as the first endogenous source of replication stress that requires the
function of SMARCAL1 (Chapter III and (Poole et al., 2015)). Importantly, this function is not
shared by ZRANB3 or HLTF (Figure 3.4) suggesting these enzymes may be required in specific
replication stress contexts or, perhaps, at specific regions of the genome. Using next generation
sequencing approaches, I tried to identify other regions of the genome that require the function of
SMARCAL1 with the hope of extending these studies to examine the functions of ZRANB3 and
HLTF in the future (Chapter IV). Though unsuccessful, I was able to generate several tools for
future studies in the lab including pipelines for DNA and RNA sequencing analyses and several
SMARCAL1 knockout cells lines (Chapter IV and Appendix A).

†

Parts of this chapter were adapted from Poole, L.A., and Cortez, D. (2017). Functions of
SMARCAL1, ZRANB3, and HLTF in maintaining genome stability. Crit Rev Biochem Mol
Biol, 1-19.
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Though my work was driven by the hypothesis that SMARCAL1, ZRANB3, and HLTF
are required for replication through specific regions of the genome, there are several alternative
hypotheses to explain the requirement for each of these enzymes. In the following sections, I will
discuss some of these alternatives and present future directions to tests these models.

Model 1: SMARCAL1, ZRANB3, and HLTF are needed in response to specific DNA structures
The requirement for each of these fork remodeling enzymes could be to address a specific
DNA structure that forms when a replication fork has stalled. SMARCAL1, ZRANB3, and HLTF
can catalyze fork reversal in the absence of any additional proteins. The efficiency of these
reactions begins to change once DNA gaps are introduced to the substrate and supplemental DNA
binding proteins are added to the reactions (Figure 5.1, Table 5.1). Fork reversal by SMARCAL1
on a leading strand gapped DNA substrate is stimulated by the presence of RPA whereas fork
reversal by ZRANB3 is inhibited and HLTF function may be unaffected (Figure 5.1) (Achar et al.,
2011; Betous et al., 2013a). The SRD HIRAN in HLTF specifically recognizes a 3’-OH while
SMARCAL1 does not display a bias for this functional group (Kile et al., 2015). These differences
in substrate preferences, conferred by the SRDs, would diversify the pool of potential substrates
and could contribute to the requirement for each of these enzymes in cells.
In vitro biochemical approaches would be the most appropriate method to further
investigate this model. Although I have detailed several differences that differentiate these proteins,
these studies are not complete. Exhaustive studies to examine the DNA binding preferences of
SMARCAL1 have been performed; however, HLTF and ZRANB3 preferences for substrates such
as ssDNA gaps or different ssDNA overhang structures have not been determined. Differences in
fork remodeling efficiencies with supplemental proteins, such as RPA or PCNA, have not been
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determined with all these enzymes. Extending these studies to include the other DNA binding
proteins implicated in fork reversal, such as RAD51 or RADX, could identify major differences
between the SNF2 fork remodelers and lend support to this model (Dungrawala et al., 2017;
Zellweger et al., 2015).

Model 2: Multi-faceted regulation of recruitment and function
The redundancies in fork remodeling functions of SMARCAL1, ZRANB3, and HLTF
suggest they could be performing the same reactions in cells. Another model to explain the
requirement for all of these biochemically similar enzymes could be different mechanisms of
regulation – both in recruitment to sites of damage and regulation of enzymatic function.
SMARCAL1 contains an RPA binding domain at its N-terminus that is required for its
localization to sites of stress (Figure 1.4) (Bansbach et al., 2009; Ciccia et al., 2009; Postow et al.,
2009; Yuan et al., 2009; Yusufzai et al., 2009). ZRANB3 contains multiple motifs and domains
that permit binding to polyubiquitinated PCNA in response to replication stress (Figure 1.4)
(Ciccia et al., 2012; Weston et al., 2012; Yuan et al., 2012). These differences in protein
interactions could also translate into spatial regulation of these enzymes. This could, perhaps, also
be extended to include some degree of temporal regulation depending on the speed at which PCNA
modifications occur. How HLTF is recruited to sites of replication stress has not been determined.
One study looking to identify HLTF interacting partners in unperturbed cells identified RPA70
and the dsDNA break repair regulatory protein PTIP (Pax transactivation domain-interacting
protein), though the functional importance of these interactions has not been determined. At least
a subset of HLTF travels with the replication fork in unperturbed conditions suggesting it may not
require a supplemental protein interaction to localize to sites of replication stress (Kile et al., 2015).

99

However, research to understand recruitment of HLTF to sites of replication stress is largely
unexplored.
Conversely, all of these enzymes could be recruited whenever the replication fork
encounters stress. This model is supported by the observation that, like HLTF, at least a subset of
SMARCAL1 also travels with the replication fork in unperturbed conditions (Betous et al., 2012;
Dungrawala et al., 2015). With this model, the function of these proteins would need to be
regulated to prevent these enzymes from potentially competing with each other and delaying rapid
fork remodeling in response to replication stress. Phosphorylation was already determined to be a
critical factor regulating SMARCAL1 function at replication forks (Carroll et al., 2014; Couch et
al., 2013). Phosphorylation of SMARCAL1 in the linker between the bi-lobed ATPase domains
limits its function after SMARCAL1 has localized to sites of replication stress (Couch et al., 2013).
Initial microscopy studies indicate ZRANB3 retention at sites of replication stress is also
dependent on phosphorylation by DDR kinases (Ciccia et al., 2012). With this model, these
proteins could all be recruited to the same site of replication stress but require either activation of
their enzymatic function or modifications that limit their activity to facilitate repair by the
appropriate enzyme. To date, no studies on the regulation of HLTF by post-translational
modifications (PTMs) has been reported. Mapping and characterizing the sites of PTMs in each of
these enzymes would facilitate investigating this model.

Model 3: Differences in enzymatic activities drive the requirement for each enzyme
In addition to the core ATPase domains, HLTF and ZRANB3 possess additional enzymatic
domains that confer additional functions (Table 1.1). HLTF contains an RING E3 ubiquitin ligase
domain that facilitated poly-ubiquitination of PCNA in response to replication stress (Motegi et
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al., 2008; Unk et al., 2008). The function of this domain has strong implications on DNA
replication as mutations in the RING domain result in increased frequencies of fork stalling and
fork collapse after treatment with DNA damaging agents (Blastyak et al., 2010). However, it is
unclear if the functions of the RING and ATPase domains are somehow linked. More specifically,
it is unclear if HLTF is recruited to a stalled fork to polyubiquitinate PCNA then continues to
remodel the same stalled replication fork. The ability to perform both activities would be beneficial
and forego the necessity to recruit additional proteins that perform the same reaction. Though a
provocative thought, this remains untested.
Additionally, ZRANB3 contains an endonuclease domain that permits cleaving the DNA
two nucleotides upstream of the replication fork junction (Badu-Nkansah et al., 2016b; Sebesta et
al., 2017; Weston et al., 2012). It’s tempting to speculate that ZRANB3 would preferentially be
recruited to replication forks that required DNA cleavage during fork remodeling to stabilize the
stalled fork. This nuclease activity is coupled with ATPase activity indicating ZRANB3 could
remodel and cleave a single fork, lending support to this model.

Model 4: Cooperating functions of fork remodeling enzymes
My work has focused on the hypothesis that SMARCAL1, ZRANB3, and HLTF function
in specific and distinct replication stress contexts. Alternatively, these enzymes could be operating
sequentially or cooperatively to facilitate stabilization or repair of the same stalled replication fork
in cells. PCNA ubiquitylation by HLTF could be part of the signal that directs ZRANB3 to act on
a stalled fork (Figure 5.2). Also, the DNA substrate changes during the process of fork reversal. A
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leading strand gapped fork with RPA bound could be a good substrate for SMARCAL1, but as
soon as the fork has reversed far enough to remove RPA and bring the 3’ end of the leading strand
close to the fork junction, it would be an excellent substrate for HLTF recognition (Figure 5.3).
Regulatory signals could mediate a handoff mechanism to coordinate the fork remodeling
functions of these enzymes. Further, the function of nucleases both before and after fork reversal
could change the structure of the replication fork making it a better or worse substrate for one of
the enzymes.
In this model, the differences in phenotypic outcomes caused by inactivation of each
enzyme could be due to alternative functions outside fork remodeling for each of these enzymes
(Table 1.1). SMARCAL1 was reported to anneal unwound DNA at breaks to facilitate repair of
dsDNA breaks through non-homologous end-joining (NHEJ) (Keka et al., 2015). SMARCAL1
also has been reported to have a regulatory role in the transcription of a subset of genes (BaradaranHeravi et al., 2012a; Haokip et al., 2016; Patne et al., 2017; Sharma et al., 2015). ZRANB3 and
HLTF have reported functions in regulating cellular levels of recombination intermediates such as
the displacement loop (D-loop) utilized in the HR repair pathway (Burkovics et al., 2014; Ciccia
et al., 2012). Alternatively, failures at any one step in a fork repair process would cause shunting
of the stalled fork into alternative pathways that may differ depending on which enzyme was
inactivated, also leading to different phenotypes.

Other proteins are important for fork reversal
Beyond the SNF2 family, there are several other enzymes capable of performing fork
remodeling in vitro (Table 5.2). The Fanconi anemia pathway helicase FANCM and the helicase
FBH1 can also catalyze fork reversal while RAD54 can catalyze fork reversal and fork restoration
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in vitro (Bugreev et al., 2011; Fugger et al., 2015; Gari et al., 2008a; Gari et al., 2008b; Xue et al.,
2008). Additionally, several members of the RECQ-like family of DNA helicases such as BLM,
WRN, RECQ1, and RECQ5 can catalyze fork reversal or fork restoration using oligonucleotide or
plasmid based assays (Berti et al., 2013; Kanagaraj et al., 2006; Machwe et al., 2011a; Machwe et
al., 2011b; Machwe et al., 2006; Machwe et al., 2007; Popuri et al., 2008; Ralf et al., 2006). Much
of the work characterizing the fork remodeling functions and preferences of these additional
enzymes is in its preliminary stages. Experiments to exhaustively characterize their DNA binding
preferences, mechanisms of regulation, and protein structure are needed for full comparisons to
the SNF2 enzymes. These studies are important for describing the requirement of these proteins
during DNA repair.
Among all the proteins capable of catalyzing fork reversal, only SMARCAL1 and
ZRANB3 were shown to regress forks in vivo using electron microscopy (Kolinjivadi et al., 2017;
Vujanovic et al., 2017). This observation was important as it validated what only in vitro and
indirect cellular assays had shown previously (Badu-Nkansah et al., 2016a; Betous et al., 2013a;
Betous et al., 2012; Bhat et al., 2015; Ciccia et al., 2012; Couch et al., 2013). While there are many
proteins capable of performing these functions on naked or minimally decorated DNA in vitro,
whether these enzymes can perform this function on DNA extensively coated with proteins or
under torsional stress remains unexplored.
Despite the prevalence of fork remodeling proteins and the extensive work characterizing
these proteins, several details about the mechanism of fork reversal remain undetermined. The
ssDNA binding protein RAD51 was shown to be essential for fork reversal in response to various
exogenous sources of replication stress, though it is not clear why RAD51 is needed (Zellweger et
al., 2015). RAD51 is thought to replace RPA on the template DNA at sites of replication stress
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and also stabilize the nascent ssDNA on the chicken foot structure, though this remains only a
model (Neelsen and Lopes, 2015; Zellweger et al., 2015). Interestingly, co-depletion of
SMARCAL1 and RAD51 additively reduces the number of reversed replication forks after
exogenous stress (Kolinjivadi et al., 2017). This result raises the possibility that RAD51 is in an
alternative pathway to SMARCAL1 in promoting fork reversal, though more work is needed to
establish this model.

Concluding remarks
My work with SMARCAL1 resulted in the first identified source of replication stress that
requires the function of this protein in unperturbed DNA replication. The work in this thesis
required pioneering several new methods in the lab that will be beneficial in continuing work on
the function of the SNF2 family of DNA translocases and their fork remodeling activities.
Continuing this work will provide important details on the mechanisms of fork reversal in cells
and endogenous sources of stress that trigger this response. Further, continuing my work to
characterize when these enzymes are needed during replication will be invaluable for
understanding the phenotypes associated with human diseases caused by defects in fork
remodeling enzymes.
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APPENDIX A

GENERATION OF SMARCAL1-/- CELLS USING CRISPR/CAS9

This appendix contains information associated with SMARCAL1-null cell lines that I
generated using CRISPR/Cas9 genome editing. Using primers designed by a Thomas Bass, a
student in the lab, I targeted exon 7 of the SMARCAL1 gene – which encodes for part of the Nterminal ATPase domain – and its upstream intron using a combination of two guide RNAs
(gRNAs) (Figure AA.1A-B). I was able to generate two SMARCAL1 knockout U2OS clones
(U2OS KO22 and KO 25) and one heterozygous knockout clone (U2OS KO33). Western blot
analysis of SMARCAL1 protein in these clones indicates full length protein was not expressed in
KO22 and KO25 while KO33 showed a faint band indicating SMARCAL1 protein was expressed
but at a lower level (Figure AA.1C). PCR analysis of the SMARCAL1 locus near exon 7 and its
upstream intron indicate editing occurred in all clones while KO33 showed multiple PCR products
indicative of edited and unedited alleles (Figure AA.1D). The exact modification of each allele in
these clones was not examined; however, the PCR products were sequenced and showed strong
evidence of editing near the genomic locations targeted by the gRNAs (Figure AA.2-4). Cloning
these PCR fragments and sequencing individual alleles is needed to determine the exact nature of
the editing that occurred in these clones.
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