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PREFACE 
 

 

 

 

Porous silicon optical structures have generated significant interest in recent years 

for biological applications such as drug delivery, environmental monitoring, and 

chemical sensing. The enormous internal surface area in porous silicon of up to a few 

hundred square meters per cubic centimeter provides a significant advantage for 

capturing and detecting gaseous, chemical, and biological species. The pore diameters, 

the porosity, and the thickness of the porous layers can be carefully controlled by tuning 

the fabrication conditions in order to produce high quality optical structures. For a 

waveguide structure, the light is guided in the plane of the thin film, facilitating the 

integration of such a sensor, along with source and detector components, into lab-on-a-

chip devices. Varying the effective porous silicon optical thickness by biorecognition 

events in the waveguide results in a shift in the reflectance resonance, and allows for 

quantitative analysis of the target biomolecules. 

In an effort to increase the sensitivity of porous silicon waveguide sensors, we 

have utilized in situ synthesis of DNA oligonucleotide bioreceptors, in contrast to the 

traditional method of infiltrating and attaching bioreceptor molecules on the internal 

surfaces of the pores. Applying this commercial, solid-phase synthesis method using 

phosphoramidite protected nucleic acids, DNA oligos are immobilized in the waveguide 

in higher densities than allowed via the traditional method. As a result, DNA 

conformation, flexibility, and length do not play a role in bioreceptor density. The 

increased sensitivity of in situ prepared porous silicon waveguide sensors has been 

demonstrated for short oligo targets. 
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This work demonstrates the use of porous silicon waveguides for label-free 

detection of target DNA oligos, with the lowest detection limits reported in the 

nanomolar range. Bioreceptor and target molecule infiltration for a given waveguide 

porosity has been shown to depend directly on the DNA oligo length. The pore size, 

DNA bioreceptor density and length, and target size and aspect ratio play a significant 

role in molecule infiltration and detection sensitivity of porous silicon waveguide sensors. 

Using synthesized DNA oligos in porous silicon as aptamers, highly selective detection 

of the small molecule target adenosine and ochratoxin A has also been demonstrated. 

This first demonstration of DNA aptamer-based sensing within porous silicon may be 

expanded to other small molecule targets of interest, combining the high selectivity of 

aptamer detection schemes with the sensitivity and filtering capabilities afforded by 

mesoporous silicon waveguide sensors. 
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Chapter 1 

1. INTRODUCTION TO BIOSENSING 

1.1 Definition and classification of biosensors 
 

Although reports of biosensing devices have only occurred over the past 50 years, 

humans have essentially been performing biological and chemical detection for 

millennia. Antibodies in our immune system identify and neutralize foreign invaders; 

enzymes in our taste buds distinguish between sour and sweet; and olfactory receptor 

neurons can recognize thousands of different scents. With improved technology and 

understanding of biological organisms in the last century, researchers have looked toward 

many of these highly efficient and highly specialized bio-mechanisms as inspiration for 

new sensing devices. Evolution has produced bio-recognition molecules of unmatched 

specificity. As a result, the vast majority of biosensing devices utilize a bio-recognition 

system either taken directly from a living organism, or designed to mimic their function. 

 When it comes to building biosensing devices in the laboratory, a signal 

transducer is required in order to take the reaction of the bioreceptor, which selectively 

binds the molecule of interest, and convert it to a measurable signal. Bioreceptors have an 

affinity for and ability to capture a molecule of interest. For signal transduction, there are 

a number of methods available, generally falling under the categories of optical, 

electrochemical, or mass-related transduction [1-4]. Of these categories, optical 

transduction is by far the most widely utilized, given the variety of spectrochemical 

properties available to be recorded for any given material. Optical transducers reported in 

the literature include absorption, reflection, transmission, fluorescence, Raman, and 

surface enhanced Raman scattering. It is in the area of optical signal transduction that the 
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unique optical properties of silicon play a crucial role in the development of new and 

innovative biosensing devices [5-7]. 

 Typically, biosensors and lab-on-a-chip devices are classified by either their 

bioreceptor unit or their transduction method. Depending upon the desired application, 

there is a large variety of possible bioreceptors and transducer materials, and each 

transduction method may be utilized with a number of different bioreceptor-target 

systems. Figure 1.1 illustrates the variety of bioreceptor and transducer options available 

for building biosensing devices. Examples of these sensing device combinations will be 

discussed in this chapter. Sensing devices discussed throughout this dissertation will be 

classified by their transducer microstructure, and by the accompanying spectroscopy 

technique used to detect the analyte of interest.   

 This chapter will begin with a basic overview of the variety of bioreceptor 

molecules and transduction mechanisms frequently employed in sensor devices. The 

distinctions and inherent advantages and disadvantages of labeled and label-free 

biosensing will be outlined.  In this work, the aim is to highlight the role of silicon 

photonics in biosensing applications for small molecule detection. As such, an outline of 

the major classes of silicon photonic biosensing devices classified by the specific signal 

transduction method utilized will be included. A discussion of the current challenges in 

small molecule and oligonucleotide detection in silicon photonic sensing devices and the 

motivations for the thesis will conclude this chapter. 
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Figure 1.1 Classification of biosensors by type of bioreceptor or transducer. At the bioreceptor, a chemical 

change occurs selectively in the presence of target biomolecules. The transducer transforms this interaction 

into a quantitative, electronic signal which can be collected and analyzed. 

 

 

1.1.1 Common classes of bioreceptors 

Figure 1.2 below illustrates the binding mechanisms of a number of bioreceptor-

target binding interactions. A bioreceptor (also referred to as probe or sense molecule) 

has the ability to preferentially bind to the target molecule of interest. The most 

commonly utilized bioreceptor structures found in sensing devices are derived or 

designed from biological organisms: antibodies, enzymes, nucleic acids, and other 

cellular structures. In principle, any biomolecule or molecular assembly that displays the 

ability to selectively capture a target molecule could be used as a bioreceptor. It can be 

challenging however to maintain the functionality of these biologically derived or 

inspired structures as they are attached and utilized on various substrate surfaces or in 

different sensing media. Each of these categories will be described in further detail 

below.  
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Figure 1.2: On the left, selective capture of target biomolecules by bioreceptors attached to a surface is 

illustrated. (a) A sensor surface functionalized with antibody molecules (i.e. bioreceptors) is exposed to a 

solution containing target and mismatched antigens. (b) Only the target antigens are bound to the 

immobilized antibodies. On the right, examples of common bioreceptor and target pairs are shown: (c) 

antibody and antigen pair, (d) DNA as a receptor for a complementary DNA oligo, and (e) an enzyme and 

target protein. 

 

 

 

 The antibody-antigen bio-recognition system is often viewed as a gold-standard in 

biosensing. Antibodies are complex proteins, which may be composed of hundreds of 

amino acid subunits, and corresponding antigen targets typically must exceed 5000 Da in 

order to prompt an immunogenic response. In such a system, the biological molecules 

known as antibodies act as a receptor site toward a large protein target molecule, in what 

is often described as a “lock and key” fit. The “lock and key” refers to the antibody’s 

specific conformation, which allows for binding of the target antigen based upon specific 

characteristics such as size, geometric conformation, and active chemical functional 

groups. In a typical antibody/antigen biosensor, the antibody molecules are immobilized 

on the surface and are capable of selectively binding a target antigen. Although 
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antibody/antigen binding has remarkably high specificity, some of the major challenges 

of antibody-based biosensor are achieving proper orientation of the antibodies onto 

sensor surface and the lifetime and stability of antibodies in sensing media. 

 With a few exceptions, enzymes are generally a specific type of protein – a 

biological macromolecule composed of amino acids. Some enzymes are composed only 

of amino acids, while others include co-factors (often transition metal ions) or co-

enzymes (complex organometallic molecules). Often, enzymes are selected for use in 

biosensors for their specific binding capability or catalytic activity. Catalytic activity in 

particular can impart unique properties to a biosensing device, as enzyme-coupled 

reactors can be designed to modify the bioreceptor mechanism. For example, ligand 

binding at the receptor may change the activity of an enzyme. Additionally, biosensors 

using enzyme bioreceptors can potentially show very high sensitivity toward a particular 

target, since the biorecognition event is not a one-to-one binding, but rather an enzymatic 

activity. For example, consider a glucose sensing fiber-optic device that has the enzyme 

glucose oxidase immobilized on the surface. Instead of directly sensing glucose, a 

detector measures the presence of oxygen in solution; the level of oxygen changes when 

the enzymatic reaction between glucose and glucose oxidase occurs [8]. 

 Nucleic acids are a common choice for biorecognition molecules, where the 

hybridization event involving deoxyribonucleic acid (DNA) or ribonucleic acid (RNA) is 

detected. For DNA sensors, the hybridization reaction between the biorecognition 

element and target molecule results from the pairing up of complementary bases on 

corresponding oligos, with cytosine (C) bases in the oligo binding guanine (G) on the 

complement, and adenine (A) bases binding thymine (T) on the complement molecule. 
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Nucleic acids have also been of considerable interest for biochip technologies that use 

nucleic acids as bioreceptors for detecting molecules other than complementary DNA 

strands. When nucleic acid structures are engineered for the detection of non-nucleic acid 

targets, they are referred to as aptamers. This topic will be addressed further in Chapter 5. 

The considerable flexibility in defining a nucleic acid sequence and length, allows for the 

generation of a large library of DNA sequences, which increases the likelihood of finding 

a suitable bioreceptor for a particular target of interest.  

 Cellular structure bioreceptors encompass a broad category that could include 

anything from using non-enzymatic transport proteins for target molecule binding to 

bioluminescent proteins for toxin detection in bacteria. When using cellular structures as 

bioreceptors, an entire cell or micro-organism may be included in the sensor, or just a 

particular cell component. A few examples of such biorecognition systems are the protein 

cytochrome c’ used for nitric oxide detection [9] and lipopeptides for virus detection [10]. 

1.1.2 Common classes and examples of signal transducers 
 

Just as critical as the bioreceptor for biosensor fabrication is the transducer 

element. The transducer translates the chemical binding event at the receptor into a 

measureable signal, from which quantitative information about the target capture can be 

collected. By far, the most common class of signal transducers is optical. As an example, 

for enzyme-based biosensors there is a large body of research utilizing optical 

transduction methods [11] – including absorptiometry [12], luminometry [13, 14], 

chemiluminescence [15], scattering [16], and surface plasmon resonance [17].  

A number of electrochemical sensors have also been described, and play an 

important role in chemical and biomedical sensing elements [18-21]. One of the most 
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prolific biosensing devices containing an electrochemical transducer is undoubtedly the 

home glucose sensor [22]. Generally, electrochemical transduction occurs via 

conductivity, capacitance, potentiometric, amperometric, or voltammetric sensing [2, 4, 

18, 20, 21]. These systems require an electrochemical cell with a standard electrode 

arrangement. They can be found applied in both in vivo and in vitro applications. Modern 

electrochemical sensors utilizing antibody or nucleic acid bioreceptors for early cancer 

detection have been described in the literature [20]. Simple, disposable DNA-based 

electrochemical biosensors for detection of both nucleic acid sequences and small 

molecule targets have been reported [23]. 

Additionally, many sensors utilize mass-sensitive signal transducers. Typically, 

these systems rely on surface acoustics, piezoelectric response, or a microcantilever 

device [3]. Several commercial devices utilize quartz crystal microbalances to detect 

biomolecule binding [24, 25]. Mass-sensitive transduction methods typically are not as 

sensitive as optical transduction, mainly as a result of the larger surface area required for 

mass-sensitive transduction schemes [26]. In recent years however, mass sensors have 

been developed that not only respond to target capture, but also provide molecular 

characterization information such as charge density, viscosity, elasticity modulus, and 

molecular conformation. Similarly, silicon microcantilever devices have shown high 

sensitivity and the ability to analyze certain molecular characteristics such as charge upon 

target binding [27]. 

1.1.3 Labeled vs. label-free biosensors 
 

In addition to the standard classifications by receptor and transducer, biosensors 

are very commonly separated into the broad categories of “labeled” and “label-free”. 
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Generally, this designation indicates the source of the transduced signal produced upon 

biorecognition. In some sensing systems, a target molecule or structure undergoes a 

chemical work-up to attach a specialized tag or label which is utilized for detection; these 

sensing systems are now known as labeled sensors. The designation of labeled sensor was 

first introduced in 1990 with the development of the first commercial label-free optical 

biosensor – Biacore – to contrast the label-free method of molecular detection that does 

not require special tags or labels. Before label-free systems were commonly available, the 

most common sensing platforms for biomolecule detection involved enzyme-linked 

immunoassays or immunofluorescence assays. Complex chemistry attaching enzymes, 

fluorescent labels or radiometric labels can make labeled biosensing a time consuming 

endeavor. Additionally, any labels attached will invariably modify the structures of the 

receptor or target, ultimately affecting the kinetics of the binding event. Labeled sensing 

is typically not performed in real-time, meaning that kinetic and thermodynamic analysis 

cannot be performed. Despite these notable disadvantages, there is one major advantage 

to labeled biosensors – high sensitivity. Labeled sensing schemes with reported detection 

limits in fM levels have been reported [6]. 

Over the last two decades, label-free biosensing techniques have grown 

substantially. A broad spectrum of devices has been described in the literature and 

commercially developed systems are available. Most label-free biosensing devices rely 

on changes in optical properties – particularly surface plasmon resonance and attenuated 

total reflectance – but mass-sensitive, acoustic, and calorimetric label-free detection 

schemes have also been described. In an optical label-free biosensor, signal is often 

generated by a change in effective refractive index of the substrate as binding of target 
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biomolecules occur. Measurement in such systems may be by reflection, transmission, or 

by molecular adsorption fingerprints. A number of commercial label-free biosensing 

systems have been developed since the 1990’s. GE’s Biacore utilizes an surface plasmon 

resonance-based arrays on which oligonucleotides [28] and a number of other targets 

have been detected. ForteBio’s Octet measurement system relies on interferometry layers 

on a disposable fiber optic sensor requiring no microfluidics [29]. An example of a mass-

sensitive label-free device is Attana System’s quartz microbalance sensors [30]. The 

xCelligence system from Roche Applied Sciences operates via electrochemical 

transduction of the binding event [31], and has been used in cellular pharmaco-toxicology 

applications. 

1.2 Porous silicon optical biosensors 
 

Although porous silicon was first reported in 1956 [32], interest in the material 

was rather limited until its room temperature photoluminescence was observed [33]. 

Since then, there has been considerable interest in the integration of porous silicon 

components into optoelectronic devices, and more recently biochemical devices, based on 

the tunable nature of the physical and optical properties of the material. The pore 

diameters, which can range from nanometers to microns in size, as well as the porosity 

and thickness of the porous layer, can be tuned depending upon the formation conditions, 

typically in an electrolyte containing hydrofluoric acid. When the pore diameter is much 

smaller than the wavelength of light, porous silicon can be treated as an effective medium 

for which the refractive index is a weighted average of the refractive indices of separate 

components of the composite matrix [34]. Adjusting the porosity of the silicon allows for 

a wide range of refractive indices to be achieved. Depending on the conditions, a 
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refractive index range of approximately 1.15 to 3.30 can be produced by appropriate 

tuning of the fabrication conditions. Multilayer thin film structures, such as Bragg 

mirrors, rugate filters, microcavities, and waveguides can be formed by simply varying 

the porosity through electrochemical etching. Since the etching preferentially proceeds at 

the pore tips where the electric field is concentrated and charge carriers are present, under 

most conditions the previously formed porous silicon layers are not etched further as the 

formation of subsequent layers proceeds. As a result, sharp interfaces between porous 

silicon layers of different porosity (different refractive index) are produced.  

Over the past several years, there has been an increasing level of interest 

generated in the biological applications of porous silicon, such as drug delivery, 

environmental and chemical sensing, and filters for molecular separations. One of the 

most significant advantages of porous silicon is the enormous internal surface area, which 

can range up to a few hundred square meters per cubic centimeter. Since many more 

biological molecules can attach to porous silicon compared to planar materials, its 

structure provides a significant advantage for capturing and detecting gaseous, chemical, 

and biological species. In the following sections, several different porous silicon optical 

structures are discussed for their application as biosensors. A more focused discussion of 

porous silicon for DNA detection is presented in Section 3.1.2. 

1.2.1 Porous silicon photoluminescence biosensors 
 

Some of the earliest sensing work using porous silicon took advantage of the 

photoluminescence of the material, in particular, room-temperature photoluminescence, 

which was first observed for porous silicon in the early 1990’s. Porous silicon emits a 

broadband luminescence centered in the red portion of the electromagnetic spectrum. 
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While photoluminescent tags are commonly used in labeled biomolecule detection, the 

examples that follow are all label-free systems, where the biorecognition event induces a 

change in the natural photoluminescent properties of the material. Porous silicon 

biosensors using photoluminescence transduction have been developed for organic 

solvents, explosives, and hazardous wastes. 

 There are a limited number of reports of detection of biomolecules due to porous 

silicon photoluminescence, likely due to the greater measurement error compared with 

the other methods described in this chapter. The photoluminescence of porous silicon is 

known to be highly sensitive to a number of molecular species, via mechanisms such as 

electron transfer and interfacial charging, while exposed to biological media, which 

makes it difficult to account for background effects and drift in the photoluminescence 

peak [35]. Nevertheless, biosensors utilizing photoluminescence as the transduction 

method have been reported based on both photoluminescence quenching and spectral 

shifts. Immunocomplex formation between an antibody and antigen within a porous 

silicon matrix has been observed to quench the material’s photoluminescence [36], and a 

similar quenching mechanism was observed for DNA hybridization in porous silicon 

[37]. In both reports, the photoluminescence quenching was attributed to a non-radiative 

recombination mechanism. Resonance shifts in the photoluminescence spectra of porous 

silicon microcavities when functionalized and subsequently exposed to target 

bacteria[38] and DNA oligos [39] have also been reported. The microcavity structure is 

described in detail in Section 1.2.4. 
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1.2.2 Single-layer thin films – optical reflectance 
 

The most basic transduction method utilizing porous silicon is based on the 

change in effective optical thickness of porous silicon films upon a binding event 

between receptor and target molecules in a single-layer thin film, as illustrated in Figure 

1.3. This sensing mechanism takes advantage of the difference between the phase of light 

reflected at the top and bottom interfaces of a porous silicon layer. A reflectance 

spectrum for such a porous silicon thin film shows a characteristic Fabry-Perot 

interference pattern; the fringe spacing is dependent upon the optical thickness of the 

porous silicon layer. Infiltration of bioreceptors into the pores, and the subsequent 

biorecognition reaction with a target molecule results in a change in the optical thickness 

of the thin film due to the increase in the effective refractive index as the biological target 

replaces air in the pores. Detection of a specific molecular species is possible due to 

appropriate surface chemistry preparation in the pores, as discussed in Section 2.1.2. 

 

 

Figure 1.3 Single layer porous silicon film on silicon substrate. Characteristic Fabry-Perot interference 

patterns are produced through reflectance measurement (a). Infiltration of the porous silicon film with 

biomolecules (b) increases the effective refractive index of the layer, and results in a shift in the 

interference fringes. The change in reflectance spectrum upon infiltration with biomolecules is 

demonstrated (c). 
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 A porous silicon interferometric biosensing device was first introduced by Sailor 

and colleagues in 1997, a breakthrough which sparked significant interest in porous 

silicon as a platform for optical biosensing [40]. A porous silicon thin film was fabricated 

via electrochemical etch, oxidized, and functionalized with a chemical linker. Either 

DNA oligonucleotides or proteins were attached as bioreceptors in the films. To monitor 

the DNA hybridization or protein interaction, the reflectance spectrum was taken before 

and after exposure to the target molecule of interest, and the Fabry-Perot fringes were 

monitored. In the initial work by Sailor and colleagues, a blue-shift (e.g. shift to shorter 

wavelengths) in the interference pattern - instead of the expected red-shift (e.g. shift to 

longer wavelength) corresponding to an increase in optical thickness - was observed. This 

blue-shift of the DNA was later attributed to the corrosion of the porous silicon layer 

upon exposure to the analyte solution [41]. This unanticipated dissolution of the film, 

however, resulted in a sensitivity that remains unmatched in similar single layer porous 

silicon sensors using optical reflectance measurements. Detection limits in the sub-

picomolar range were observed [40]. Recently it has been shown that labeling DNA 

oligonucleotides with charge-carrying metal complexes can increase the porous silicon 

corrosion rate, thus improving the sensitivity of the detector. With a labeled system in a 

single-layer interferometer sensor, detection limits in the sub-micromolar range can be 

achieved for a number of bioreceptor and target pairs [42]. 

 The dissolution of the porous silicon thin film, and thus the blue-shift of the 

Fabry-Perot spectrum, can be prevented by selecting appropriate surface passivation 

chemistry. Essentially, the observation of a blue-shift indicates that the surface was not 

effectively passivated against chemical attack by the analyte solution. By adjusting the 
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oxidation or silanization conditions appropriately, the surface dissolution in analyte is 

prevented, allowing for unambiguous detection of the target molecules through a red-shift 

in the Fabry-Perot optical signature. This red-shift in the optical reflectance spectrum has 

been observed for affinity interactions [43], protein-protein interactions [44], DNA 

hybridization [45], and small molecule binding [46] in single layer porous silicon. These 

systems, however, are considerably less sensitive than those relying on porous silicon 

dissolution. Typical detection limits of red-shifted sensors are in the micromolar range 

[5]. 

 In recent years, there has been further development of Fabry-Perot optical 

materials for biosensing, such as two-layer interferometric biosensors with different pore 

sizes in each layer. A major limitation of the single-layer devices is the drift observed in 

the effective optical thickness of the thin film due to complex media being introduced and 

inferring with the sensor. Drift can be difficult to account for in real-time measurements, 

and has a significant impact on sensor performance. The two-layer architecture provides 

a top porous layer for the biorecognition event to occur within, and adds a bottom porous 

layer to act as the reference layer. The porosity, and correspondingly pore size, of the 

bottom layer is sufficiently small to exclude biomolecules based upon size, ensuring that 

the target biorecognition event occurs only in the top porous layer. When reflectance data 

is taken for these two layer systems, the three superimposed interference patterns that 

result (i.e. due to top layer,  bottom layer, and combined layers) allow for a built-in 

control to compensate for signal drift by separately providing data on the binding, 

adsorption, and partitioning in the layers. Size-dependent filtration and molecular 

detection was demonstrated using the bovine serum albumin (66kDa) and sucrose (0.34 
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kDa). The porosities of the layers were tuned such that the larger BSA molecule could 

only penetrate the top porous layer, but the smaller sucrose molecule could access both 

the top and bottom pores [47]. 

1.2.3 Bragg mirrors 
 

 

 

Figure 1.4: The Bragg mirror consists of alternating layers of high index and low index porous silicon (a). 

The Microcavity consists of similar alternating layers of high and low index, but a defect cavity is 

introduced into the middle of the structure, breaking the periodicity (b). 

 

 

 

Bragg mirrors are a class of one-dimensional photonic crystal that have been 

produced in porous silicon for biosensing. Fabrication builds upon the methods discussed 

in the previous section. By periodically changing the applied current density during the 

electrochemical etch using a step function; alternating layers of high and low porosities 

of porous silicon are obtained as shown in Figure 1.4. The condition λ/4 for the optical 

thickness is typically applied to the Bragg mirrors, and gives a near 100% reflectance 

band over the spectral region of interest, centered at the designed wavelength λ. When 

biomolecules infiltrate into the porous layers, there is a red-shift in the wavelength of the 

stop-band, allowing one to monitor changes in the reflectance spectrum of the Bragg 

mirror to detect the presence of biomolecules. 
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 Some limited work in biosensing with Bragg mirrors has been done, including a 

set of theoretical [48] and experimental analyses comparing the sensitivity of Bragg 

mirrors to single-layer porous silicon layers [49]. When a sucrose solution was 

introduced to the different porous silicon architectures, experiments suggested that Bragg 

mirror biosensors may be more sensitive than single layer biosensing structures [49].  

1.2.4 Microcavities 
 

Introduction of a defect layer in the middle of a Bragg mirror results in a porous 

silicon architecture known as a microcavity as shown in Figure 1.4. The defect layer is 

simply a layer that has a different optical thickness than either of the repeated two-layers 

that form the Bragg mirror. A resonant microcavity is often formed within a Bragg 

mirror, with an optical thickness that is an integer multiple of λ/2. Breaking up the 

periodicity of the Bragg mirror with the resonant cavity results in a sharp resonance 

feature in the reflectance spectrum, located within the Bragg stop band at the designed 

wavelength λ. This resonance occurs as light becomes trapped and resonates in the defect 

in the microcavity [50]. The resonance can be quite sharp and narrow, which suggests 

that a microcavity may be a highly sensitive system capable of detecting very small shifts 

in the optical spectrum. As a result, microcavities have received considerably more 

attention than Bragg mirrors for biosensing applications. Sub-nanometer line width cavity 

resonances are possible in microcavities with optimized parameters [51]. 

 As with the Bragg mirror, in order for the microcavity to be effective in 

biosensing applications, the pore size must be sufficiently large to allow for infiltration of 

the target biomolecules into the pores. In particular for the microcavity, the biomolecules 

must pass into the defect layer deep within the Bragg mirror layers (typically > 1 μm) if 
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any signal from the sensor is to be measured. This limits the possible applications of 

Bragg mirrors and microcavities in macromolecule detection. In order to expand the list 

of potential target molecules, techniques have been developed to expand the pore 

openings found in microcavity architectures. One such technique employs post-

anodization etching of porous silicon in an alkaline solution [52], which was shown to 

enlarge the pores and allow infiltration of protein into the defect layer. Pore widening 

does, however, result in a broadening of the cavity resonance, which compromises the 

ultimate detection limit of the sensor. For macromolecules such as proteins, optimizing 

and etching a porous silicon microcavity with larger pores by utilizing n-type silicon has 

been shown to be an effective way to preserve reasonable optical quality of microcavity 

sensors with pore diameters of approximately 100nm [53, 54]. Similar microcavity 

structures have also shown promise in label-free detection of specific antigens in serum 

and whole blood samples, indicating that the inherent size exclusion properties of these 

sensors could prove effective in direct point-of-care analysis of complex biological 

samples [55].  

1.2.5 Rugate filters 
 

 

 

Figure 1.5: In a porous silicon rugate filter, porosity varies in a sinusoidal manner between high and low 

porosity. The structure is fabricated by applying an etch current varying sinusoidally in time. 
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As opposed to the step-wise variations in porosity to achieve porous silicon 

microcavities, rugate filters are produced by sinusoidal variation of the current density 

applied during the electrochemical etch as illustrated in Figure 1.5. The resulting 

reflectance spectrum of a rugate filter is characterized by a relatively narrow high-

reflectance stop-band with suppressed side lobes. Similar to the architectures previously 

described, small changes to the effective optical thickness of the porous matrix will result 

in a shift of the characteristic reflectance stop-band. Thus the optical reflectance 

characteristics again allow the porous silicon to act as a signal transducer upon 

biorecognition and binding of the target molecule. One significant advantage of the 

rugate filter over Bragg mirrors or microcavity sensors is the low contrast between the 

high and low porosity layers. Generally, the porosity variation is less than one percent, 

meaning the difference in diffusion rates for the biomolecules varies little from one layer 

to another. 

 Porous silicon rugate filters have received considerable interest in the literature 

for their application in detecting enzymes. Sailor and colleagues utilized a rugate filter 

architecture in their “smart dust” microparticles [56]. The porous layers in their work 

were functionalized via methylation, which prevented the infiltration of large 

biomolecules into the pores. The protein zein was subsequently adsorbed onto the upper 

surface of the porous silicon. Exposure to the enzyme pepsin led to digestion of the zein, 

breaking the protein into smaller peptide fragments which could easily filter into the 

rugate filter’s pores. As these digestion products infiltrated into the pores, a red-shift in 

the reflectance spectrum was observed. This device showed a color change visible to the 
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naked eye when protease concentration was higher than 14µM. The detection limit of this 

“smart dust” towards protease was 7µM [57]. Gao and colleagues were able to replicate 

this system using gelatin instead of zein, and detected the presence of the enzyme 

gelatinase [58]. Rugate filters with the ability to detect protease via digestion products 

could have applications in biological laboratories, possibly in the development of petri 

dishes with a built-in system to monitor the health of cell cultures by the presence of 

protease. 

 An alternative system for protease detection in rugate filters was developed by 

Kilian and colleagues [59]. Instead of adsorption on the top surface of the porous matrix, 

short peptides were covalently immobilized in the internal surfaces of the porous silicon 

matrix. Subsequent exposure to the target protease resulted in a blue-shift of the stop-

band, as the peptides within the matrix are digested and the resulting small fragments are 

washed out of the sensor. Because a single protease may digest many peptides within the 

sensor, a low detection limit of 7.2pM of protease was achieved. Similar systems have 

been developed for detection of protein loading, cellular processes, and other small 

biomolecules. 
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1.2.6 Waveguides 
 

 

 

Figure 1.6: At left, the waveguide structure is illustrated, with a high refractive index layer of porous 

silicon above a low index cladding layer of porous silicon. Under specific conditions, an incident beam 

may be coupled into the waveguide layer and will propagate by total internal reflection within that high 

index, low porosity layer. The conditions at which a mode match will occur are dependent upon the 

effective refractive index of the porous silicon layer. At right a typical graph showing the shift to higher 

resonance angle upon the change in refractive index of the waveguide layer. 

 

 

 

Porous silicon waveguides for biosensing are a relatively recent advance [60], 

although porous silicon waveguides were used for solvent detection as early as 1998 [61]. 

A significant advantage of the waveguide structure is that light is guided in the plane of 

the thin film, facilitating the integration of such a sensor, along with source and detector 

components, into lab-on-a-chip devices. Additionally, the active sensing layer in a porous 

silicon waveguide is the top porous layer, eliminating the infiltration difficulties that can 

plague Bragg mirrors, rugate filters, and microcavities, where biomolecules must filter 

through many layers of both high and low porosity. As a result, waveguide sensors 

display electric field localization, sharp resonance peaks, and a thin sensing layer, 

qualities that facilitate fast response and a high sensitivity detection of molecules. 

 A prototypical porous silicon waveguide consists of a waveguide layer of low 

porosity (high refractive index) porous silicon in which light is guided via total internal 

reflection, bounded by a cladding layer of high porosity porous silicon (low refractive 
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index) as shown in Figure 1.6. Porous silicon waveguides have also been demonstrated 

using a single layer of porous silicon with a low index polymer cladding [62, 63]. A 

prism or grating [64] can be used to couple light into the waveguide from the top. Under 

the proper conditions (e.g. angle of incidence, wavelength of light) a characteristic dip, or 

peak, in the reflectance spectrum appears. Varying the effective porous silicon optical 

thickness by biorecognition events in the waveguide results in a shift in the reflectance 

resonance, and allows for quantitative analysis of the target biomolecules present. 

 Previous work has demonstrated that compared to SPR platforms, porous silicon 

waveguides may show higher sensitivity by attenuated total reflection measurements 

[60]. In a porous silicon waveguide, guided waves propagate through the material 

overlapping with the region in which molecular binding events occur, unlike SPR sensors 

in which an evanescent, exponentially decaying wave interacts with bound molecules; 

hence, the strength of interaction between light and target molecules is higher in the 

porous silicon waveguide. Weiss and colleagues demonstrated the use of p-type porous 

silicon waveguides for detection of target DNA oligos of 8-, 16-, and 24-mer in length, 

with the lowest detection limit projected to be in the nanomolar range [62, 63, 65]. 

Bioreceptor and target molecule infiltration for a given waveguide porosity was shown to 

be dependent upon the DNA oligo length [66]. 

1.3 Current challenges in label-free small molecule and oligo detection 
 

Even with the many advances in label-free sensing described in previous sections, 

many challenges remain, particularly in the area of small molecule detection. A major 

obstacle is that, given their relatively low mass, small molecule targets often cannot 

generate sufficient signal in a label-free platform. In SPR immunoassay sensors for 
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example, direct detection of antigenic targets may be possible, but such systems generally 

display poor sensitivity or low signal. Frequently high mass labels are attached to target 

antigens or competitive immunoassays are developed or signal enhancement via 

nanoparticle conjugation will be introduced to improve small molecule detection. In such 

systems however, the advantages of a label-free sensing approach – no pre-sensing work-

up, real-time kinetics analysis – are forfeited.  

The high surface area to volume ratio in porous silicon allows for the 

immobilization of a large number of bioreceptors within the porous matrix, increasing the 

likelihood of target capture and detection. As noted in the previous section, a major 

advantage of porous silicon is its ease of integration with standard semiconductor 

processing and well-described tunable morphology. By changing fabrication parameters, 

structures with pore sizes ranging from a few nanometers to several microns can be 

achieved, uniform porosity layers with controlled thickness approaching the thickness of 

the starting silicon substrate are possible, and switching between discrete layers of 

different porosity or forming uniform gradients between high and low porosity as etching 

progresses down into a silicon wafer have been described. The variation in possible pore 

sizes can allow for the infiltration of biomolecular targets of interest while excluding 

larger, contaminating species. However, with very small targets – such as nucleic acids or 

small molecules – challenges of bioreceptor molecule preparation remain.  

Previous work in the Weiss group has demonstrated that infiltrating porous silicon 

waveguides with bioreceptors can be challenging, even when the waveguide pore 

diameters are up to five times larger than the bioreceptor size [67]. In this case, the aspect 

ratio and charge on DNA bioreceptors may have resulted in a significant barrier to 
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infiltration into porous silicon. If porous silicon waveguides are to be utilized in 

biosensing applications while retaining their high sensitivity and selectivity, alternatives 

to simple bioreceptor infiltration for pore wall functionalization must be realized. In 

addition, the desired small pore diameters of the porous silicon waveguide limit the 

possible classes of bioreceptor that may be used for target capture. In order to expand 

porous silicon waveguide usage to applications involving small molecules that are 

captured using a larger molecule bioreceptor, it is likely that the bioreceptors for these 

small molecules will need to be synthesized from the bottom up within the mesopores in 

order to circumvent the inherent size-selecting properties of the porous silicon. 

1.4 Objectives of the dissertation 
 

The objective of this dissertation is to implement and optimize a method of DNA 

synthesis into porous silicon optical structures for use as nucleic acid bioreceptors within 

a label-free optical sensing platform. This work will demonstrate that in situ synthesis of 

DNA bioreceptors and tuning of DNA surface density allows for unmatched detection 

sensitivity for oligo sensing in porous silicon waveguides. Additionally, the in situ 

synthesis method allows for longer oligo sequences to be achieved in mesoporous 

waveguides than could be infiltrated by traditional attachment methods. These longer 

DNA oligos may be used as aptamers for the detection of small molecule targets. The 

chapters to follow will each examine one of the objectives below: 

o Demonstrate synthesis of DNA oligonucleotides in porous silicon waveguides, 

and compare to traditional porous silicon functionalization with infiltrated, pre-

synthesized DNA oligonucleotides (Chapter 2). 

 

o Observe the selective detection of target oligonucleotides by in situ synthesized 

DNA bioreceptors within the waveguides (Chapter 3). 
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o Optimize DNA bioreceptor surface coverage within porous silicon in order to 

reduce steric crowding effects and increase sensitivity toward target biomolecules 

(Chapter 4). 

 

o Utilize in situ synthesized DNA bioreceptors in porous silicon as aptamers for 

detection of small molecule targets (Chapter 5).  

 

  



27 

 

Chapter 2 

2. POROUS SILICON WAVEGUIDE FABRICATION AND FUNCTIONALIZATION 

2.1 Porous silicon waveguide preparation and measurement 

2.1.1 Waveguide fabrication 
 

In a waveguide structure, light is guided in the plane of the thin film, facilitating 

the integration of such a sensor, along with source and detector components, into lab-on-

a-chip devices. The porous silicon waveguides used in this work were fabricated by 

traditional electrochemical etching techniques, using 15% hydrofluoric (HF) acid in 

ethanol as the electrolyte [67]. The waveguide consists of a low porosity (high refractive 

index) porous silicon layer in which light is guided via total internal reflection, bounded 

by a cladding layer of high porosity porous silicon (low refractive index) and air as 

shown in Figure 2.1. In other work, porous silicon waveguides have been demonstrated 

using a single layer of porous silicon with a low index polymer cladding [62, 63]. 

 

 

Figure 2.1: Two layer porous silicon waveguide structure fabricated by electrochemical etch in HF 

solution. At the resonance condition, light is guided in the top (high index) layer. The cladding layer (low 

index) is below (a). Lower applied voltage across the electrochemical cell results in the high index, low 

porosity layer, whereas higher applied voltage produces the low index, high porosity layer. 
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The development and details of the electrochemical etching parameters to form 

the porous silicon layers in hydrofluoric acid electrolyte with desired thickness and 

porosities have been developed previously in the Weiss group [65, 67]. Electrochemical 

etch in porous silicon is by far the most commonly used method of porous silicon 

fabrication. In his process, hydrogen-terminating silicon surfaces are immersed in the HF 

electrolyte and a current is applied perpendicular to the wafer surface. Applied current 

drives holes within the silicon matrix towards the exposed HF electrolyte solution. At the 

surface, successive nucleophilic attacks by the fluoride ions in solution at silicon-

hydrogen bonds occurs, forming two new silicon-fluorine bond and allowing for H2 to be 

released to the solution. The polarization of the Si-F species leaved the neighboring Si-Si 

bonds susceptible to further nucleophilic attack by fluoride ions. When a silicon 

tetrafluoride ion is formed, dissolution of this anion into the electrolyte after reaction with 

additional HF to the stable SiF6
-
 occurs.  In this manner, silicon atoms are dissolved from 

the substrate surface. The process occurs directionally as a result of the applied electric 

field. Hole transfer takes place at the interface between the silicon and the solvent. As 

pore tips begin to form, electric field is concentrated at these regions, initiating further 

etching. Holes are depleted from the side walls of the pores as they travel directionally to 

the wafer-electrolyte surface, minimizing pore widening effects and ensuring that the etch 

propagates primarily in one direction. Although some questions about the details of the 

mechanism remain, it has been described in detail in a number of texts [68-73]. 

For this work, p-type silicon wafers (~0.01 Ω cm) were chosen to enable 

mesopore formation. Before anodization, the native oxide layer was removed by soaking 



29 

 

for one minute in the 15% HF solution in ethanol, followed by ethanol rinsing. This 

procedure was used to facilitate the pore initiation process. Anodization then proceeded 

as detailed in Table 2.1. Samples are immobilized in a Teflon etch cell and exposed to 

electrolyte. The low current is applied first, forming the high refractive index, low 

porosity layer. After the desired thickness is achieve, current is turned off for two 

seconds. The high current is subsequently applied, forming the low refractive index, high 

porosity layer below. Current application and timing for each etch step in the waveguide 

fabrication is automated through a Keithley Instruments SourceMeter using Labview. 

 

 

Layer Current 

density 

(mA/cm
2
) 

Etch time 

(sec) 

Thickness 

(nm) 

Post-KOH 

Refractive 

Index 

Waveguide 5 42 240 1.77 

Cladding 48 60 1500 1.32 

 
Table 2.1:  Etch parameters for porous silicon waveguide fabrication. Resulting refractive index and 

thickness values (measured by SEM) are included for each layer following 30 min KOH pore opening 

process. 

 

 

 

Following HF electrochemical etch, the substrates are exposed to a 1.5 mM 

solution of potassium hydroxide (KOH) in ethanol for 30 min. This solution is prepared 

from a 9mM stock solution of KOH dissolved in water, which is diluted 5:1 with ethanol. 

The 30 minute incubation takes place in a sealed petri dish with full immersion of the 

substrate to limit evaporation of the solvent. At the end of the etch time, the KOH etch 

solution is pipetted out of the container, and the substrate is covered with ethanol for an 
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additional 5 minute soak. Finally, samples are removed from incubating solution and 

washed thoroughly with ethanol. Care is taken to ensure that samples do not dry out 

before having been thoroughly rinsed, as salt crystallization may occur within the pores. 

After washing, samples are dried under nitrogen. The resulting pore diameters were 20-

30 nm, estimated from SEM images.  

2.1.2 Optical measurement techniques 
 

A Metricon 2010 prism coupler was used to evanescently couple 1550 nm light 

from a diode laser into the porous silicon waveguide (Figure 2.2), although grating 

coupling [64] could also be used. Light couples into the waveguide at a resonant angle 

that corresponds to a wavevector match between the incident light and the propagating 

waveguide mode. This resonant angle directly correlates to the effective refractive index 

of the porous silicon waveguide, as shown in Equation 1, 

 

  0 0sinp effk n k n                         (1) 

 

where pn  is the refractive index of the prism,   is the angle of incidence within the 

prism, and effn  is the effective index of the waveguide mode, which is related to the 

refractive index of the porous silicon film. The presence and quantity of DNA or other 

molecules inside the waveguide is determined by monitoring the resonant angle θ that 

satisfies Equation 1. Molecular DNA attachment inside the pores causes the refractive 

index of the porous silicon to change, leading to a change in the effective index of the 

waveguide mode and a corresponding shift of the resonant angle. The magnitude of the 

resonance shift increases as a function of the quantity of molecules immobilized in the 
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pores. The waveguide allows particularly sensitive detection of small molecules since the 

electric field is primarily confined in the top porous silicon layer; hence the most 

sensitive sensing region (i.e. top waveguideing layer) is the layer that is most easily 

accessible to infiltrates. Given the fast response time and strong field confinement 

observed in porous silicon waveguides, even small concentrations of molecules attached 

in the pores result in a measurable shift of the coupling angle. 

 

 

Figure 2.2: Schematic of prism coupler configuration for measurement of a porous silicon waveguide 

sample with DNA. The source is a 1550 nm diode laser. For most incident angles, light reflects off the 

prism base into the detector. For one particular angle (i.e., resonance angle), light is evanescently coupled 

into the waveguide. The inset graph shows typical attenuated total reflectance spectra characterized by a 

dip in reflectance at the resonance angle; the resonance shift to higher angle that occurs upon the 

introduction of biomolecules such as DNA into the waveguide is illustrated. 

 

 

2.1.3 Porous silicon waveguide passivation 
 

Porous silicon waveguides for biosensing are a relatively recent advance [60], 

although porous silicon waveguides were used for solvent detection as early as 1998 [61].  

Of critical importance in the development of porous silicon biosensing platforms and 
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devices is the silicon surface preparation, allowing for appropriate passivation of the 

material towards aqueous solutions and functionalization for recognition of the 

biomolecule target. Passivation of the surface to provide a stable material for detection in 

a variety of biological solutions is especially important for porous silicon due to its 

biocompatibility, which causes degradation in physiologic fluids [74]. Detection of a 

number of biomolecules of interest, particularly in lab-on-a-chip flow cells, occurs in 

physiologic fluids. Surface degradation could lead to dramatic changes in effective 

optical thickness, which would significantly affect sensor performance and reliability 

[75]. This effect becomes amplified with the high surface-to-volume ratio in porous 

silicon. 

Immediately after fabrication, porous silicon architectures have silicon-hydride 

terminated pore walls. The silicon-hydride bond is highly susceptible to oxidation under 

ambient conditions, so immediate stabilization of the material is required. Given the 

disparity between the near infrared refractive indices of silicon oxide (n = 1.45) and 

silicon (n = 3.5), fixing the silicon to oxygen ratio in the sensing layers of the material is 

critical. There are two general methods of surface passivation currently utilized in silicon 

photonics. The first method involves controlled growth of an oxide layer on the porous 

silicon architecture, and the second method involved passivation of the surface via 

formation of silicon-carbon bonds. 

The more common method for porous silicon passivation is the growth of an 

oxide layer. The popularity of this method is more likely a reflection of the method’s 

relative ease and repeatability, and not necessarily the quality of the resulting surface. An 

oxide layer on the surface of the silicon matrix can be produced thermally or by ozone. 
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The thickness of the oxide layer grown thermally depends upon the temperature and time 

for oxidation, as well as the oxygen content of the furnace. Growth of a sufficiently thick 

surface oxide layer prevents further changes in the effective optical thickness due to 

ambient conditions, but may not be sufficient to protect the surface from dissolution in 

aqueous solutions. After oxidation, silane chemistry is frequently utilized to form a 

protective alkyl silane monolayer on the silicon surface, further limiting attack on the 

silicon matrix by water molecules. Using alkyl silanes, the silicon sensor architecture can 

be tuned to sense a range of targets by selecting an appropriate distal functional group on 

the silane monomer, providing appropriate attachment groups for many different 

bioreceptors. The major advantage of silane attachment is that it can be performed under 

ambient conditions; however, there is a strong tendency for silanes to form multilayers 

instead of monolayers, and the polarity of the silicon-oxygen bond formed upon 

silanization is highly susceptible to hydrolysis [41]. 

For many applications, oxidization and silanization provide an appropriately 

passivated and functionalized surface for sensing. An alternative surface preparation 

method exists in hydrosilylation. The procedure involves exposing the hydride-

terminated silicon to an alkene or alkyne, forming a very stable alkyl monolayer on the 

surface. Because the resulting silicon-carbon bond is non-polar, this method forms a far 

more stable monolayer than with silanization. Additionally, since there is no possibility 

for cross-linking, this method does not result in multilayer formation [76]. Surface 

passivation by hydrosilylation does have a major limitation in that it must occur under 

inert atmosphere, as formation of silicon oxides on the surface of the matrix will 

significantly compromise the quality of the monolayer formed. Hydrosilylation has been 
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demonstrated as a highly effective surface preparation technique for biosensing, and has 

been used to attach a number of bioreceptors to various porous silicon architectures [77]. 

Figure 2.3 illustrates the difference in surface attachment between silanized and 

hydrosilylized silicon surfaces. Note that both surface functionalization methods are 

generally only a starting point for bioreceptor attachment, and further surface chemistry 

is often required for sensing. 

 

 
 

Figure 2.3: Sample reactions for porous silicon surface passivation. (a) Hydrosilylation reactions, involving 

either alkene or alkyne reagents, form silicon-carbon bonds. (b) Silylation (or silanization) reactions attach 

silane molecule to oxidized porous silicon via linkage to surface oxygen. 

 

2.1.4 Importance of surface chemistry 
 

For some applications, including drug delivery, the biocompatibility of porous 

silicon is a highly desirable property; the dissolution of porous silicon to silicic acid in 

aqueous solution can be used as a timed release mechanism [74]. In biosensing devices, 

however, the dissolution of porous silicon in aqueous solutions and physiologic fluids is 
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detrimental to the sensitivity and lifetime of the sensor. Thus, a critical part of porous 

silicon biosensor design is passivation of the material to limit in-solution fouling and 

degradation [41, 42, 77]. A number of surface treatment and passivation techniques for 

porous silicon have been reported in the literature. The most commonly utilized approach 

begins with oxidation (thermal or chemical) of freshly etched, hydrideterminated porous 

silicon. Subsequent silanization of the surface produces a protective coating and 

introduces surface functionality for biosensing via the choice of silane molecule. An 

alkylsilane may be attached to the oxidized porous silicon surface via vapour phase 

deposition, organic solution phase, or aqueous solution phase [78]. While the popularity 

of the oxidation and silanization passivation technique likely stems in part from its 

simplicity (typically a one-pot reaction performed in air), there are several drawbacks. 

Repeatability of the process can be difficult, and the resulting Si-O-Si bonding at the 

silane/substrate interface leaves the material susceptible to degradation of the surface due 

to nucleophilic attack. This nucleophilic attack occurs when one of the electron pairs in a 

solvent water molecule attacks the polar covalent Si-O surface bond, releasing silane 

from the surface and exposing the porous silicon to dissolution in an aqueous solution. 

One method for reducing the dissolution of silanized porous silicon is to use large 

molecular spacers on the substrate surface, such as long polyethylene glycol oligos, to 

sterically prevent water molecules from reaching the substrate surface [79]. This method, 

however, may not be desirable in meso- or nanoporous materials where the length of the 

PEG spacer could block a considerable fraction of the pore opening [66]. 

Alternative surface functionalization methods for porous silicon involve the 

formation of silicon-carbon bonds on the silicon surface [80-82]. One such method, 
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hydrosilylation, utilizes an alkene or alkyne molecule reaction with the hydride-

terminated, freshly etched porous silicon surface [83]. This procedure results in a highly 

stable, non-polar silicon-carbon bond between the substrate and the coating alkyl 

molecule. The Si-C bond imparts much higher stability to the substrate than can be 

achieved through oxidation and silanization, but this method must be completed with the 

porous silicon substrate under inert atmosphere, making it impractical in some settings. 

Additionally, the efficiency of hydrosilylation is low, ranging from ~15-30%, depending 

upon the selected technique [84]. In addition to attaching surface coatings of 

functionalized organic molecules, there are also vapour-phase inorganic coatings that 

may be applied to the as-prepared porous silicon substrates. Using an acetylene gas 

furnace treatment, porous silicon can be thermally carbonized, resulting in a Si-C surface, 

without the attached alkyl monolayers formed during hydrosilylation [85, 86]. While 

thermal carbonization offers better efficiency, like hydrosilylation, this technique requires 

the exclusion of air and moisture from the sample before processing under a controlled 

atmosphere. Moreover, there have not been many reports of using a carbonized porous 

silicon surface for the attachment of biomolecules [87, 88]. 

The following work investigates conditions for achieving a thin, robust silanized 

coating on mesoporous silicon. The route of oxidation and silanization is chosen for its 

simplicity and ability to produce hydroxyl functionality in a single chemical step in air 

ambient. In order to mitigate the problems of multilayer formation, poor repeatability, 

and low stability, post-silanization treatments and washing may be utilized. In particular, 

a specific annealing and hydrolyzing protocol is developed for silanization with N-(3- 
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triethoxysilylpropyl)-4-hydroxybutyramide (TEOS-HBA), which can be used in 

oligonucleotide synthesis on porous silicon waveguides [89]. 

2.2 Porous silicon waveguide silanization 
 

2.2.1 Silanization with N-(3- triethoxysilylpropyl)-4-hydroxybutyramide 
 

To prepare the porous silicon waveguides in this work for in situ DNA synthesis 

of bioreceptors, as will be described in Section 2.3, the waveguides were thermally 

oxidized in a furnace under atmosphere at 800°C for 30 minutes. Surfaces were 

functionalized via silanization with 95% purity N-(3- triethoxysilylpropyl)-4-

hydroxybutyramide (TEOS-HBA), obtained from Gelest; the structure of this silane is 

shown in Figure 2.4 A 4% solution of TEOS-HBA was prepared by combining 1900 μL 

ethanol, 100 μL DI water, and 83 μL of TEOS-HBA. The porous silicon waveguide 

samples were incubated in the silane solution for 16 hours. Samples were immersed 

completely in silanizing solution and stored overnight in a lidded petri dish to limit 

evaporation for the duration of the incubation. Following silanization, samples were then 

rinsed with ethanol and placed in an oven for annealing under atmosphere. Figure 2.4 

shows the shift in resonance angle measured by reflectance for a range of weight percent 

TEOS-HBA in the ethanol and water solution. The magnitude of the resonance shift 

increases with increasing silane concentration below about 3% suggesting that monolayer 

coverage of the silane is not achieved for the lower concentration solutions. Above 

approximately 3%, the resonance shift begins to stabilize, suggesting that monolayer 

coverage of the silane is achieved in the pores. For silanization experiments, a 4% TEOS-

HBA solution is selected to reach the maximum monolayer coverage while minimizing 
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the challenges seen in higher percent silane solutions, such as aggregation and multilayer 

formation [90]. 

 

 

Figure 2.4:  (a) Schematic of a porous silicon substrate functionalized with the TEOS-HBA silane molecule 

used to prepare the surface for in situ DNA synthesis. The –OH functional group introduced on the surface 

acts as the 5’- terminal hydroxyl group in the phosphoramidite synthesis cycle to be described in section 

2.4. (b) Shift in porous silicon waveguide resonance angle measured after exposure to different weight 

percent of alkyltriethoxysilane in solution. A smooth concentration dependence is not achieved. Above 4% 

silane in solution, the resulting shift in resonance appears to near saturation, suggesting that all available 

binding sites on the surface have been filled. 

 

 

As compared with similar silanes for silicon functionalization, the quality of the 

TEOS-HBA silane monolayer was found to be highly sensitive to annealing and 

hydrolyzing conditions [91]. Due to its alcohol functional group, the silane is likely to 

form weakly bound multilayers on the silicon surface, which must be removed before the 

DNA synthesis begins [90]. If they remain on the surface, these weakly bound 

multilayers may detach during the DNA synthesis and hybridization, compromising the 

later measurements which will be discussed in Section 2.2.2. 
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2.2.2 Optimization of anneal and hydrolyzing steps 
 

Following silanization, annealing and hydrolyzing of the silanized surface was 

performed in order to further passivate the substrate and stabilize the silane coating [75]. 

Annealing was performed in a furnace in atmosphere. Afterwards, waveguides were 

rinsed with ethanol and water, and dried under nitrogen. Samples were hydrolyzed by 

soaking in deionized water at room temperature. During hydrolyzing, samples could be 

removed from the water soak and measured via prism coupling. After removal from the 

water soak, samples were dried under nitrogen before measurement. 

When hydroxide terminated silica surfaces are exposed to silanization solution, a 

coating of the silane molecules via self-assembly forms on the substrate. The nucleophilic 

attack by the surface hydroxyl groups on the alkoxy groups from the TEOS-HBA 

molecule in solution aids in anchoring the molecule to the substrate [90]. The result is a 

covalent Si-O-Si bonding pattern on the surface, which passivates the porous silicon 

against oxidation and corrosion [75]. Post-silanization annealing induces cross-linking 

between neighboring surface- assembled molecules, as illustrated in Fig. 2.5. 
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Figure 2.5: (a) Schematic showing the formation of a TEOS-HBA monolayer on oxidized silicon substrate. 

(b) Cross-linking between neighboring TEOS-HBA molecules occurs during the annealing process via loss 

of ethanol. Figure adapted from [92]. 

 

 

 

Literature reports using TEOS-HBA are limited [90, 93, 94], and the silanization 

procedures described vary considerably. None of the prior reports discuss the use of 

TEOS-HBA in nanoscale pores. To examine the effects of annealing temperature on 

silanization quality in porous silicon, two different annealing temperatures were selected: 

100 °C and 200 °C. Additionally, two different annealing times were examined: 1 hour 

and 16 hours. These conditions were chosen based on similar studies performed on the 

commonly utilized aminopropyltriethoxysilane (APTES), which suggested that the 

annealing conditions (i.e. temperature and time) may have a significant impact on the 

quality and robustness of the resulting coating [78, 91, 95]. For each waveguide at the 

various conditions, the resonance angle was determined using the Metricon prism 

coupler, as described in Section 2.1.2, at each step: after oxidation, after silanization, 

after annealing, and after washing. Low temperature (100 °C) annealing of the waveguide 
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silanized for 16 hours led to a resonance shift of 1.402° to higher resonance angle, 

indicating a coating of molecules was formed on the pore walls. The magnitude of the 

shift was consistent in different regions of the sample. As a reference value, analysis 

based on the transfer matrix method and effective medium theory predicts that a perfect 

monolayer coating of TEOS-HBA would produce a resonance shift of 1.150°, assuming a 

uniform coating thickness of 0.9 nm and a coating refractive index of 1.5 [63]. 

Comparing the expected shift and the actual shift immediately following 

annealing, it is clear that the low temperature annealed TEOS-HBA coating exceeds a 

monolayer, likely producing islands of multilayer formation. Multilayer formation is 

typical for hydroxyl-terminated silanes due to hydrogen bonding and cross-linking 

between the hydroxyl-functional end and the triethoxysilane-functional end of another 

molecule in solution [90]. On planar substrates, hydrolysis and subsequent dissolution of 

TEOS-HBA coatings has been found to remove weakly-bound multilayers [90]. Methods 

of surface abrasion have also been developed to reduce the coatings to roughly 

monolayer coverage on the planar substrates [90, 96, 97]. Since surface abrasion is not 

possible within a porous material, the efficacy of simple hydrolysis in reducing the 

multilayer silane coverage in the porous silicon waveguide was explored. As shown in 

Figure 2.6, upon soaking the low temperature annealed porous silicon samples in 

deionized water over the course of several hours, shifts to lower resonance angles were 

measured, indicating a loss of material from the surface of the sensor. After 7 hours, the 

loss of materials ceased and the resonance peak was stable to any further dissolution. 

Figure 2.6 demonstrates the silanization and subsequent degradation of the functionalized 

porous silicon following hydrolysis and dissolution of the silane coating in water. The 
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difference in resonance angles corresponding to the initial oxidized surface and final 

silanized surface is 0.987°. This corresponds to a sub-monolayer surface coverage. 

Multilayer islands of TEOS-HBA may be retained on the surface, thus the actual percent 

of coated surface may be reduced further.  

 

 
 

Figure 2.6: Reflectance measurements of porous silicon waveguide after oxidation (black, solid line), 

silanization in TEOS-HBA and annealing at 100°C for 16 hours (red, short dashed line), and different 

hydrolyzing times (gray solid, green dashed, and blue dotted lines). The sample is passivated against 

further loss of material in the water soak after 7 hours. Adapted from [92]. 

 

 

 

Figure 2.7 illustrates the typical silanization and hydrolysis profile for a TEOS-

HBA silanized porous silicon waveguide that was annealed at 200 °C for 1 hour. The 

higher annealing temperature results in a TEOS-HBA coating that is considerably more 

stable towards aqueous solution; however, some material is still lost from the porous 

silicon surfaces during the first hour of soaking in water. After 1 hour of hydrolysis, no 

further shift is measured and the porous silicon is adequately passivated. The total 

resonance shift from oxidized baseline to stabilized sample after hydrolyzing is 1.238° 
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for the high-temperature annealing, compared with the post-hydrolysis total shift of 

0.987° for the low-temperature annealed substrate. The larger shift in resonance angle 

indicates a greater surface coverage with TEOS-HBA on the porous silicon surface. This 

value is slightly higher than the predicted value for a monolayer, which may be attributed 

to some remaining multilayer regions, as posited previously. Hydrolysis after high 

temperature annealing is completed after one hour, while hydrolysis after low 

temperature annealing required nearly eight hours. Higher annealing temperatures were 

not investigated due the predicted flash point of TEOS-HBA at ~207 °C. 

 

 

Figure 2.7: Reflectance measurements of porous silicon waveguide after oxidation (black solid line), 

silanization in TEOS-HBA and annealing at 200 °C for 1 hour (red dashed line), and hydrolysis for 1 hour 

(gray solid line). No further resonance shift is observed after longer hydrolysis times. Adapted from [92]. 

 

 

These experiments demonstrate that the TEOS-HBA silane on porous silicon 

could be stabilized on the porous silicon surface through annealing at 120°C for 16 hrs, 

followed by hydrolyzing the surface by soaking in DI water for 4 hrs. This extended 

annealing and hydrolyzing procedure produced a functionalized porous silicon surface for 
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which stable and repeatable resonance angle measurements were obtained after 

waveguide exposure to a variety of aqueous and organic reagents. This extended 

functionalization procedure, produces a porous silicon waveguide with long-term 

stability, as evidenced from the stability of resonance peaks in unaltered samples over the 

course of several weeks. 

2.3 In situ DNA synthesis in porous silicon 

2.3.1 Motivation 
 

The development of versatile detectors for biomolecules is an active area of 

current research, specifically for applications in medical diagnostics and biotoxin 

detection. Porous silicon has become a widely studied material for this purpose over the 

last decade. The porous structure provides significant advantages in its ability to filter out 

impurities by size and its substantial increase in reactive surface area. In order to take 

advantage of the large internal surface area of porous silicon devices, molecules need to 

be effectively immobilized within the confined nanoscale pores. Consequently, a major 

challenge facing biosensors that utilize porous materials is the effective infiltration of 

molecules into the pores [66].  

Synthesis of oligonucleotides in a porous template, for which the template pore 

size is substantially larger than the synthesized oligonucleotides, is the traditional method 

of producing DNA strands. After synthesis, for example in micron-sized glass pores, the 

DNA is cleaved from the template and collected. There have been very limited reports in 

the literature on DNA synthesis in porous silicon templates [98-100]. The following 

discussion presents the first report of in-situ DNA synthesis within a mesoporous silicon 

optical waveguide structure for label-free sensing. In this case, the pore size is only about 

fifteen times larger than the synthesized DNA (1.76nm and 3.52nm lengths for 8mer and 
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16mer oligos, respectively [101]). After DNA synthesis, the DNA probes are not cleaved; 

they remain as part of an active, functionalized sensing platform. As will be discussed in 

the following sections, the method of in-situ DNA synthesis in the porous silicon not only 

increases the probe DNA density on the pore walls compared to traditional 

immobilization techniques, but it also allows for flexibility in defining the probe 

sequence. Moreover, the detection sensitivity of the porous silicon waveguide is 

sufficient to detect oligonucleotides containing only a single base. Hence, combining the 

sensitivity of the waveguide platform with the high probe coverage obtained using the in 

situ DNA synthesis method, the functionalized porous silicon waveguides serve as the 

basis for a highly efficient sensing device. 

2.3.2 Phosphoramidite chemistry 
 

In order to take full advantage of the large surface area for sensing and the electric 

field confinement within the porous waveguiding layer, efficient infiltration of 

biomolecules into the nano- and mesoscale pore opening. For the surface chemistry and 

etch parameters used in this study, previous work within the Weiss Group indicated that 

DNA oligos must be approximately five times shorter than the pore diameter for 

diffusion into the pores [67]. This is a significant obstacle for developing a viable 

detection scheme. In order to circumvent this problem, the common commercial method 

of DNA phosphoramidite synthesis is applied to porous silicon waveguides. 

 Typically, DNA can be though of as two long polymers wound together in an 

anti-parallel manner and coiled around the same axis. The monomers sub-units are 

known as nucleotides. As shown in figure 2.8, each DNA nucleotide is comprised of a 

nitrogen-containing base, a deoxyribose sugar, and a phosphate group. The nitrogen-
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containing bases are heterocylic aromatic compounds covalently bonded to the 1’ carbon 

of the deoxyribose sugar. The purine bases are guanine and adenine, and the pyrimidine 

bases are cytosine and thymine. The sugar is a five member ring that make up half of the 

DNA  backbone. The carbons of the sugar are systematically named 1’ through 5’, with 

the prime designation serving to distinguish the deoxyribose carbons from the carbon 

numbering in the purine or pyrimidine ring. The final region of the nucleotide is the 

phosphate group, which is covalently attached to either the 3’ or the 5’ carbon of 

deoxyribose, and comprises the other half of the DNA backbone. 

 

 

Figure 2.8: The general structure of a deoxyribonucleic acid (DNA) nucleotide. A nucleotide monomer is 

composed of three basic parts: the nitrogen-containing base, the deoxyribose sugar, and a phosphate group. 

In general, the phosphate group of a nucleotide may be attached at either the 5’ or the 3’ carbon of the 

deoxyribose sugar. The structures of the purine and pyrimidine bases are also shown. 

 

 

 

After the porous silicon waveguide fabrication, thermal oxidation, and 

silanization with TEOS-HBA, oligonucleotide bases are attached directly to the 

functionalized surface through use of an Applied Biosystems Model 392 DNA 

Synthesizer modified to direct reagent flow onto the waveguide surface. The 

phosphoramidite method [102] is used, and is outlined in Figure 2.9. The waveguide is 
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attached to the 3’-hydroxyl end of the oligonucleotide, and subsequent nucleotide 

additions attach onto the 5’-hydroxyl end.  

 

Figure 2.9:  Schematic of phosphoramidite method of DNA synthesis on a solid support frequently used in 

commercial DNA synthesis in controlled pore glass. In this work, DNA is synthesized on silanized porous 

silicon waveguides. Synthesis initiates at an –OH functional end group, and DMT-protected nucleotides are 

added one at a time in a specified DNA sequence. 

 

 

The DNA oligonucleotide cycle starts with addition of the first nucleotide with a 

phosphoramidite protected 3’ monophosphate onto the hydroxyl-functionalized porous 

silicon waveguide. Tetrazole, a weak acid, is added to the flow cell chamber 

simultaneous with the nucleotide, protonating the nitrogen on the phosphoramidite, 

creating an intermediate activate toward nucleophilic attack. The nucleotide bonds to the 

hydroxyl head group through the formation of a phosphite bond through the 3’ end of the 

protected nucleotide. On the 5’end of the newly attached nucleotide a dimethoxytrityl 
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(DMT) protecting group prevents further addition onto the chain at this step in the 

synthesis. 

Capping follows immediately after nucleoside coupling, effectively terminating 

any chain that did not undergo nucleotide addition in the preceeding coupling step. At 

this point in the synthesis cycle, such “failure sequences” have a 5’ hydroxyl end group. 

Introduction of acetic anhydride and 1-methylimidazole into the flow cell rapidly caps 

these groups by acetylation, preventing further chemistry on these chains. 

In the next step of the synthesis, the generated internucleotide linkage is oxidized. 

An iodine, water, and pyridine are introduced into the flow cell in a tetrahydrofuran 

solvent. Iodine acts as an oxidizer, converting the trivalent phosphite linkage to the more 

stable pentavalent phosphotriester.  

Finally, the dimethoxytrityl (DMT) protecting group is cleaved with the protic 

acid trichloroacetic acid (TCA), leaving a 5’ hydroxyl terminating nucleotide. A second 

nucleotide with 3’ a phosphoramidite protected monophosphate is introduced with the 

tetrazole activator, and the cycle begins again with attachment to the deprotected 5’-

hydroxyl group. The cycle continues as desired to generate the oligonucleotide sequence. 

Figure 2.10 illustrates the step-wise growth of an oligonucleotide sequence within the 

mesoporous substrate. 
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Figure 2.10: In-situ DNA synthesis. Nucleotides are attached one at a time off a silane linker monolayer. 

This method allows for high density of DNA to be achieved on pore walls, with little dependence on 

sequence length. 

 

2.3.3 Substrate Stability in DNA synthesis solvents 
 

One of the primary applications of synthesizing a hydroxyl-terminated substrate is 

to provide the requisite surface chemistry for synthesis of DNA [98, 100, 103]. Hence, it 

is important to test the stability of TEOS-HBA functionalized porous silicon waveguides 

against the various solvents used during DNA synthesis. The porous silicon samples were 

tested by exposure to a cycle of DNA synthesis solvents that are typically used for in situ 

DNA synthesis via the phosphoramidite method [102]. The solvents used during the 

standard phosphoramidite synthesis cycle include acetonitrile, tetrazole, dichloromethane, 

trifluoroacetic acid, methylimidazole, tetrahydrofuran, and iodine.  

The significance of the selected post-silanization annealing temperature and time 

become evident when the silanized waveguides are exposed to the DNA synthesis 

solvents. For a porous silicon waveguide annealed at the low temperature (100 °C) for 16 

hours, a large negative shift in resonance angle is observed upon exposure to the cycle of 

solvents, shifting by an average of -0.240°. This shift may result from porous silicon 

corrosion, TEOS-HBA dissolution, or a combination of the two processes. For porous 

silicon waveguides annealed at high temperature (200°C) for one hour, corrosion during 

DNA synthesis is reduced dramatically to approximately 0.063°. When the high 
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temperature anneal step is extended to 16 hours at 200°C, corrosion of porous silicon 

upon exposure to phosphoramidite synthesis solvents is almost completely eliminated, 

with the observed shift nearing the sensitivity of the prism coupling measurement. Table 

2.1 illustrates the differences in TEOS-HBA monolayer stability under various 

preparation conditions. 

 

Annealing Conditions Corrosion in Solvents 

16 hrs at 100°C -0.240° 

1 hr at 200°C -0.063° 

16hrs at 200°C -0.010° 

Table 2.1: Annealing conditions used for the silanization of porous silicon waveguides and the average 

observed shift in resonance angle following one cycle of a DNA phosphoramidite synthesis cycle (without 

nucleotide introduction). Annealing conditions for TEOS-HBA affect the stability of the surface coating 

towards the solvents. All samples were hydrolyzed to stability before DNA synthesis cycle was started. 

 

Cross-linking of the TEOS-HBA monolayer by sufficient high temperature 

annealing, and subsequent hydrolysis and dissolution of weakly bound multilayers, 

stabilized the waveguide sensor against corrosion in the organic solvents utilized for 

DNA synthesis. As a result, the synthesis of DNA oligonucleotides in stable porous 

silicon waveguides functionalized with TEOS-HBA can be realized [89], and 

hybridization of complementary DNA oligos to the in situ synthesized DNA has been 

achieved, as will be discussed in Chapter 3 [104]. 

2.3.4 Single-base sequence additions 
 

For the initial investigation of in situ synthesized DNA in a porous silicon 

waveguides, a series of eight thymine (T) oligonucleotides were synthesized in the pores. 

The waveguide resonance angle was measured after each T addition using the prism 
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coupling method described previously. As shown in Figure 2.11, a consistently increasing 

resonance angle was measured after the addition of each base. The first attached thymine 

showed a shift in resonance angle approximately twice that of the subsequent steps. The 

larger shift for the addition of the first base is believed to be a result of the protecting 

group on the first thymine, which is approximately the same size as a single base. The 

average shift for the first base was 0.233 degrees, and each subsequent base resulted in a 

shift of approximately 0.091 degrees. The maximum resolution of the prism coupler 

rotation stage is 0.002 degrees; the measured waveguide resonance shifts are well within 

the detection limit of the instrument. It should be noted that the thymine additions begin 

to deviate slightly from the linear fit as the oligonucleotide probe increases in length. 

Experiments have indicated that this deviation is a result of slight degradation of the 

silane linker layer, and not a result of inefficient in situ chain growth. While silane layer 

degradation was a concern when these initial in situ synthesis experiments were 

performed, subsequent work in optimizing the TEOS-HBA silane monolayer film quality 

through annealing and hydrolyzing eliminated this degradation problem for subsequent 

experiments.  

From Figure 2.11, it is clear that the sensitivity of the porous silicon waveguide is 

sufficient to detect the addition of molecules as small as a single nucleotide. The large 

surface area of the porous silicon waveguide and resonant sensing mechanism enable the 

detection of such small molecules. This measurement would not be possible using a 

traditional surface plasmon resonance sensor. Furthermore, the demonstration of in-situ 

DNA synthesis and measurement in porous silicon waveguides is noteworthy due to the 

size range of the pores (20-30nm) in which the DNA was synthesized. Previous reports of 
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DNA synthesis on glass [66, 105] or silicon [37, 98, 99, 106] supports have been on a 

much larger pore scale, often in the micron range. 

 

 

Figure 2.11:  Measured porous silicon waveguide resonance shift with in-situ addition of successive single 

base oligonucleotides (squares). Theoretical calculations (line) demonstrating the predicted linear shift of 

the resonance angle if 50% pore coverage is assumed (a). Resonance angle shift demonstrated upon the 

addition of a single DNA nucleotide bases in a sequence on an in situ synthesized oligo (b). 

 

One of the primary advantages of using in-situ synthesis of DNA, compared to the 

addition of prepared DNA strands to a silanized surface, is a substantially increased DNA 

density in the porous silicon. A total shift in the waveguide resonance of only 0.23° was 

observed when porous silicon waveguides functionalized with 3-

aminopropyltriethoxysilane and sulfosuccinimidyl 4-[N-maleimidomethyl]cyclohexane-

1-carboxylate were incubated in 100 μM of eight-base oligonucleotide solution (MWG 

Biotech) for one hour [66]. The phosphoramidite synthesis method of eight-base 

oligonucleotides on the porous silicon surface resulted in an average overall resonance 

angle shift of 0.956°, as shown in Figure 2.11. This significant difference in the 

magnitude of the resonance angle shift is evidence of greater DNA coverage by the 
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stepwise phosphoramidite method. We believe the effects of size exclusion and repulsive 

forces between charged oligonucleotides are magnified when pre-synthesized eight-base 

oligonucleotides are infiltrated into the pores instead of only single oligonucleotides. 

Each eight-base oligonucleotide has a length of approximately 1.8 nm, while the porous 

silicon pore size is 20 nm. The advantage of the phosphoramidite method over direct 

addition is even more significant for the immobilization of larger oligonucleotides in 

these pores. Tuning of porous silicon materials parameters (e.g., pore size) will also allow 

the fabrication of biosensors for molecules covering a wide range of sizes [107, 108]. 

In order to estimate the degree of pore surface coverage by the in situ synthesized 

probe DNA oligonucleotides, calculations of the expected resonance shift for different 

numbers of DNA bases and different percentages of surface coverage were performed, 

following the approach described in [65]. The calculations assume that each thymine 

nucleotide can be modeled as a 2.2 Å molecule [101] with a refractive index of 1.5 [109]. 

The magnitude of the waveguide resonance shift scales with the magnitude of the 

effective refractive index change induced by the oligonucleotides, which scales with the 

number of thymine bases attached and the percent of the porous silicon internal surface 

area covered by the DNA. As shown in Figure 2.11, the experimental data are fit well by 

the theoretical calculations assuming 50% pore coverage by probe DNA. The slope of the 

linear theoretical curve is a direct indication of the magnitude of the refractive index 

change induced by the addition of single oligonucleotides covering 50% of the available 

surface area. We note that the theoretical curve takes into account the addition of the 

DMT protecting group added along with the first thymine by adjusting the initial 

resonance shift position. 
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Figure 2.12 shows the evolution of the waveguide resonance shift during in situ 

synthesis of DNA molecules up to 24 bases in length. The data points in the figure are a 

concatenation of measurements from several different samples. Hence, the somewhat 

abrupt slope changes may be due, in part, to sample-to-sample variation. Nevertheless, 

the overall trend is clear that the resonant coupling angle progressively increases as 

additional bases are introduced into the porous silicon waveguides. Based on the 

magnitude of the resonance shifts, we estimate approximately 50% surface coverage for 

8mer in situ synthesized DNA molecules, as discussed previously, 40% surface coverage 

for 16mer molecules, and 35% coverage for 24mer molecules. Hence, because the size of 

the protected, single DNA nucleotides is small enough to be unhindered by size of the 

pore opening, the surface coverage of the in situ assembled DNA molecules with up to 24 

bases is only slightly dependent on the final DNA molecule size. The synthesis of larger 

DNA molecules is possible and will be discussed in Chapter 5. The size-dependence of 

the surface coverage of in situ synthesized DNA molecules is in direct contrast to the 

trend reported previously for infiltration of pre-synthesized DNA molecules into porous 

silicon waveguides. The percent surface coverage falls off sharply for DNA molecules 

composed of more than 16 bases, as shown in Figure 2.12. Moreover, the shift due to 

8mer DNA molecules when infiltrated as pre-synthesized 8-base molecules instead of 

single base molecules that assemble in the pores is only ~10%. This difference in surface 

coverage achieved via in situ synthesis leads to binding and detection of a larger 

resonance shift upon hybridization to target, as will be described in Chapter 3. 
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Figure 2.12:  Resonance shift upon infiltration of probe DNA into porous silicon waveguides (a). Black 

square data points give the shift due to infiltration and immobilization of pre-synthesized DNA probes, 

ranging from 1.76 to 5.28 nm length. Red circular data points give the shift observed when probe DNA of 

the given length is synthesized base-by-base in the waveguide using the in situ method. Data for the in situ 

synthesis contains a correction factor that reduces the measured shift by 0.012° to account for the presence 

of a DMT protecting group which does not appear on the infiltrated probe. Figure adapted from [110]. In 

situ synthesis is utilized to circumvent infiltration challenges. Upon functionalization with monolayer of 

biomolecules, the shift in resonance angle scales with biomolecule size (b). 

 

2.3.5 SIMS confirmation of DNA infiltration 
 

In working with a porous silicon waveguide structure, the significant advantage of 

increased total surface area is dependent upon efficient infiltration of reagents and 

molecules into the porous structure. In order to further demonstrate the presence of the 

TEOS-HBA silane linker and oligonucleotide probe following in-situ DNA synthesis, 

secondary ion mass spectrometry (SIMS) analysis was performed on waveguide samples 

by Professor Michael Molinari at the University of Reims. France. As demonstrated in 

Figure 2.13, while the SIMS data below cannot be interpreted quantitatively, the presence 

of both carbon and nitrogen atoms in the waveguide are a strong indication that silane 

and/or oligos are able to infiltrate deep into the top and bottom layers of the waveguide. 

Also valuable is a comparison of the SIMS data from a DNA probe synthesized inside a 
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porous silicon waveguide using the in-situ method compared with traditional whole probe 

DNA attachment in a porous silicon waveguide. Note that the presence of the carbon and 

nitrogen in the in-situ sample appears greater. This agrees well with previous results 

indicating superior surface coverage with the in-situ DNA synthesis. 

 

Figure 2.13: For the traditional method of direct DNA infiltration, the amount of carbon and nitrogen in the 

waveguide and cladding layers is only slightly above background (a). For the in the in-situ synthesized 

DNA in the porous silicon waveguide, a considerable difference can be observed between the presence of 

carbon and nitrogen in the pores compared with elsewhere (b). Figure adapted from [104]. 
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Chapter 3 

3. OLIGONUCLEOTIDE SENSING WITH POROUS SILICON 
WAVEGUIDES 

3.1 Sensing of DNA-DNA hybridization 

3.1.1 Introduction to DNA hybridization 

Hybridization of an oligonucleotide bioreceptor to a complementary target 

oligonucleotide is the most vital component of a nucleic acid based biosensing device. 

This binding mechanism is used for the detection and analysis of specific DNA 

sequences, particularly in applications in clinical diagnostics, environmental analyses, 

food safety and monitoring, and forensic analysis. Prior to the advent of polymerase 

chain reaction for DNA amplification [111], considerably more time consuming and 

expensive methods such as radiolabeling DNA targets were standard. With the 

introduction of polymerase chain reaction (PCR), small quantities of target DNA could 

be replicated to increase concentration and improve signal. Later, fluorescent labeling of 

DNA targets allowed for optical biosensing.  

Typically, DNA is thought of as a double-stranded helical macromolecule. The 

double-stranded structure however can be separated into single stranded DNA (ssDNA) 

subunits, which are complementary to one another. When these two ssDNA sequences 

are brought together, they will form a duplex with a high degree of efficiency and 

specificity. For this reason, one ssDNA of this duplex can be used as bioreceptor to detect 

the presence of the second, complementary, ssDNA of the pair. When the ssDNA 

bioreceptor is associated with a signal transducer, the hybridization event can be 

translated into a measurable signal. Figure 3.1 below illustrates the transition from single 

to double stranded DNA upon hybridization. 
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Figure 3.1: Two single strand DNA oligos will hybridize if specific binding between complementary base 

pairs (C to G, A to T) occurs. Hydrogen bonding between base pairs is the basis for hybridization to form 

the DNA duplex. 

 

 

 

 Hybridization is a complex interaction resulting from hydrogen bond formation 

between nucleotides on adjacent positions on complementary DNA strands. 

Hybridization can be affected by ionic strength of the buffer solution, oligo sequence and 

length, and temperature, both in solution-phase hybridization [112, 113] and when 

anchored to a substrate surface [114, 115]. Given that DNA hybridization is a reversible 

process, and the influences of the factors listed above have been well characterized, DNA 

denaturing or melting – the separation of the double strand DNA into two single strands – 

is an important property in DNA analysis. A number of algorithms (discussed further in 

Section 3.1.3) have been developed to quantitatively predict DNA thermodynamics for a 

given sequence and solution conditions [116-118]. The property of DNA-DNA 

hybridization upon thermal cycling is central to the PCR process, a technique in 

molecular biology with applications in diagnostics, genetic fingerprinting, and DNA-

based phylogeny [119, 120]. The sequence-sensitive thermodynamics of the DNA-DNA 

denaturing and re-hybridization allows for single-base mismatch detection of ssDNA 

pairs [121-124]. 
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3.1.2 DNA hybridization detection in porous silicon  
 

Oligonucleotides (including DNA) are a target of interest in biosensing research 

both for the potential applications in genomics, sequencing, and biohazard identification, 

and also as a model system for small molecule detection. Several research groups have 

utilized label-free porous silicon biosensing platforms for the detection of DNA 

sequences. The porous silicon scaffolds range from single layers to multilayers to gold 

particle modified porous structures, and transduction mechanisms previously 

demonstrated include optical (PL and reflectance) and electrical. 

The first demonstration of DNA detection on porous silicon biosensors also 

happens to contain the lowest reported detection limits, observing DNA hybridization 

with target concentrations ranging from 1 fM to 1nM [40]. This work by Lin et. al. 

utilized a single layer porous silicon films to which a DNA oligo bioreceptor was 

attached. Exposure to the target DNA induced a concentration dependent blue-shift in the 

reflectance spectrum. To date, however, this low detection limit for DNA targets has not 

been replicated by other researchers. Similar work has looked at DNA oligo detection in 

Bragg mirror reflector microarrays, and DNA targets were detected in concentrations of 

tens of micromoles [125-127]. In these experiments from the De Stefano group, Bragg 

reflector microarrays were attached to microfluidic systems, and detection limits were 

predicted to be as low as 77nM for target DNA in buffer solution, but detection of DNA 

at this low concentration was not experimentally detected. The De Stefano group 

consistently observes a red-shift in the Bragg reflector spectrum for attachment of 

biomolecular targets. 
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Several researchers have investigated porous silicon micro- and meso- structures 

as substrates for DNA electrochemical sensors [128-130]. In one case, DNA targets were 

detected in nano- to micro- molar concentrations by transducing the hybridization of 

DNA into a chemical oxidation of guanine by Ru(bpy)(3)(2+), the reduced form of which 

is then detected electrochemically [131]. Electrical impedance spectroscopy was used for 

label-free electrical detection of free DNA targets in free-standing macroporous silicon 

single-layers, with detection limits in the sub-micromolar range [130]. Label-free 

electrochemical DNA biosensors have also been used for the identification of 

oligonucleotide sequences specific to pathogens, such as Salmonella Enteritidis [132-

135]. 

There have been reports of detecting DNA with porous silicon optical biosensors 

by incorporating a signal enhancement mechanism. As noted previously, some reports of 

label-free reflectance detection of oligonucleotides depend upon a blue-shift in the 

reflectance spectrum, indicating a DNA concentration dependent degradation of the 

porous silicon substrate [40, 43]. The authors postulated that this porous silicon corrosion 

occurs via significantly enhanced surface oxidation when negatively charged target DNA 

is in close proximity to the pore walls. Based on their analysis of the porous silicon 

corrosion mechanism, the Voelcker group has developed single layer mesoporous silicon 

sensors for in which corrosion is enhanced by electron transfer from a transition metal 

complex label attached to DNA targets [5, 42].  

In the Weiss group, freestanding porous silicon waveguides have been developed 

for optical measurements [62], along with techniques for optimizing waveguide 

parameters for improved target sensing [136]. A detection limit of 42nM  was predicted 
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for the 24mer ssDNA target [62]. In porous silicon waveguides attached to silicon 

substrates, light has been coupled into waveguides both by prism [65] and grating 

coupling [64, 137] for optical detection of DNA hybridization, with typical experiments 

performed at micromolar concentrations. For these experiments, pre-synthesized DNA 

probes were utilized. 

3.1.3 Selecting DNA sequences for hybridization 
 

In order to simplify hybridization dynamics for DNA-DNA binding within porous 

silicon substrates, sequences were selected to have melting temperatures well above room 

temperature, but with minimal self-dimerization or hairpin sequences. Melting 

temperatures need to be high enough to ensure that the efficiency of duplex formation 

remains high for DNA in room temperature or physiologic conditions. Higher guanine 

and cytosine content in DNA sequences leads to higher melting temperature due to the 

greater number of hydrogen bonds contained in a G-C pairing compared to an A-T 

pairing. Selecting longer sequences is another alternative for achieving higher melting 

temperatures. As sequences increase in length however, the likelihood of intramolecular 

interactions increases. In general, the more base pairs that may be involved in an 

intramolecular (hairpin) interaction, the higher the energy barrier is for the intermolecular 

hybridization to the complementary target. This can considerably slow the hybridization 

kinetics. For this reason, all sequences used in the following section have been analyzed 

for melting temperature, self-dimerization, and hairpin formation using a DNA 

thermodynamics algorithm available from Integrated DNA Technologies 

(www.idtdna.com) known as Oligo Analyzer. 

http://www.idtdna.com/
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For all 8mer sensing experiments, a sequence composed of eight guanine bases 

was employed. This sequence is selected for the increased melting temperatures achieved 

with high purine (G and C) base content. With eight purine bases in sequence, the 

melting temperature algorithms predict a melting temperature of 58.8 ºC under the 

HEPES buffer conditions of 150mM NaCl and 5mM MgCl2. It is desirable to have a 

melting temperature above room temperature so that incubation and detection may be 

completed at room temperature without concern for a high degree of DNA duplex 

dissociation, as will occur near the melting temperature. With a short sequence of 8mer in 

length and without variety in bases, there is no potential for self-dimerization or hairpin 

formation. 

For longer sequences, including the 16mer sequences used for the experiment 

described later in this chapter, better stability may be achieved by avoiding too high a 

purine content and varying the oligo sequence. The probe sequence 5’- TAG CTA TGG 

TCC TCG T-3’ has a 50% GC content, resulting in a melting temperature of 65.9°C, high 

enough to allow for sensing and measurement at room temperature. The corresponding 

target sequence must also be checked for potential intermolecular self-dimerization that 

could interfere with detection, as ssDNA targets could bind to one another before 

exposure to the receptor. The sequence displays a low potential for intramolecular hairpin 

formation. All potential hairpins in the selected sequence have a Gibb’s free energy 

greater than zero, as calculated by the IDT-DNA Oligo Analyzer tool, indicating that 

intramolecular hairpins will not form spontaneously under the incubation conditions at 

room temperature and pressure. Sequences of interest analyzed for melting temperature, 

self-dimerization, and hairpins can then be synthesized on porous silicon waveguide 
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substrates by specifying the sequence in the Applied Biosystems DNA Synthesizer for 

automated DNA bioreceptor synthesis. 

3.1.4 8mer DNA detection experiments 
 

Once the desired oligonucleotide bioreceptor is attached to the porous silicon 

surface via in situ synthesis, it may be used for detection of the complementary 

oligonucleotide sequence. Complementary (also referred to as antisense or target) 

sequences are generated from the bioreceptor sequence. For the complementary DNA, a 

100% anti-parallel sequence substituting in the paired purine or pyrimidine in the probe 

sequence is utilized. For example, a probe sequence 5’-GAT CTG-3’ would be the 100% 

complement to the sequence 5’-CAG ATC-3’, as the 5’ end of the probe aligns with the 

3’ end of the complement, forming base pairs G-C, A-T, T-A, and so forth. To design a 

non-complementary (or mismatch) sequence, an oligo is generated in which no base pair 

match can occur with the probe. For example, 5’-TGC GAA-3’ is a complete mismatch 

for the previous example probe. It is essential, however, to maintain a consistent melting 

temperature for target and mismatch oligos, to minimize experiment to experiment 

variances in hybridization thermodynamics. 

The probe DNA is prepared for sensing by deprotection in a 50:50 v/v solution of 

ethylenediamine and ethanol for 30 min. Once the probe is deprotected it is active for 

hybridization. The porous silicon waveguide is exposed to a DNA target in buffer 

solution. Porous silicon waveguides with DNA probes are exposed to both 

complementary DNA target sequences as well as the noncomplementary sequences in 

order to assess the selective binding ability of the oligonucleotide probe. DNA 
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hybridization on the porous silicon surface is monitored by prism coupling measurements 

as described in Section 2.1.2. 

In order to demonstrate selective detection of DNA target molecules, a porous 

silicon waveguide functionalized with TEOS-HBA and an in-situ 8-mer oligonucleotide 

probe was exposed to 50μM solution of complementary and noncomplementary 8-mer 

sequences in HEPES buffer solution. The target DNA sequence (5’-CCC CCC CC-3’) is 

100% complementary to the synthesized probe. The non-complementary DNA (5’-AAA 

AAA AA-3’) is a 100% mismatch towards the DNA probe. Porous silicon waveguides 

were incubated in DNA solutions for one hour at room temperature, and sealed in a petri 

dish to maintain elevated humidity and limit solvent evaporation. Incubation was 

followed by a rinse with buffer, then water, and drying under nitrogen. As shown in 

Figure 3.2, upon exposure to the complementary target DNA solution, a blue-shift in the 

resonance angle was observed by attenuated total reflectance measurements. Exposure to 

noncomplementary oligo solution also produced a shift in the resonance angle, although 

significantly smaller. This suggests some residual non-complementary binding occurred 

under the noted experimental conditions.  
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Figure 3.2: (a) Exposure to 50μM of 8mer target DNA in buffer solution produces a blue-shift in the 

reflectance spectrum. Exposure to 50μM of 8mer mismatch solution produces only a nominal shift (b). This 

result demonstrates the selective binding of DNA targets. 

 

Given angular resolution limit of the Metricon instrument of 0.002°, the 

waveguide has an estimated detection limit of ~250 nM of complementary DNA. The 

shift resulting from hybridization of DNA is a shift to lower resonance angle, indicating a 

lower effective refractive index in the waveguide mode. This could be accounted for by a 

loss of material, consistent with an oxidative etching of the pore walls [40] as discussed 

in Section 3.1.2. The proposed mechanism for this blue-shift is a corrosion of the doped 

porous silicon walls upon the introduction of target DNA with its negatively charged 

backbone [41]. Importantly, the data in Figure 3.2 demonstrates clear selectivity toward 

the complementary sequence, and data presented in Figure 3.3 concentration dependence 

to the magnitude of the resonance shift. Hence, after a calibration curve, such as that in 

Figure 3.3, is obtained, it is possible to estimate the concentration of DNA exposed to the 

porous silicon waveguide based only on the magnitude of the resonance shift.  
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Figure 3.3:  Measured change in resonance angle of porous silicon waveguide functionalized with 

synthesized 8-mer probe molecules upon exposure to a range of 8-mer DNA targets in HEPES buffer. 

 

 

3.1.5 16mer DNA detection experiments 
 

For exposure to a given concentration of target DNA, it is expected that longer 

DNA sequences will cause larger resonance shifts upon hybridization. Using the 

techniques described in the previous section, porous silicon waveguides were prepared 

with in situ synthesized 16mer DNA probes (see Section 3.1.3) and exposed to 10M of 

the complementary 16merDNA target. DNA hybridization in the pores produced an 

average change in resonance angle of 0.39, as shown in Figure 3.4, which corresponds 

to a sensitivity of 0.039°/μM. This sensitivity for the 16mer probe is greater than for the 

8mer probe (see Figure 3.3), which showed an average shift of 0.14° upon exposure to 10 

M of the complementary 8mer sequence. The changes in resonance width are due in 

part to the coupling conditions, including air gap thickness, which were not changed 

during the course of the experiment. This resulted in different levels of coupling 

efficiency for different waveguide effective indices. 
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Figure 3.4: Observed shift in resonance upon 16mer DNA functionalization and hybridization to target. The 

resonance peak shifts to higher angle as the DNA bioreceptor is attached by in situ synthesis. Deprotection 

of the DNA probe activates the DNA towards hybridization and results in a shift to lower angle as the DMT 

protecting group is removed. Hybridization to target DNA results in shift to lower resonance angle as the 

negatively charged backbone of target DNA induces oxidative corrosion on the porous silicon waveguide. 

 

 

3.2 Sensing of DNA-PNA hybridization 

3.2.1 Introduction to PNA 
 

The consistent blue-shift observed upon hybridization of DNA bioreceptors to 

DNA targets was in agreement with much of the previous literature on oligonucleotide 

detection in label-free porous silicon sensing devices [40, 42, 43]. Given the well 

supported hypothesis connecting the rigid, negatively charged backbone of the DNA 

target with the corrosion, there is potential to eliminate the corrosion upon target binding 

by utilizing a neutral oligonucleotide target species. To explore this opportunity peptide 

nucleic acids (PNA) [138-140] were utilized in the place of deoxyribonucleic acid in the 

following set of experiments. 
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Peptide nucleic acids are a form of artificially synthesized polymer intended to 

mimic the structure of DNA and RNA with numerous applications in molecular biology 

and medicinal therapeutics. As is apparent from the name, the structure of peptide nucleic 

acids differs from that of deoxyribonucleic acid in the macromolecule’s backbone, where 

peptide bonds connect repeating units of N-(2-aminoethyl)-glycine instead of a 

deoxyribose sugar backbone. PNAs contain no charged phosphate groups. For this 

reason, it is expected that a PNA target will not induce porous silicon corrosion by the 

oxidation method. The PNA oligos maintain the same base-pairing abilities, as the bases 

A, G, T, and C may be attached off the peptide backbone just as they would be in DNA. 

Since the nucleic acid part of the oligos remain so similar, ssPNA and ssDNA will readily 

hybridize. In fact DNA-PNA binding is more robust than DNA-DNA binding because 

there is no electrostatic repulsion between the parallel backbones. The PNA oligos are 

also stable over a wider range of pH and buffer compositions, as counter ions are not 

necessary to stabilize the molecule in solution. Figure 3.5 illustrates the structural 

differences between DNA and PNA.  
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Figure 3.5: On left, the binding between DNA-DNA oligos. The DNA backbone is composed of alternating 

deoxyribose sugars and a negatively charges phosphate group. The bases attach to the sugar group, and 

hybridization occurs via hydrogen bonding between complementary bases on parallel ssDNA oligos. On 

right, the DNA target is replaced with a PNA target, and DNA-PNA binding is shown. Bases are attached 

to the neutral peptide backbone, and line up closely with the complementary bases on the parallel ssDNA. 

Hybridization occurs via hydrogen bonding. 

 

Peptide nucleic acids used in this work were synthesized by Bio Synthesis Inc. 

and all sequences were designed as previously described for DNA experiments. The 8mer 

and 16mer PNA targets contained base sequences identical to those used in the DNA-

DNA hybridization experiments. PNA samples were received lyophilized, and were 

diluted in buffer or water to form stock solutions for sensing experiments. When not in 

use, stock solutions were stored at -4°C to prevent degradation of the molecules. Before 

use, PNA stock solutions were thawed completely and diluted into desired solution 

concentrations in buffer or water. Before porous silicon sample incubation in PNA 

solutions, the solutions were heated above the predicted melting temperatures in order to 

reduce oligo aggregation. It should be noted that the lack of electrostatic repulsion 

between probe and target oligos in a DNA-PNA duplex result in higher melting 
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temperatures than in the corresponding DNA-DNA duplex. There are a number of 

methods to predict DNA-PNA melting temperature for specified sequences. Generally, at 

the buffer conditions used in this work, an increase of approximately 1°C in the melting 

temperature should be expected per base pair over the melting temperature of the DNA-

DNA duplex [141, 142]. 

3.2.2 PNA detection experiments 
 

Following incubation for 1 hour in target PNA solutions, porous silicon 

waveguides that were oxidized, silanized, and loaded with in situ synthesized probe DNA 

molecules were rinsed with buffer and deionized water, and then dried under nitrogen 

gas. Changes in the reflectance spectrum for the functionalized waveguides are monitored 

by prism coupling. Figure 3.6 compares the resonance shift observed after exposure to 

complementary 8mer DNA and PNA solutions for two standards porous silicon 

waveguide sensors. Note that the upon exposure to 8mer DNA target, the resonance angle 

shifts to lower angle, while exposure to 8mer PNA target shifts the resonance to a higher 

angle. This suggests that the DNA-induced corrosion is the source of the observed blue 

shift. The neutral charge PNA yields the expected increase in porous silicon refractive 

index due to material addition to the pores. Detection of DNA targets occurs via a 

different mechanism: negative-charge induced oxidative corrosion of porous silicon. 
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Figure 3.6: On left, DNA-DNA hybridization is detected by a shift to lower angle in the reflectance 

spectrum, indicating the 8mer target-DNA induced oxidation of porous silicon waveguide. On right, DNA-

PNA hybridization is detected by a shift to higher resonance angle, indicating the pore filling by target 

PNA and subsequent increase in the effective refractive index of the waveguide layer. In both experiments, 

waveguides were incubated in 10μM of oligo in solution for one hour. Adapted from [110]. 

 

 

 

 The detection sensitivity of the in situ functionalized porous silicon waveguide 

towards PNA was investigated through exposure of the waveguide to different 

concentrations of target analyte. Figure 3.7 shows that the waveguide resonance shifts to 

higher angle with increasing concentration, indicating that the effective refractive index 

of the waveguides layer is increasing as more PNA target is bound within the porous 

matrix. The sensitivity of PNA detection appears to be similar to that observed for 8mer 

DNA hybridization. A significant difference between DNA and PNA detection however, 

is that PNA binding in porous silicon waveguide optical sensors in non-destructive. 

Because DNA-DNA detection results in oxidation-induced surface corrosion, substrates 

have a very limited lifetime, and baseline drift and sample breakdown severely limit 

sample reusability. For DNA-PNA detection however, the target capture and signal 

generation are non-destructive. Experiments have shown that the DNA-PNA duplex on 

porous silicon waveguides may be annealed to remove target PNA, and the sensor reused 
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for hybridization. Porous silicon waveguides for PNA detection have been annealed and 

reused more than 10 times. Extrapolating from these results, it is expected that PNA 

functionalized sensors exposed to target DNA oligos would exhibit similar reusability. 

 

 

Figure 3.7: Concentration dependence for hybridization of complementary 8mer PNA targets in porous 

silicon waveguides. The detection sensitivity for PNA targets is similar to that observed for 8mer DNA 

detection. 

 

In addition to in situ synthesis of 8mer DNA for binding of target 8mer PNA, a 

similar experiment was performed using 16mer sequences. The 16mer sequences 

previously described for DNA were synthesized within porous silicon waveguides via the 

in situ phosphoramidite method. Porous silicon waveguides were subsequently exposed 

to target 16mer PNA solution, and the changes in the reflection spectrum were monitored 

by prism coupling. In Figure 3.8, the shift in resonance angle observed for 8mer PNA 

targets is compared to the shift in resonance from 16mer PNA targets.  
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Figure 3.8: Resonance shifts upon hybridization with 100% complementary PNA sequences for 8mer (left) 

and 16mer (right) DNA probes. Hybridization to the 8mer probe produces a shift of 0.194°, while 

hybridization to the 16mer probe results in a shift of 0.122°. Adapted from [110] 

 

 Interestingly, the magnitude of the resonance shift for 8mer and 16mer PNA 

hybridization to the respective DNA probes is similar in the ~20 nm pore diameter porous 

silicon waveguides. If all of the probe molecules capture a target PNA molecule, then a 

resonance shift of nearly equal magnitude to that shown by the waveguide after probe 

DNA attachment (Figure 2.11) would be observed; consequently, the 16mer 

hybridization would be expected to yield a larger resonance shift than 8mer 

hybridization.  However, given the size-dependent infiltration difficulties previously 

described in mesoporous silicon (Figure 2.11), we do not expect nor do we observe a 

comparable magnitude shift for the probe and target molecules. Moreover, the data in 

Figure 3.8 suggests that 16mer PNA suffers much more significantly from size-dependent 

infiltration challenges such that the shift due to hybridization of 16mer PNA is slightly 

less than that due to hybridization of 8mer PNA. While the in situ synthesis method 

allowed the 16mer probe to be synthesized in the pore with very little hindrance, the full 

size 16mer target molecule infiltrated into the pores with a much lower efficiency; steric 
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crowding of the 16mer probe is also a concern in this case. These issues will be examined 

in detail in the following chapter. 

3.2.3 Comparison to DNA-DNA hybridization 
 

The previous work demonstrates that porous silicon waveguide optical biosensors 

have the potential to use two distinct sensing mechanisms: concentration dependent 

oxidative corrosion for negatively charged targets or concentration dependent pore filling 

for neutral targets. For both sensing mechanisms, a number of target concentrations were 

tested and sensitivity curves developed for the 8mer target oligonucleotides. In each case, 

detection limits can be expected to be in tens to hundreds of nanomolars for target oligo 

solutions. In Figure 3.9, the two different sensing mechanisms are graphed together, with 

an initial resonance peak set to the zero position on the x-axis, where the initial peak is 

from a sample with in situ synthesized 8mer DNA bioreceptor, deprotected and prepared 

for target hybridization. When exposed to a neutral PNA target, resonance shifts to the 

right. When exposed to a negatively charged DNA target, resonance shifts to the left. 
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Figure 3.9: Target nucleic acid molecules, regardless of charge, produced an identifiable response 

compared to mismatched sequences that produced no resonance shift. DNA (negatively charged) 

hybridization leads to a resonance shift to lower angle, while PNA (neutral species) hybridization leads to a 

resonance shift to higher angle. Figure inset shows prism coupled to a porous silicon waveguide, 

representing the measurement setup. Internal angle θ, which is related to the modal index, is indicated. 
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Chapter 4 

4. TUNED DNA PROBE DENSITY FOR IMPROVED SENSITIVITY 

4.1 Motivation 
 

In principle, DNA hybridization is a process of reaching a thermodynamic 

equilibrium between the bioreceptor oligos and the free target oligos in solution. When 

bioreceptors are bound to a surface, this picture becomes considerably more complicated. 

In some configurations, the receptor and target may not be able to hybridize under 

standard incubation times because of kinetic or steric effects making the receptor 

inaccessible to the target oligo [143]. This may be due to the oligonucleotide sequence or 

to the surface probe density. There are a number of examples in the literature of DNA 

surface density optimization for flat surface sensors [144-146]. 

In situ synthesis of DNA bioreceptors allows for a considerable increase in 

surface coverage with biomolecules within the porous silicon substrate. Given the 

constrained geometry within mesoscale pores, as well as the aspect ratio and secondary 

structure of DNA oligos, the surface coverage realized via in situ synthesis likely is not 

the optimal coverage for sensing. If bioreceptor density is too low, the likelihood of a 

biorecognition event occurring is also low, reducing the output signal. If surface coverage 

is exceedingly high, however, effects resulting from the surface crowding (e.g. steric 

hindrance, electrostatic repulsion) may reduce the number of biorecognition events, and 

thus also produce a low signal. There is only one example of surface density optimization 

in porous silicon photonic devices. Bonnano and DeLouise observed improved sensitivity 

at bioreceptor coverage around 57% in porous silicon; however, the bioreceptor in that 
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particular study was an antibody – for which the crowding effects may be quite different 

than observed with DNA bioreceptors [147]. 

4.1.1 Hybridization efficiency 
 

Figure 4.1 shows hybridization efficiency data for in situ synthesized DNA probes 

and directly infiltrated probes in porous silicon waveguide with different average pore 

diameters to shed light on the role of size dependence and surface coverage in target 

molecule detection. In this set of experiments, the in situ synthesized DNA were 

immobilized in the porous silicon waveguides utilized in Chapter 3 with approximately 

40% surface coverage while the pre-synthesized DNA was directly infiltrated into porous 

silicon membrane waveguides similar to those described in [62] with about 10% surface 

coverage. Hybridization efficiency is defined here as the ratio of the waveguide 

resonance shift after PNA attachment to the resonance shift after probe immobilization. 

For example, based on the resonance shifts discussed in Section 3.2.2 due to target 

attachment and the in situ synthesized probe DNA shifts discussed in Section 2.3.4, we 

find that the hybridization efficiency for the 8mer molecules is approximately 25% while 

that for 16mer molecules is approximately 10%. Due to sample to sample variations, it is 

estimated that these hybridization efficiencies are accurate to within 10% based on the 

typical variation observed in DNA probe and target shift. In a similar manner, as shown 

in Figure 4.1, hybridization experiments have shown that the hybridization efficiency of 

16mer PNA molecules in 15 nm and 60 nm pores is approximately 50% and 70%, 

respectively, in porous silicon membrane waveguides functionalized by traditional 

infiltration of pre-synthesized DNA baroreceptor oligos [110].  
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Figure 4.1: Hybridization efficiencies of various sensing systems toward 10-μM PNA solution: (a) 8mer 

target exposed to high in situ synthesized probe density in 20 nm pores of traditional two-layer porous 

waveguide, (b) 16mer target exposed to relatively high in situ synthesized probe density in 20 nm pores of 

traditional two-layer porous silicon waveguide, (c) 16mer target exposed to relatively low probe density in 

15 nm pores of porous silicon membrane waveguide, and (d) 16mer target exposed to relatively low probe 

density in 60 nm pores of porous silicon membrane waveguide. Figure adapted from [110]. 

 

 

 

There are three primary conclusions that can be drawn from the hybridization 

efficiency comparison. First, when comparing hybridization efficiency in pores with 

similar diameters, the pores with lower probe density (i.e., 15 nm diameter pores with 

direct probe DNA infiltration) experience larger hybridization efficiency. This trend is 

consistent with prior reports [148], although the overall hybridization efficiency may be 

slightly lower in porous media. Second, unlike planar surfaces on which consistent 

hybridization efficiencies are achieved as long as the probe density remains constant 

(regardless of the method utilized to obtain the particular probe density) [149], when 

comparing pores with similar probe density but different pore size (e.g., 15 nm and 60 nm 

pores with direct probe infiltration), we find that hybridization efficiency is greater in the 

larger pores. This increased hybridization efficiency can be attributed in part to the extra 
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space available for the target molecule to move within the pores. Third, although the 

hybridization efficiency is significantly lower in the waveguides with high probe density, 

the overall resonance shift in response to target infiltration is larger. Although the fraction 

of DNA bioreceptors that capture target oligos is smaller, the magnitude of the signal is 

larger as a result of the higher number of available receptor molecules. When considering 

the most appropriate pore diameter and probe coverage for sensors utilizing porous 

materials, a modest probe surface density and slight compromise in hybridization 

efficiency along with sufficient pore diameter to enable molecular infiltration and binding 

is likely to yield the highest detection sensitivity. Hence, tuning DNA bioreceptor density 

is believed to be a key parameter for improved detection sensitivity. 

4.1.2 Tuning DNA probe density on flat substrates 
 

For emerging applications of planar DNA oligo sensor arrays and molecular 

recognition applications, it has been shown that surface density plays a crucial role. Both 

thermodynamic and kinetic equilibrium of receptor to target hybridization is strongly 

dependent on surface density [93, 148, 150-152]. It is interesting to note that the 

thermodynamics of DNA hybridization are not simply a function of sequence, but also of 

the nearest-neighbor interactions when the oligos are anchored on a surface. This nearest-

neighbor interaction can affect thermodynamics of hybridization [153], and efficient 

duplex formation may be hindered by molecular crowding on the surface potentially 

slowing the kinetics of hybridization dramatically [148]. Electrostatic models have been 

developed to describe the effect of surface density on DNA hybridization [154]. 

The process of immobilizing DNA bioreceptors on a sensor surface is complex, 

with the resulting density being determined by electrostatic effects between 
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oligonucleotides and the surface. In order for surface kinetics and thermodynamics of 

oligonucleotide sensor arrays to be studied, careful control of the DNA surface density 

must be achieved and quantified. There are a number of approaches for controlling DNA 

surface density that have been described in the literature for flat substrates. Perhaps the 

most straight-forward approach to controlling surface DNA probe density involves 

controlling the concentration of pre-synthesized DNA probes in the incubation solution. 

By exposing the substrates to a range of DNA probe concentrations, a varied DNA 

surface density can be achieved and quantified by electrochemical means or via 

fluorescent tags on the immobilized DNA [155-157]. Other approaches involve the use of 

a single DNA solution concentration, but varying the substrate incubation time [158], 

ionic strength of the solution [148, 159], or an applied electrostatic field at the surface 

[148, 160].  

 For applications that involve the use of in situ DNA synthesis methods, the 

control of DNA surface density is more complex [161]. The most popular method 

currently employed for controlled oligonucleotide in situ synthesis involves light-directed 

synthesis. In this method, the 5’ protecting group is modified to include a photolabile 

group, such as 2-(2-nitrophenyl)propoxycarbonyl [162] or (methyl-2-

nitrophenyl)propoxycarbonyl [163]. During the synthesis cycle, these groups can be 

selectively removed by irradiation with light. On a flat surface DNA microarray, 

directing the light to deprotect specific regions of the substrate allows for spatial control 

of DNA synthesis. Further, a few researchers have looked at the dose-dependence of 

light-directed deprotection of the 5’ photolabile group, and have demonstrated control of 

the surface density achieved by in situ synthesis by varying the UV light exposure time  
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[93]. This method may be particularly promising because it has been applied not only on 

glass slides, but also on silanized glass substrates, functionalized amorphous carbon, and 

glassy carbon as well [93], though not yet on a porous substrate such as porous silicon. 

It is important to note that because attachment of DNA oligos to a sensor surface 

is highly dependent on oligo-to-surface interactions, it can be exceedingly difficult to 

apply a technique analyzed on one type of surface to another. Differences in the 

properties of various substrates – gold, glass slides, silicon – and the protocols developed 

for particular surfaces and conditions, may not transfer directly to new surfaces and 

applications. Even on a single material, significant differences in surface heterogeneity 

have been shown to make reproducibility a challenge. Other factors such as oligo length 

and conformation also play a role [164]. There are significant challenges in applying the 

previously described techniques to a porous surface compared to a flat surface. The 

primary impediment is that incubation time and concentration, electrostatic field 

application, and photo-patterning are all techniques that might not be applied uniformly 

through the three dimensional sensing surface of porous silicon waveguides. For 

example, if incubation time is varied, the time required for oligonucleotide diffusion from 

the top mesopores to the waveguide remains difficult to control. A surface density 

gradient may result across the depth of the porous silicon optical structure. For this 

reason, the functionalization method selected for this work controls the surface density by 

controlling the silanziation step – functionalizing the porous silicon with a uniform, two-

component monolayer coating, only one of which is active for in situ probe DNA 

synthesis. This approach has been employed in a number of applications [165-167], but 

not previously in a porous silicon optical device for control of DNA surface density. 
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4.2 Porous silicon functionalization with two-component monolayer 

4.2.1 Triethoxysilane-based two-component monolayers 
 

In order to tune the surface density of DNA synthesized by the phosphoramidite 

in situ synthesis method, it is necessary to tune the density of –OH terminating silane 

monomers attached to the porous silicon waveguides. As discussed in Chapter 2, the 

silane monolayer serves a dual purpose: facilitating bioreceptor attachment while 

protecting the oxidized porous silicon substrate from dissolution in aqueous media. For 

this reason, it is not sufficient to simply reduce the incubation time in silane solution to 

achieve a lower surface coverage. A second monomer, inert to phosphoramidite 

synthesis, must also be introduced into the monolayer to preserve the porous silicon 

waveguide stability in aqueous solutions required for sensing experiments. 

A very common method for formation of two-component self-assembled 

monolayers involves the deposition of a first component of the monolayer followed by a 

separate deposition of a second monomer which effectively back-fills into the gaps 

remaining in the monolayer left from the first deposition. This backfilling approach has 

been used in a number of applications, including some triethoxy-based monolayers for 

oligonucleotide sensors [168-170]. For this reason, first attempts at producing a dual 

functionality mixed silane monolayer utilized a two-step silanization procedure, 

combining the previously described hydroxyl terminating TEOS-HBA silane with 

octyltriethoxysilane (OTES), an alkyl-terminating monomer inert to phosphoramidite 

DNA synthesis. Attempts were made to produce a sub-monolayer with the first silane 

attached, and backfill with the second. 

Figure 4.2 summarized the results of a two-step silanization experiment. The 

porous silicon waveguides were etch, oxidized, and cleaned as described in Chapter 2. 
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The waveguides were incubated first in a solution of 4% OTES in toluene for one hour in 

an effort to deposit a sub-monolayer. Samples were then washed with toluene and dried 

under nitrogen. In the second step, waveguides were incubated in a 4% solution of 

TEOS-HBA in 95% ethanol/5% water for four hours. Samples were subsequently washed 

with ethanol and dried under nitrogen. Resonance angle position was monitored via prism 

coupling before and after each step in the functionalization. Despite waveguides being 

functionalized concurrently and under the same conditions, considerable sample to 

sample variation was observed, with some samples showing a considerably larger shift in 

resonance angle indicating comparatively higher coverage with monomer. Similar 

inconsistencies were observed with TEOS-HBA silanization was performed as the first of 

the two steps and when lower percentage silane solutions were used for incubation. 

 

 

Figure 4.2: In the first silanization addition, a sub-monolayer of OTES is added to porous silicon 

waveguides. In the second silanization addition, TEOS-HBA back-fills into the sub-monolayer. Despite the 

consistent experimental conditions, considerably variation in sub-monolayer coverage is observed across 

porous silicon waveguide samples. 

 



84 

 

Two-step silanization with TEOS-HBA and OTES was not successful in 

producing mixed monolayers for control of in situ synthesized DNA surface density. 

Although consistent and robust TEOS-HBA silanization could be achieved through the 

processing described in Chapter 2, that work involved saturating samples with silane and 

removing unstable multilayers. When working below the saturation level, it became 

apparent that the previously described aggregation of monomers in solvent and moisture 

sensitivity [90] hamper the repeatability of sub-monolayer formation. Attempts were also 

made to produce mixed triethoxy-based monolayers with TEOS-HBA and OTES by 

depositing the monomers simultaneously from a single solution; however, a solvent 

compatible with both monomers was not found. Poor solubility of one or both of the 

monomers in incubation solvents resulted in cloudy silanization solutions and large 

variance in resonance angle shift upon mixed monolayer formation on the porous silicon 

waveguides. In order to tune DNA density through the silane functionalization, a more 

tunable surface chemistry is necessary. 

4.2.2 Trichlorosilane-based two-component monolayers 
 

In an effort to reduce the sample to sample variations likely resulting from the 

aggregation of monomer in the silanization solution [78, 91, 95, 171, 172], and 

alternative to the TEOS-HBA surface functionalization was sought. In contrast to the 

triethoxy-based monomers, literature reports indicated that trichloro-based monomers 

exhibit better control and reproducibility when the monolayer is deposited from an 

organic solvent. Oligomer aggregates tend to form when bonding between two or more 

monomers is initiated by reaction at a triethoxy group with the water solvent [90]. 

Reducing moisture content in the incubation solution and switching to 
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alkyltrichlorosilane monomers is a promising approach to increase monolayer uniformity 

and repeatability, and ultimately allow for control of a mixed silane monolayer to be 

formed on the porous silicon waveguides. Though there are only a limited number of 

reports on mixed monolayers of derived alkyltrichlorosilane monomers, it has been 

observed that the composition of the monolayer is generally equal to the composition of 

the incubation solution [173-176]. This competitive absorption approach to mixed 

monolayer formation is also desirable because it is a single step process and eliminates 

the variables introduced in any washing steps that would occur prior to back-filling with 

the second monomer [169].  

 The trichlorosilane selected for this work, trichloroacetic acid 

dodecyltrichlorosilane [177] can be deposited onto the porous silicon substrate with a 

protecting group on the –OH terminus, which subsequently can be converted to the 

hydroxyl under mild conditions. The selected molecule was synthesized in the two-step 

process outlined below, adapted from a synthetic preparation used in Professor Kane 

Jennings’s group at Vanderbilt University. All reagents were obtained from Fisher 

Scientific and used as received. The synthesis is begun by combining 6.6 mmol of 

undecylenyl alcohol and 9.9 mmol of pyridine under nitrogen and stirring for 30 minutes 

at 0°C in a salt and ice water bath. After 30 minutes, 14.5mL of a 0.5 M solution of 

trichloroacetyl chloride in dichloromethane was added drop-wise to the mixture and the 

solution was stirred for overnight for 17 hours.  

 After the reaction is completed, the solution is rinsed with distilled water, 5 M 

hydrochloric acid, saturated sodium bicarbonate solution, and finally 5 M sodium 

chloride solution. The product is concentrated using the rotary evaporator and purified by 
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column chromatography, eluted using ethyl acetate, to give the colorless oil 

trichloroacetic acid undec-10-enylester. The final product was achieved by combining 5.8 

mmol of trichloroacetic acid undec-10-enylester, 0.05 grams of 0.12 M H2PtCl6 in dry 

tetrahydrofuran, and 17.4 mmol of trichlorosilane under nitrogen in the glove box. The 

mixture was stirred for 4 hours. The product was separated and purified by vacuum 

distillation. The product is analyzed by proton NMR to assess the success of the synthesis 

and purification. Figure 4.3 outlines the synthesis process. 

 

 

Figure 4.3: Synthesis route for trichloroacetic acid dodecyltrichlorosilane. 

 

4.2.3 Formation of a Two-Component Silane Monolayer 
 

Prior to incubation in the two-component silanization solution, thermally oxidized 

porous silicon waveguides are thoroughly cleaned to remove any organic residue and 

completely hydroxylate the sample. Piranha etch, a 3:1 mixture of concentrated sulfuric 

acid to 30% hydrogen peroxide, is prepared by adding hydrogen peroxide to the sulfuric 

acid in a glass beaker. The reaction is highly exothermic and should be handled with 

caution and kept within the fume hood. Porous silicon samples are soaked in the solution 

at elevated temperature for one hour. Following the piranha etch, waveguides rinsed with 

deionized water, then methanol, and finally are carefully dried under nitrogen gas.  
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The two-component trichloroacetic acid dodecyltrichlorosilane and 

octyltrichlorosilane monolayer can be formed by immersing the substrate in a 1 mM 

solution of the mixed monomers in toluene under nitrogen for 5 hours. This reaction can 

proceed in a glass reaction vessel sealed with a septum. Afterward, the sample is 

sequentially rinsed with toluene and methanol, and finally dried under nitrogen. Figure 

4.4 illustrates a mixed monolayer formed on a flat substrate from alkyltrichlorosilanes in 

solution. One component of the monolayer is inert and the other contains a head group 

that can be converted to a hydroxyl for further functionalization. 

 

 

Figure 4.4: In the presence of trace amounts of water in toluene, mixed solutions of alkyltrichlorosilane 

monomers assemble on the substrate to form a monolayer of the same composition as the incubation 

solution. 

 

The trichloroacetic acid head group on the deposited monolayer is readily 

converted to a hydroxyl end group by immersion of porous silicon waveguides 

functionalized with this monomer into a sodium bicarbonate solution. The conversion 

takes place over the course of a one hour soak in 10 mL deionized water, 10 mL ethanol, 

and 0.15 g of sodium bicarbonate. Figure 4.5 shows the head group conversion from 

trichloroacetic acid to hydroxyl head group by monitoring, via prism coupling, the 

resonance blue shift that occurs during the conversion. A progressive blue shift result 
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during the conversion as the bulky trichloroacetic acid head group is removed in the 

sodium bicarbonate deprotection solution. The resonance shift saturates when the 

conversion is complete. On similarly prepared flat surfaces with a trichloroacetic acid 

dodecyltrichlorosilane monolayer, contact angle measurements verify that soaking in 

sodium bicarbonate solution produced hydroxyl terminating groups in the monolayer.  

 

 

Figure 4.5: (a) Silane monolayer is produced with partial hydroxyl termination by depositing specified 

ratios of a two component monolayer. (b) Upon exposure to sodium bicarbonate solution, the head group of 

one of the mixed monolayer components is converted to the –OH termination required for in situ DNA 

synthesis. (c) The cumulative resonance shift measured via prism coupling for a 100% trichloroacetic acid 

dodecyltrichlorosilane monolayer averaged over four measurement spots. Soaking in the sodium 

bicarbonate deprotection solution removes the bulky trichloroacetic acid head group and blue shifts the 

resonance angle over the course of an hour of incubation. 

 

 

 To produce a two-component mixed monolayer, specific ratios of the two 

different monomers are introduced at the silanization step. For example, to achieve a 

monolayer composed of 25% silane active towards phosphoramidite DNA synthesis and 

75% of an inert monomer, the silanization solution is modified to contain 0.25 mM 

trichloroacetic acid dodecyltrichlorosilane and 0.75 mM of octyltrichlorosilane, which is 

inert towards DNA synthesis. For a monolayer with 50% of molecules available for DNA 

synthesis, the silanization solution contains 0.50 mM trichloroacetic acid 

dodecyltrichlorosilane and 0.50 mM of octyltrichlorosilane. On a flat surface, contact 
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angle measurements verify that the monomers are deposited onto the surface in a ratio 

very close to that prepared in the silanization solution [177]. 

4.3 Characterization of two-component monolayer 
 

In order to analyze the trichloro- derived monolayers in porous silicon 

waveguides, an analytical tool for surface chemistry and binding states is required. For 

this analysis, x-ray photoelectron spectroscopy is utilized to determine the composition of 

the monolayers. The photoelectric effect is at the foundation of this technique, using x-

rays to eject electrons from the inner-shell orbitals with which they interact. 

Photoelectron spectroscopies are single photon in, single electron out processes where the 

energy of the photon for all types of electromagnetic radiation is given by the relation E 

= hν. When a monochromatic source of radiation is applied, a photon is absorbed by an 

atom in a surface molecule under analysis. As a result, an inner shell electron is emitted 

(ionization). By analyzing the distribution of the kinetic energies at which the emitted 

photoelectrons leave the surface, a photoelectron spectrum can be recorded. 

Characteristic binding energies of the detected electrons allow each element present in 

the sample to be identified and counted. It is critically important to note that this 

analytical technique is a surface technique. While x-ray penetration depth may be 

micrometers into the substrate, only those photo-emitted electrons in the top ~10nm of 

the substrate escape the surface before reabsorption within the material. All XPS 

measurements were completed in collaboration with Robert Harl from the Department of 

Chemical and Biomolecular Engineering at Vanderbilt University, and in consultation 

with Professor Bridget Rogers. All data was acquired using a 50 W x-ray beam. Charge 

neutralization was accomplished with 1.1 eV e
-
 and 10 eV Ar

+
. 
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4.3.1 Surface coverage by trichlorosilane-based monomers 
 

X-ray photoelectron spectroscopy allows for the analysis of the packing density 

and relative composition of silane monomers on porous silicon substrates. Figure 4.6 

below shows the XPS survey data for alkyltrichlorosilane-derived mixed monolayers of 

various compositions. 
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Figure 4.6: XPS survey spectra for two-component mixed monolayers on porous silicon following sodium 

bicarbonate treatment to remove the trichloroacetic acid head group. Inset (a) shows a surface with a 

solution of 25% trichloroacetic acid dodecyltrichlorosilane and 75% octyltrichlorosilane. Inset (b) shows a 

sample silanized in 50% trichloroacetic acid dodecyltrichlorosilane and 50% octyltrichlorosilane, while 

inset (c) was incubated in 75% trichloroacetic acid dodecyltrichlorosilane and (d) in 100% trichloroacetic 

acid dodecyltrichlorosilane. The relative intensities of the carbon and silicon peaks may be used to analyze 

the packing densities from sample to sample. 

 

 

 

 In order to assess the relative surface coverage for the trichlorosilane-derived 

mixed monolayers, a standard methodology for surface comparison across samples must 

be developed. The atomic percentages calculated from the survey scans can be used to 
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determine the relative quantities of two atoms on a single porous silicon sample under 

XPS analysis. Taking the ratio of carbon from the monolayers to the silicon background 

provides a measure of surface coverage with the monomers on the porous silicon surface.  

 Comparing the packing densities formed by the different self-assembled 

monomers is not possible by directly comparing only the carbon content of the spectra. If 

monomers are of similar length, however, then the carbon to silicon ratio may instead be 

used as a proxy for packing density, and as the packing density of the SAM increases, the 

carbon to silicon ratio will increase as well [165]. Because the monomers used in this 

study are of different lengths, the C/Si ratio calculated must also be normalized to 

account for length differences in the monolayers of octyltrichlorsilane (8 carbons) and 

trichloroacetic acid dodecyltrichlorosilane (11 carbons, after conversion to hydroxyl). 

Table 4.1 illustrates the normalization of the C/Si ratio used to compensate for the 

varying carbon chain lengths of the monomers. Once normalized, it is clear that there low 

variation in the packing density even as the ratio of the two components of the monolayer 

is varied. This sample to sample consistency is maintained despite the bulky head group 

of the trichloroacetic acid dodecyltrichlorosilane monomer, and adds further evidence of 

higher uniformity and repeatability for silane monolayer formation. Interestingly, the 

mixed silane monolayers deposited from trichlorosilanes in solution also display 

resistance to dissolution in phosphoramidite DNA synthesis solution without the need for 

hydrolyzing and extended annealing.  
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Sample Silane 

 

Average number 

of carbons per 

chain 

C/Si ratio C/Si normalized 

by C atoms in 

monomer 

Trichlorosilane, 

25% -OH 

8.75 1.54 0.176 

Trichlorosilane, 

50%-OH 

9.50 1.62 0.171 

Trichlorosilane, 

75% -OH 

10.25 1.70 0.166 

Trichlorosilane, 

100% -OH 

11 1.87 0.170 

Table 4.1: C/Si ratios for the various surface treatments are normalized by the average number of carbons 

per chain. Given the low Cl content on each of these samples treated with sodium bicarbonate solution, full 

deprotection of the trichloroacetate group is assumed in these calculations. 

 

 Survey data from XPS measurement of the mixed silane samples was also used to 

verify the higher surface coverage with the trichloroacetic acid dodecyltrichlorosilane 

monomer by comparing the relative magnitudes of the carbon peaks. On a flat surface, 

contact angle measurements verified that low percent hydroxyl terminal surfaces were 

produced when silanized in low percent hydroxyl incubation solutions of the same 

composition. In Figure 4.7, carbon content is compared for a series of four substrates: 

two flat surface silicon substrates of varied mixed silane composition and two porous 

silicon substrates of varied mixed silane composition. For the flat surface samples, it is 

noted that the 75% hydroxyl samples show approximately three times larger than the 

signal observed from the 25% hydroxyl sample. This may indicate a higher degree of 

coverage with the longer (i.e. more carbons) trichloroacetic acid dodecyltrichlorosilane 

monomer than the shorter inert monomer. This corroborates the contact angle 

measurements for flat surface samples with the mixed silane coating. A similar difference 

in the 25% hydroxyl and 75% hydroxyl samples on porous silicon is observed. This 

supported the hypothesis that controlled, mixed silane monolayers may be deposited on 
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porous silicon under conditions similar to those used on flat substrates. Note also that the 

porous surface provides for a higher coverage with monomer even within the nominal 

probing depth of XPS analysis when compared with the flat surface substrates. 

 

 

Figure 4.7: (a) XPS spectra for both flat and porous substrates with 25% and 75% silanized surface active 

toward DNA synthesis are shown. Characteristic peaks for the two distinct trichlorosilane monomers 

utilized in the mixed monolayer are indicated. (b) The integrated area of the C1s peak provides an 

estimation of the ratio of the two silanes found within the pores. Because the DNA-synthesis-active 

monomer contains a longer alkyl chain, greater C1s peak area indicates higher coverage with the DNA-

synthesis-active end group. 

 

 

4.3.2 Quantifying surface DNA vs. silane ratio 

 Figure 4.8 illustrates the expected surface coverage of a mixed silane monolayer 

where one monomer component has a hydroxyl head group and the other monomer 

component is an alkyl (inert) chain. When such a two-component monolayer is 

introduced, only the fraction of the surface that is hydroxyl functionalized will be active 

towards the in situ DNA synthesis process, effectively decreasing the DNA bioreceptor 

surface density. In the constrained pore geometry, there is reason to expect that a lower 
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surface density than previously achieved (Chapter 3) may improve sensitivity, allowing 

for more target oligos to be captured for detection. This approach will be analyzed in this 

chapter by preparing porous silicon waveguide sensors with a range of monomer ratios 

forming two-component monolayers, synthesizing DNA within the pores, and then 

testing the detection sensitivity towards oligo targets of a specified concentration. 

 

 

Figure 4.8: Schematic of (a) surface functionalization of mixed trichlorosilanes deposited on a flat surface 

and (b) DNA receptor and target bound after in situ synthesis on the substrate. DNA attaches only to –OH 

terminal functional groups on the silane. (c) Due to molecule crowding effects that are accentuated in 

cylindrical pores, a reduced surface spacing of the active component of the mixed silane and accordingly 

probe DNA, is expected to increase the number of DNA probes that can hybridize. 

 

Porous silicon waveguides with dual functionality mixed monolayers are used as 

substrates for in situ DNA synthesis to determine the relative quantity of DNA attached 

for each surface. In order to quantify the DNA attached to each porous substrate, the 

acid-labile, dimethoxytrityl (DMT) protecting group on the 5’-hydroxyl end of the 

synthesized nucleoside can be collected during in situ DNA synthesis. Upon treatment 

with the trichloroacetic acid, the 5’ end of the nucleoside is detritylated and the wash 

from this step can be collected for analysis. Quantification of the dimethoxytrityl (DMT) 
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cation in acetonitrile solvent can be accomplished by measuring its absorbance. The 

quantity of DMT cation measured by the analysis method gives a minimum limit for the 

number of nucleosides attached in the preceding coupling step in the synthesis, and the 

maximum number of nucleosides that remain available for next coupling step in the DNA 

synthesis sequence. The Applied Biosystems 392 Nucleic Acid Synthesizer has a trityl 

collection port built in to the system. The synthesis cycle procedure is modified to allow 

for collection of wash solutions of the DMT in acetonitrile as the synthesis proceeds. 

The DMT cation has a maximum absorbance at 498 nm and an extinction 

coefficient of 70,000 M
−1

 cm
−1

 in acetonitrile solvent. The cation can be quantified 

spectrophotometrically and the molar amount of cation calculated using Beer’s Law: 

A = εCl 

where A is the absorbance, ε is the extinction coefficient for the molecule, C is the 

concentration of the molecule in solution, and l is path length of which the beam passes 

through the solution. Absorbance is measured spectroscopically, allowing the equation to 

be solved for concentration. With a molar concentration known, it is possible to 

determine the number of trityl cations in the collected solution, and thus the number of in 

situ synthesized DNA chains initiated. 

 Absorbance data for the DMT cation collected from mixed silane porous silicon 

substrates was collected using a Varian Cary 5000 UV-VIS-NIR spectrophotometer. 

During in situ DNA synthesis, DMT-containing fractions were collected after base 

addition. Fractions for each base were combined and diluted up to 10 mL using 0.1M p-

toluenesulfonic acid in acetonitrile. A 1 mL quartz cell filled with the DMT solution was 

placed in the spectrophotometer and absorbance at 498 nm was recorded. Background 
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absorbance for acetonitrile solution alone was recorded and subtracted from the sample 

absorbance measurements. Absorbance measurements for the trityl cation cleaved from 

the first and second nucleotide additions in a synthesis are measured and averaged. These 

absorbance values for each porous silicon waveguide functionalization are listed in Table 

4.2. From the absorbance, moles of initiated DNA oligo chains for the various surface 

compositions are calculated.  

 

Mixed monolayer composition Absorbance DNA synthesized 

 (nmol) 

Surface Density 

(molecules/ cm
2
) 

10% Hydroxyl-terminating 0.046 6.57 7.23 × 10
12

 

25% Hydroxyl-terminating 0.082 11.71 1.29 × 10
13

 

50% Hydroxyl-terminating 0.094 13.42 1.48 × 10
13

 

75% Hydroxyl-terminating 0.141 20.14 2.22 × 10
13

 

100% Hydroxyl-terminating 0.183 26.14 2.88 × 10
13

 

Table 4.2: Absorbance and concentration data for DMT cation collected following in situ DNA synthesis 

on mixed silane monolayer porous silicon substrates with varying hydroxyl content. Porous silicon 

waveguide surface area is estimated using BET surface area calculated by nitrogen adsorption isotherms. 

 

 

 In addition to quantifying the DNA sequences synthesized within the porous 

silicon waveguide, it is essential to accurately estimate the internal surface area in the 

porous silicon structure to predict bioreceptor surface density. Reasonable estimates of 

the internal surface area can be made by approximating the pores as cylinders, and 

calculating the total area of cylinder walls of diameter equal to the average pore size that 

can compose the porous percentage of the layer composition. Alternatively, nitrogen 

adsorption isotherms may be measured and analyzed using BET (or Brunauer, Emmett, 
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and Teller) theory. Adsorption is a surface-based phenomenon where molecules adhere to 

a surface creating a thin mono- or multi- layer film. As this process is related to surface 

energy, describing the amount of adsorbate as a function or pressure at constant 

temperature produces an isotherm from which information about the total energy of the 

adsorbed molecule thin layer can be deduced. Given pore sizes below ~50nm in diameter 

and a narrow pore size distribution, total pore surface area can be estimated from the 

constructed nitrogen adsorption-desorption isotherm [178-180]. This approach has 

previously been applied to porous silicon mesoporous structures for total internal surface 

area analysis [43, 181, 182].   

In order to achieve isotherms for BET analysis, porous samples much be degasses 

at high temperature for 16 hours to eliminate moisture from the sample which interferes 

with nitrogen gas adsorption. A minimum of 0.5 grams of sample is necessary, with pore 

thickness of at least 20 μm for waveguides etched under standards conditions. When 

nitrogen adsorption is used to approximate the surface area of the 2cm diameter porous 

silicon waveguide biosensor used for in situ DNA synthesis experiments, the BET 

surface area for the waveguide layer is 0.65cm
2
 per 1nm depth. This for the 240nm thick 

high index porous layer, the internal pore surface area is approximated as 157cm
2
. For the 

low index cladding layer, the internal pore surface is approximated as 390cm
2
. 

The porous silicon substrates (waveguide + cladding) used in this work have an 

estimated internal surface area of 547cm
2
. This calculation approximates the pores as 

cylinders and estimates the total internal surface using the average pore diameter, 

porosity, and pore depth, combining the estimated surface are for both the waveguiding 

and cladding layers of porous silicon. The calculated surface densities achieved via in situ 
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synthesis of DNA oligonucleotides in porous silicon are listed in Table 4.2. These results 

seem consistent with other reports of oligonucleotide synthesis in porous silicon without 

tunable surface chemistry [100, 103, 183]. On flat surface sensors, a number of examples 

of DNA bioreceptor density optimizations can be found in the literature, often in the 

range of 10
12

 molecules/cm
2 

for nucleic acid sequences 20-25mer in length [148, 155, 

159, 184]. For analysis of a comparatively short DNA probe and hybridization to PNA 

(thus, reduced nearest-neighbor electrostatic effects) this DNA probe density range is 

reasonable for sensor optimization. 

4.4 PNA sensing and probe density optimization 
 

Hybridization experiments between the controlled density, in situ synthesized 

DNA bioreceptors and 100% antisense PNA targets were conducted. As shown in Figure 

4.9, the sensitivity of the porous silicon waveguide sensors toward 100% complementary, 

16mer target PNA (500nM solution) depends on the bioreceptor surface density. Highest 

detection sensitivity, as indicated by the largest measured resonance shift, was achieved 

for the sample prepared in 25% trichloroacetic acid dodecyltrichlorosilane incubation 

solution. The mixed silane samples with a tuned, lower probe DNA density clearly show 

a higher sensitivity than the single functionality samples (highest DNA bioreceptor 

coverage) with a high of the surface active to probe synthesis. This trend is consistent 

with prior reports on flat surfaces, where hybridization efficiencies have been observed as 

low as 10% for a high-density DNA probe coverage of approximately 1.2 × 10
13

 

molecules/cm
2
 and 50% for a low-density DNA probe coverage of approximately 3 × 

10
12

 molecules/cm
2
. Improvements in detection limits for the optical sensing of nucleic 

acids through careful control of surface chemistry provide further advantages of the 
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porous silicon waveguide sensor platform for fast, selective detection of small-molecule 

targets. At the optimal surface coverage with DNA probe, detection of 25nM of 16mer 

PNA target is predicted, and detection of 125nM target PNA in solution has been 

demonstrated. 

 

 

Figure 4.9: (a) Percent hydroxyl groups in SAMs on porous silicon waveguides versus resonance shift upon 

hybridization to 500nM 16mer PNA target. Controlling the DNA bioreceptor density by applying a mixed-

functionality alkyltrichlorosilane SAM allows for an optimization of the DNA surface density to be 

achieved around 25% hydroxyl coverage. (b) Sensitivity curve for a porous silicon waveguide optimally 

functionalized with in situ synthesized DNA bioreceptors. Detection of 125nM concentration of target 

16mer PNA is achieved. 
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Chapter 5 

5. APTAMER-BASED SENSING IN POROUS SILICON WAVEGUIDES 
 

While there is interest in sensing devices towards DNA targets, both as a model 

system for sensing devices as well as for actual clinical applications, expanding porous 

silicon waveguide sensing to targets other than nucleic acids also relevant. One area in 

which porous silicon waveguides with in situ synthesized DNA bioreceptors may prove 

particularly useful is in aptamer-based sensing. While the ability of DNA single strands 

to bind to complementary DNA to form duplexes is well known, these nucleic acid 

structures are also capable of binding non-nucleic acid target molecules with a high 

selectivity and high affinity. Aptamers are nucleic acid sequence structures, often 

between 15 and 60 bases in length, whose complex three-dimensional structure produced 

by Watson-Crick and non-canonical intramolecular interactions promotes the binding of a 

specific target [185]. As such, the three-dimensional structure functions much like the 

“lock” in the lock-and-key example introduced in Chapter 1, a quasi-rigid structure into 

which a molecular “key” of the correct shape may fit. Aptamers exist for a number of 

possible chemical and biological targets, with no proposed upper limit of the target size.  

Selecting small molecules of interest (such as toxin molecules) and 

functionalizing a waveguide with the appropriate targeted nucleic acid aptamer sequence 

could allow for all of the advantages of this system for small molecule detection that have 

been discussed previously. There are some limited reports in the literature of aptamer-

based sensing on planar substrates, and very little work in label-free biosensing, and no 

examples of aptamer in porous materials for biosensing. In order to incorporate an 

aptamer into a porous silicon waveguide for the label-free detection of a small molecule, 
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several aspects of the binding chemistry warrant investigation. As observed with DNA-

DNA and DNA-PNA synthesis and binding, coverage of porous silicon waveguides with 

the aptamer bioreceptor will be monitored by change in resonance angle via prism 

coupling. Upon binding of the target molecule, a shift in resonance angle related to the 

change in refractive index of the porous layer will result. 

5.1 Introduction to aptamers 
 

Theoretically, a high affinity and selectivity aptamer could be found for any 

desired target, given a large enough library of oligos to search. This is a significant 

advantage of aptamers compared with other bioreceptor classes, such as antibodies. In 

practice, a number of aptamers have been proposed and demonstrated for a range of 

target types, from small ions [186, 187], nucleotides [188-190], and oligopeptides [191], 

to the larger organic dyes[192], viruses [193-197], whole cells [198, 199], and antibiotics 

[200, 201]. Even given a relatively short 25mer oligo, the number of different DNA 

sequences possible is 4
25

. Systematic evolution of ligands by exponential enrichment, 

known as SELEX [202-204], is a technique for selecting and amplifying sequences with 

binding affinity to the target. This allows for a large oligo library to be narrowed down to 

a few sequences of interest. Aptamer binding to a number of target molecules has been 

described, and as a result it is possible to draw from successful aptamer sequences 

reported in the literature [205] within an aptamer database rather than utilizing the time-

consuming and complex SELEX process to generate new aptamers for sensing. 

Generally, the detection sensitivity of aptamers to small molecule targets found in 

the literature vary considerably depending on the target, sequence, and experimental 

conditions.  Most commonly, binding affinities are reported to be in the micromolar 
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range. For small molecule targets, aptamers for citrulline and arginine have reported 

affinities from 0.3 to 65 μM [206-208], some ATP aptamers have affinities of 6 μM [189, 

209-211], and aptamers against dopamine have a reported affinity of 2.8 μM [212-215]. 

When the target is a nucleic acid-binding molecule or derivative, affinities in the 

nanomolar or sub-nanomolar range are possible. 

For label-free analysis using aptamers, a number of possible signal transduction 

mechanisms have been utilized. In these systems, aptamers may be immobilized on solid 

supports either through modification of the 3’- or 5’- end of the aptamer oligo. Typically, 

this immobilization step is the most challenging and cumbersome step in the label-free 

aptasensor preparation [216]. Given that the aptamer-target binding interaction occurs at 

a surface-solution interface, it should not be surprising that many of the transduction 

mechanisms applied to aptasensing involve changes in interfacial properties. 

Electrochemical aptasensors have been well described, often relying on changes in 

surface capacitance induced by electron-transfer mechanisms [217-223]. Solution-surface 

interface changes might also be transduced by gravimetric analysis of piezoelectric 

materials. Some high-sensitivity surface acoustic wave sensors have been used as 

substrates for aptamers against thrombin, with sensitivities in the μM range [224, 225]. 

Microcantilevers are a rapidly developing area of aptamer-based sensing. Because 

aptamers undergo a significantly larger conformational change than do antibodies upon 

target binding, they have been demonstrated to be a much better bioreceptor for systems 

where transduction depends upon surface stress-induced bending. Aptamer-based 

microcantilevers have been used to detect hepatitis C virus helicase [193] and Taq 

polymerase [226] in the pM range. Optical detection of aptamer-based target capture 
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measured by surface-plasmon resonance (SPR) spectroscopy has been demonstrated for 

micromolar solutions of Tat protein [195, 227, 228]. These SPR systems involved 

immobilized aptamers within a microfluidics channel or microarray. An alternative 

optical measurement technique involves solution phase – wherein DNA aptamers are 

affixed to a metal complex and the presence of target molecules induces a conformational 

change in the bound aptamer, changing the degree of intercalcation and thus the optical 

properties of the metal complex solution. Both large [229] and small [230] targets have 

been detected in this manner, and both solution luminescence [229-234] and color [215, 

227, 235-238] have been used as quantitative indicators of target. Sensitivities from μM 

to pM have been reported. 

Aptamers have been utilized not only for detection, but also for therapeutics [202, 

239, 240] and chemical separations [241-245]. In therapeutics, aptamers may be 

administered as medications that bind to specific cell component cites and interfere with 

nucleic acid replication. As an example, the aptamer known as AS-1411 has been shown 

to selectively bind a nucleolin found on cancer cells. The aptamer inhibits mRNA 

production by these cells and slows tumor growth [246]. Though only about two decades 

have passed since the discovery of aptamers, there is already at least one aptamer-based 

therapy available, and aptamer therapeutics are currently undergoing clinical trials [247, 

248]. This is a remarkably fast development of medical technology. There are high 

expectations that therapeutic applications may surpass sensing applications for aptamer 

use. Unlike proteins, modification of aptamers to improve in vivo stability in physiologic 

conditions is possible, while maintaining the nucleic acid’s structure and function. They 
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also may be synthesized chemically (via phosphoramidite synthesis, for example) and 

thus do not involve culturing of animal cells. 

5.2 Effects of DNA bioreceptor secondary structure on hybridization 
 

The secondary structure, or folding, of nucleic acid oligos is fundamental to 

mechanism of aptamer-based sensing. DNA folding and intramolecular hairpin formation 

is the source of the molecular surface grooves into which molecular targets may be fit 

and captured by the aptamer. In Chapter 3, the challenges introduced by ssDNA 

secondary structure were discussed, and the importance of designing probe and target 

oligos without such intramolecular interaction was noted. For ssDNA oligos to act as 

aptamers, intramolecular interaction is essential. Intramolecular base-pairing will 

stabilize the single strand conformations within oligos anchored to the substrate surface. 

In order to incorporate DNA aptamers into porous silicon waveguide it is important to 

understand these structural effects on hybridization and, by extension, small molecule 

binding, under the incubation conditions utilized in previous experiments. 

In order to investigate the effects of hairpin formation, three DNA bioreceptor and 

target sequence sets are investigated, one with no predicted hairpins (P0) above room 

temperature, one containing a 3mer hairpin (P3), and one with a 4mer hairpin (P4). 

Hairpins of 3mer and 4mer simulate the secondary structure of aptamers. Applying the 

method described in Section 3.1.3, a 16mer PNA aptamer target is designed with no 

secondary structure under the conditioned employed in sensing experiments. This PNA 

sequence is 5’-TCC ATC GAT ACC AGA A-3’ and is obtained from Biosynthesis Inc. 

as a custom oligo without modification. Figure 5.1 shows the selected sequences and 

illustrates the formation of intramolecular hairpins in selected sequences. 
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Figure 5.1: A series of 24mer DNA probes are designed to hybridize to a 100% complementary 16mer 

PNA sequence. The P0 probe contains no secondary structure and can be approximated as a random coil. 

The P3 sequence contains a 3 base pair hairpin with melting temperature 42.4°C. The P4 sequence contains 

a 4 base pair hairpin with melting temperature 49.7°C. The bases forming hairpins are underlined and in 

red. 

 

 

 The 24mer DNA sequences are designed to hybridize to the same 16mer PNA 

target to allow to direct comparison between experiments. At room temperature, both the 

P3 and P4 probe are expected to have possible hairpin conformations. For these 

sequences, there may be more than one hairpin conformation possible, but only the 

lowest energy structures are considered for simplicity. The 3 base pair hairpin in 

sequence P3 has a melting temperature of 42.4°C, and the 4 base pair hairpin in sequence 

P4 has a melting temperature of 49.7°C. Above these temperatures, sequences P3 and P4 

would be expected to, like P0, behave as random coils. 

 Porous silicon waveguides were fabricated as described in Section 2.1.1 and 

functionalized with a mixed silane monolayer as described in Section 4.2.3 with 25% of 

the silane monomers having hydroxyl termination. The porous silicon waveguides were 

used as substrates for in situ DNA synthesis of the 24mer DNA sequences described in 

Figure 5.1. Each of three porous silicon waveguides was functionalized with a different 

24mer sequence. The average shift in resonance angle measured after 24mer in situ DNA 

probe attachment to the waveguides was 0.64° measured by prism coupling. The porous 

silicon waveguides with in situ 24mer DNA were deprotected in 50:50 
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ethanol/ethylenediamine solution for 30 minutes and were subsequently used for 

detection of the 16mer PNA target. 

 All three in situ synthesized 24mer DNA sequences on porous silicon waveguides 

were exposed to 5 μM of target 16mer PNA in buffer solution at room temperature for 

one hour. Following incubation, samples were rinsed with buffer, water, and then dried 

under nitrogen. For room temperature hybridization, only the P0 functionalized 

waveguide regularly produced a resolvable shift in resonance angle measured by prism 

coupling. In contrast, the same incubation experiment on the porous silicon waveguides 

functionalized with P0, P3, and P4 sequences was performed where the target PNA 

solution was heated before incubation to 80°C (above the hairpin melting temperatures) 

and then dropped onto the waveguides at elevated temperature for one hour incubation. 

After incubation, porous silicon waveguide samples were washed with buffer, water, and 

then dried under nitrogen. 

 For the elevated temperature incubation, all three bioreceptors – P0, P3, and P4 – 

demonstrated PNA target capture, and the resonance shifts associated with each porous 

silicon waveguide upon binding the target 16mer PNA were similar in magnitude, 

indicating that the secondary structures did not inhibit target capture when incubation 

solutions were heated prior to the one hour incubation. Figure 5.2 shows the resonance 

angle shifts observed for the P0, P3, and P4 bioreceptors after target capture from heated 

incubation solution. Because it was not performed in real-time, this experiment does not 

give a full picture of the complex hybridization kinetics for DNA with secondary 

structure; however, it does provide evidence that incubation conditions may be controlled 



108 

 

to reduce the effect of secondary structure on target capture. This result is consistent with 

reports from the literature for hybridization on flat surfaces and in solution [143, 249]. 

 

 

Figure 5.2: Resonance shift upon hybridization to target for porous silicon waveguides with P0, P3, and P4 

DNA probes in situ synthesized within the pores. All three sensors demonstrate a shift in resonance, 

indicating that the designed secondary structure in the P3 and P4 DNA probes does not inhibit target 

capture for one hour incubation in target when incubation solutions are initially heated above the hairpin 

melting temperatures. 

 

5.3 Porous silicon waveguide aptasensor for adenosine detection 

5.3.1 Adenosine sensors 
 

The nucleotide adenine plays a crucial role in cellular metabolism, active 

transport, and the mechanical work of myocardial cells. The adenine derivatives of 

adenosine, adenosine diphosphate (ADP), and adenosine triphosphate (ATP) have 

important applications in studies of cardiac ischemia. A number of aptamers-based 

sensing platforms for adenosine detection have been reported in the literature. Many of 

these examples are electrochemical detectors [219, 250, 251]. Colorimetric detection 

schemes have also been described [235, 236, 252]. In such systems, the selective 

aggregation of DNA-functionalized gold nanoparticles occurs in the presence of 

adenosine. The resulting color change from blue to red could be quantified for adenosine 

concentrations from 100μM to 1mM [235, 236]. Aptamer-based detectors for adenosine 
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suffer the same limitations as all small molecule aptasensor – low aptamer to target 

binding affinity in comparison to large molecule targets. Small changes at the solution-

surface interface upon target capture means that signal is weak, and detection limits 

beyond mM and μM are difficult to achieve in a label-free system. 

5.3.2 In situ adenosine aptamer synthesis 
 

Adenosine is a commonly selected small molecule target for aptamer-based 

biosensors. As such, oligonucleotide sequences reported in the literature have been 

selected (via SELEX processes) with high binding affinity towards adenosine molecules 

[189, 219, 235, 236, 253]. These sequences have been used both in solution platforms 

[235, 236, 254] and surface-anchored platforms [188, 250, 251, 253]. Commonly, 

adenosine aptamers are utilized in the stationary phase for separation columns for 

adenosine purification [243, 244, 255]. For a porous silicon waveguides sensor platform, 

the DNA sequence selected and synthesized as the aptamer for adenosine detection is the 

same as that studied in other detection platforms. 

For all surface functionalization for aptamer sensing, a mixed silane monolayer 

approach is utilized, as described in Chapter 4. In these experiments, the two component 

monolayer contains 11-acetoxyundecyltrichlorosilane as the active monomer towards 

phosphoramidite DNA synthesis, and octyltrichlorosilane remains as the inert 

alkyltrichlorosilane in the SAM (Figure 5.3). The adjustment in the active component of 

the monolayer for the aptasensor application compared to the former nucleic acid target 

sensing experiments was made for ease of synthesis. The synthesis protocol was adapted 

from [256]. Both monomers utilized for the aptasensing experiments are available from 

Gelest, and are used as received. Once opened, monomer bottles are regularly degasses 
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and stored under nitrogen. The silanization procedure for 11-

acetoxyundecyltrichlorosilane SAMs is similar to the procedures described in Chapter 4. 

Porous silicon waveguides are incubated 80 μL of silane monomer in 10 mL dry toluene 

for 4 hours. Following incubation, samples are rinsed with toluene, then methanol, and 

dried under nitrogen gas. The resulting SAM will have the same composition as the 

incubation solution, so ratios of 11-acetoxyundecyltrichlorsilane to octyltrichlorosilane 

may be controlled by tuning their ratios in the incubation solution. Following silanization, 

the acetoxy head group is converted to hydroxyl by incubation in 10% sulfuric acid in a 

solution of 10mL water and 10mL methanol for 30 minutes at 50°C. Functionalized 

waveguides were annealed at 200°C in air for one hour. This protocol produces a mixed 

SAM with controlled hydroxyl head group content. For all aptamer work, a 25% 

hydroxyl SAM composition is utilized, under the assumption that the steric effects 

described in Chapter 4 would affect aptasensing in the same way that steric effects affect 

nucleic acid hybridization. Porous surface functionalization is monitored by tracking the 

change in resonance angle of the waveguide by prism coupling. 

 

 

Figure 5.3: Trichlorosilanes shown above are deposited in specified ratios from anhydrous toluene solution. 

The acetoxy group is removed by soak in 10% acid alcohol solution, converting it to a hydroxyl end group. 
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After the two component silanization, porous silicon waveguides are used as a 

substrate for in situ DNA aptamer synthesis. The aptamer sequence 3’-TGG AAG GAG 

GCG TTA TGA GGG GGT CCA-5’ previously described in the literature to capture 

adenosine is synthesized via the phosphoramidite method. Figure 5.4 shows the 

progressive shift in resonance angle from the oxidized porous silicon surface to the 

silanized surface to the aptamer-functionalized surface based on prism coupling 

measurements. Analysis of the trityl cation cleaved during the synthesis, as described in 

Section 4.3.2, indicates a high rate of sequence completion, with approximately 75% of 

the initiated DNA oligo chains reaching completion. 

 

 

Figure 5.4: Attenuated total reflectance is measured for porous silicon waveguides throughout the 

functionalization process by prism coupling. As the mixed alkylsilane SAM is attached and the DNA 

aptamer is synthesized in the pores, the waveguide resonance shifts to higher angle, indicating increasing 

effective index of the waveguide due to the added species. 

 

 

 

 As previously observed with DNA-DNA and DNA-PNA sensing, the DNA 

aptamer sequence must be deprotected before use. Again, a 50:50 ethanol and 
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ethylenediamine solution is used to deprotect the DNA phosphate backbone. Porous 

silicon waveguides functionalized with DNA are immersed in the deprotection solution 

for 30 minutes, then washed thoroughly with ethanol and dried under nitrogen. 

5.3.3 Detection of adenosine on porous silicon aptasensor 
 

Buffer solutions play an important role in stabilizing the negatively charged 

backbone the DNA aptamer, promoting target binding. For all adenosine detection 

experiments, buffer solution conditions were utilized from a report on buffer optimization 

for adenosine aptamers [257]. Adenosine, obtained from Fisher Scientific, was dissolved 

in 20mM Tris acetate buffer containing 150mM NaCl and 5mM MgCl2. Aptamer-

functionalized porous silicon waveguides were rinsed sequentially with water and 

ethanol, then dried under nitrogen prior to all measurements. Prior to incubation, 

adenosine-containing buffer solutions were heated to 60°C. While at elevated 

temperature, incubation solution was dropped into the aptamer-functionalized porous 

silicon surface. Waveguides were the incubated in adenosine-containing buffer solutions 

for one hour in the refrigerator, allowing the incubation solution to cool to 4°C. The 

heating step is used to anneal any pre-sensing hairpin formations, ensuring that the 

ssDNA has the potential to bind to the target. The waveguides are then incubated in 

buffer solution alone at 4°C for 30 minutes, and finally washed with deionized water. The 

adenosine capture mechanism by the 27mer DNA aptamer is illustrated in Figure 5.5. 

Aptamer-based detection of adenosine occurs when an intramolecular hairpin forms in 

the ssDNA sequence anchored to the porous silicon. The hairpin loop creates a 

conformational structure that acts as the “lock” to a two adenosine molecule “key”. The 

presence of adenosine within the hairpin stabilizes the secondary structure of the aptamer. 
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Figure 5.5: Aptamer binding mechanism for adenosine. In the presence of the small molecule, ssDNA 

binds the target. The addition of adenosine to the porous silicon waveguide pores changes the effective 

refractive index of the waveguide, which can be monitored by prism coupling. 

 

 

 

 After incubation in buffer solutions containing adenosine, samples were rinsed, 

dried, and measured by prism coupling. The change in resonance angle after adenosine 

exposure was recorded for several spots on the aptamer-functionalized porous silicon 

waveguide. In Figure 5.6, the change in resonance angle is plotted versus the 

concentration of adenosine in buffer solution. A resonance shift was observed for 

concentrations of adenosine as low as 10 μM. This detection sensitivity is comparable to 

some of the most sensitive aptamer-based adenosine detection platforms previously 

reported [235, 236, 251]. With the high available surface area for adenosine capture, this 

sensitivity is achieved without the incorporation of labels or signal amplifiers. Aptamer 

functionalized porous silicon waveguides may also be denatured and reused for further 

sensing experiments. Heating waveguides above 50°C in buffer solution for one hour was 

sufficient to remove any captured adenosine from the surface and return the resonance 

angle peak back towards the initial position prior to sensing. 
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Figure 5.6: (a) Measured shift in resonance angle upon exposure of aptamer-functionalized porous silicon 

waveguides to different concentrations of adenosine target. The smallest concentration of adenosine in 

buffer that produced a resolvable shift is 10μM. (b) The aptamer functionalized waveguides may be 

denatured and re-used for multiple exposures to target molecules. 

 

 

 

 In an alternative detection mechanism, a nucleic acid hybridized to the aptamer 

can be displaced, producing a blue shift in the reflectance spectrum, as schematically 

illustrated in Figure 5.7 [250, 258, 259]. For this experiment, the same porous silicon 

waveguide and aptamer functionalization was used, but prior to adenosine exposure, 

samples were incubated in 25μM of a complementary nucleic acid sequence at 4°C in 

HEPES buffer. The sequence 3’-CCC AGG TTC TCT-5’ is capable of hybridizing to a 

portion of the in situ synthesized adenosine aptamer [250]. The resonance angle in the 

reflectance spectrum was monitored via prism coupling. After duplex formation, the 

functionalized porous silicon waveguides was incubated in 100μM adenosine in buffer 

solution as described above. As shown in Figure 5.5, the result was a blue shift in the 

reflectance spectrum as the 12mer nucleic acid sequence was displaced by the smaller 

adenosine molecule. This competitive displacement provides an interesting alternative 

detection scheme and the opportunity to amplify signal from small molecule capture by 
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utilizing longer nucleic acid complements, as the displacement of larger nucleic acid 

complements would produce a greater change in the effective refractive index and thus an 

even larger change in resonance angle [67].  

 

 

Figure 5.7: Indirect detection platform for adenosine is constructed using DNA aptamer partially 

hybridized with complementary 12mer DNA. The concentration of adenosine is monitored via 

displacement of a 12mer nucleic acid target from the hybridized duplex. Detection limits for this 

mechanism have been in the 10-50 μM range. 

 

 

5.3.4 Aptasensor specificity 
 

In order to demonstrate the specific target binding achieved with the adenosine 

aptamer, the porous silicon waveguide aptasensor was incubated in a saturated target 

solution of uridine, a commonly used control molecule for adenosine sensors due to its 

size and structural similarities [236]. As can be seen in Figure 5.8, exposure to uridine did 

not result in a measurable shift in the resonance angle measured by prism coupling; thus, 

uridine has not been bound by the aptamer. Additionally, exposure to the buffer solution 

alone does not produce a shift in resonance angle. As summarized in Figure 5.6, the 

porous silicon waveguide aptasensor selectively binds to adenosine, and not to uridine or 

buffer components. After exposure to the negative control uridine, aptamer functionalized 

porous silicon waveguides were again exposed to adenosine, producing a shift in 
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resonance angle, and indicating that the aptamer maintains its functionality throughout 

the control experiments. Captured adenosine may be removed from the aptasensor by 

denaturing in buffer solution at 50°C in the buffer solution for one hour, and the 

resonance angle peak moves back in the direction of the initial position prior to adenosine 

addition. 

 

 

Figure 5.8: With DNA aptamer synthesized within the porous silicon waveguide, shifts in reflectance angle 

are monitored to detect target binding and denaturing. Representative figures from repeated experiments 

are shown. (a) Resonance angle shift upon exposure to adenosine in buffer solution demonstrating target 

capture. (b) Denaturing the bound aptamer/target pair at elevated temperature shifts the resonance to lower 

angle, returning the reflectance angle position to near the initial position prior to target binding. (c) No shift 

is observed upon exposure to buffer. (d) No shift is observed upon exposure to the structurally similar 

uridine, demonstrating the selectivity of the aptamer. All sensing experiments shown were performed on a 

single aptamer-functionalized porous silicon waveguide. 

 

 

5.4 Aptamer for ochratoxin detection 
 

After demonstrating selective aptamer-based detection of a small molecule target, 

which provides a strong indication that aptamers maintain their functionality even while 
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confined within mesoporous silicon, another small molecule target with a greater clinical 

significance was explored. In the work that follows, the selected target in Ochratoxin A 

(OTA), a mycotoxin with molecular weight 403.81 grams per mole, produced most 

commonly by Aspergillus ochraceus, Aspergillus carbonarius, and Penicillum 

verrucosum [260-263]. As discussed previously, mesoporous silicon optical structures 

with aptamer functionalization can only be used for detecting small molecules due to the 

infiltration challenges faced by large molecules. The longer aptamer sequences are 

synthesized base-by-base in situ, achieving bioreceptor functionality within the pores 

while circumventing the infiltration challenges. The target, in this case OTA, must be 

infiltrated unmodified as a whole species, so selection of a small target (or adjusting the 

pore size accordingly) is critical to achieving efficient target infiltration [110]. 

The toxin can be found as a contaminant in improperly stored food commodities, 

including grains, coffee, wine, and beans. Because of its high degree of cytotoxicity, 

maximum permissible levels of OTA in food commodities are set frequently in the μg/kg 

range. Because of the high toxicity, it is important to avoid the risks associated with OTA 

consumption, and developing analytical tools for the detection and quantification of OTA 

in raw materials is of considerable importance. Additionally, much of the morbidity and 

mortality associated with OTA consumption occurs in the developing world. For this 

reason, there is a need for highly specific and sensitive OTA detectors that are durable 

and long-lasting, and do not require sophisticated equipment or highly trained personnel. 

For selective detection of small molecule toxins, the label-free porous silicon waveguide 

platform may be particularly advantageous. Details of common detection schemes for 

OTA and their respective sensitivities will be addressed in Section 5.3.2. 
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5.4.1 Mycotoxin overview 
 

Mycotoxins are a broad class of low-molecular weight secondary metabolites 

produced by a number of fungi species present in feed stock. The term encompasses 

metabolites with wide variations in structure and biological effects, but all can cause 

disease and death in humans. A number of excellent reviews [264-266] have been 

published on the topic of mycotoxins, their production, and their biological effects. The 

presence of the initial fungus contamination in feed depends upon environmental 

moisture, storage temperature and time, geographic location, and the presences of rodents 

and other pests. Poor storage conditions of raw foodstuffs can result in an overgrowth of 

fungus and contamination with produced mycotoxins. Due to their high toxicity, good 

control of these contaminants is desired by international regulatory agencies. 

The symptoms produced by mycotoxins depend on the type of toxin, the duration 

of exposure, age and health of the exposed person, and a number of other factors. 

Vitamin deficiencies can result in more severe mycotoxicity, and exposure to mycotoxins 

may also leave the affected individual more susceptible to opportunistic infections and 

disease. Disease causes by mycotoxins is much more common in the developing world 

than in developed countries. Exposure occurs by eating contaminated foods. There are 

almost no treatments currently available for mycotoxicity, so reducing the possibility of 

exposure is critical in reducing the burden of the disease.  

In this work, the focus will be on Ochratoxin A. This toxin has been found as a 

contaminant in barley, oats, rye, wheat, coffee beans, and some wines. This toxin 

primarily acts on the kidneys, and can result in significant nephrotoxic effects with 

chronic exposure [263, 267]. Humans have been shown to have a long half-life for 
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elimination of OTA from the body [268]. It has been suspected in severe kidney diseases 

such as Balkan endemic nephropathy (BEN), a progressive and untreatable deterioration 

of kidney function observed in rural regions of Bulgaria, Yugoslavia, and Romania. At its 

peak, the average mortality rate from BEN in Bulgaria was reported to be 10.6 per 1000 

[269]. 

Structurally, the OTA molecule is composed of a para-chlorophenolic ring 

attached to a dihydoiso-coumarin group on one side and amide-linked to an L-

phenylalanine group on the other (Figure 5.9). It is believed that OTA uptake within the 

body occurs primarily through plasma proteins such as albumin, which has a strong 

binding affinity to OTA in the non-ionized form [270, 271]. In the bloodstream, 

approximately 99% of OTA present is bound to serum proteins. Some of the additional 

small proteins that show an affinity for OTA are quite small, and can easily pass through 

the glomerular membrane of the kidney, perhaps explaining the nephrotoxicity of the 

molecule [272]. One major mechanism by which OTA damages the kidneys is by DNA 

adduct formation. When chemical carcinogens such as OTA covalently bond to the 

organism’s DNA, there is an increased likelihood of mutations, thus an increased 

frequency of cancers [273-275].   

 

 

Figure 5.9: Chemical structure of Ochratoxin A (OTA). 
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5.4.2 Ochratoxin A detection 
 

Over the past few decades, a number of analytical methods for OTA detection 

have been developed [276]. The most commonly used methods utilize fluorescent labels, 

specifically high-performance liquid chromatography fluorescence [277-279] and thin-

layer chromatography fluorescence [277, 280, 281]. Some labeled detection schemes 

have reported limit of detection in ng/kg [282], but more commonly the detection limits 

are reported in the 1-10 μg/kg range [283]. As discussed in Chapter 1, the complex 

labeling techniques make such measurement schemes difficult to apply outside of the 

laboratory where rapid detection of small molecule toxins may be most critical. Hence, 

for OTA detection in developing countries, the additional sample preparation becomes a 

significant barrier to widespread implementation.  Immunoassays have become an 

increasingly popular alternative [284-286], but antibody procurement, preparation, and 

storage remains time consuming and expensive as well. Perhaps some of the most 

promising developments in OTA sensing have been the surface plasmon resonance (SPR) 

immunosensors for OTA contamination is foodstuffs, where mycotoxins including OTA 

have been detected in the μg/kg concentration range [287] using the mycotoxin-specific 

antibodies immobilized by the Biacore system. 

5.4.3 In situ synthesis of OTA aptamer 
 

For preparation of an aptamer-based sensor for adenosine, a mixed silane surface 

with 25% hydroxyl-terminal groups (as described for hybridization optimization in 

Chapter 4) is used for in situ synthesis of an ochratoxin A aptamer. The procedure for 

silanization is the same as described in Section 5.2.2. The resulting mixed two-
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component silane monolayer is converted to partial hydroxyl functionality by immersion 

in 10% sulfuric acid in methanol and water solution at 50°C for 30 minutes. 

Once hydroxyl termination is achieved on the silanized porous silicon 

waveguides, the samples may be used as substrates for in situ DNA synthesis. The 

sequence selected as the DNA aptamer has been well-described in the literature for 

selective detection of OTA [217, 234, 237, 244, 288-290]. The DNA sequence 5’-GAT 

CGG GTG TGG GTG GCG TAA AGG GAG CAT CGG ACA-3’ is synthesized on the 

porous silicon waveguide via the phosphoramidite method. The DNA aptamer is 

deprotected and prepared for target capture by a 30 minute soak in 50:50 ethanol and 

ethylenediamine solution. Figure 5.10 shows the evolution of the resonance peak position 

throughout the aptamer-functionalization procedure. 

 

 

Figure 5.10: As DNA aptamer for OTA is attached to the porous silicon waveguide, resonance angle 

measured by prism coupling increases. Upon deprotection, there is a shift to lower resonance angle as some 

material is lost in this step. After deprotection, the in situ synthesized DNA aptamer is active towards target 

capture. 
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5.4.4 OTA detection 
 

Ochratoxin A, 99% purity, was obtained from Arcos Organics. A stock solution 

of ochratoxin was prepared by diluting with 1x phosphate buffered saline (PBS). The 

PBS buffer stock solution is prepared from standard buffer tablets obtained from Fisher 

Scientific. The buffer composition is 137mmol/L sodium chloride, 2.7 mmol/L  

potassium chloride, 10mmol/L disodium hydrogen phosphate, 2 mmol/L potassium 

dihydrogen phosphate in water at pH 7.4. Due to the high level of toxicity, it was 

important to eliminate potential contact with ochratoxin dust. The solution was stored 

under nitrogen and all equipment that came into contact with the solution was stored 

separately from general laboratory glassware, and sterilized with a bleach solution after 

use.  

Aptamer-functionalized porous silicon waveguides were exposed to 1μM 

solutions of OTA in PBS buffer. Incubation experiments were completed in sealed petri 

dishes and all solution transfers and washing steps were contained within the chemical 

fume hood. Prior to incubation, OTA-containing buffer solution was heated gently above 

60°C, and then introduced onto the porous silicon waveguide. After 1 hour incubation, 

porous silicon waveguides were washed sequentially with buffer, water, and ethanol, and 

then dried under nitrogen. Changes in the effective optical thickness were monitored by 

prism coupling at each step in the sample preparation. Figure 5.11 illustrates a typical 

shift in the resonance peak on a functionalized porous silicon waveguide following 

exposure to OTA target solution for one hour. Incubation and rinsing are performed with 

solutions at 4°C to promote formation of the intramolecular hairpin responsible for OTA 

capture. 
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Figure 5.11: At left, the shift in resonance angle upon exposure to 1μM Ochratoxin A in PBS buffer is 

shown. At right, the concentration dependence of the OTA resonance shift is demonstrated for two different 

target concentrations in PBS buffer solution. 

 

 Following exposure to 1μM OTA in buffer solution, an average shift in resonance 

angle of 1.1725°±0.1446° is observed for several aptamer to target exposures. Samples 

may be denatured by heating above 50°C for one hour in buffer solution and reused for 

additional sensing experiments. Given the resolution of the Metricon prism coupler, 

detection limits at or below 100nM are likely possible for OTA in this aptamer-based 

sensing configuration. Compared with international thresholds for allowable OTA in 

foodstuffs, the predicted detection limit is below the cut-off for many food categories 

(liquorice extract and spices) though does not reach the EU cut-off for raw cereals, which 

is approximately an order of magnitude lower. It is, however, well above the levels 

previously shown to have sub-acute and chronic toxicities [267]. For this reason, optical 

detection of ochratoxin a within porous silicon waveguides has the potential to be used as 

a rapid and inexpensive screening tool to prevent OTA contaminated foodstuffs from 

entering the food supply in low-resources areas. This is achieved before sensor 

optimization, and without the inclusion of signal amplification or labels. For label-free 

detection of OTA, the detection sensitivity afforded by changes in the reflectance 
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spectrum of aptamer-functionalized porous silicon waveguides rivals many of the 

previously reported detection schemes, many of which involve more complex chemical 

work-up or measurements [217, 234, 237, 288-290]. 
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Chapter 6 

6. CONCLUSIONS AND FUTURE WORK 

6.1 Conclusions and research contributions 
 

Highly sensitive and selective detection of nucleic acids and small molecules has 

been demonstrated by applying in situ synthesis of DNA oligos to porous silicon optical 

structures. Step-wise synthesis of DNA oligonucleotides [89] and hybridization to in situ 

synthesized DNA bioreceptors was demonstrated for the first time in porous silicon 

waveguides [104, 110] by measuring an angular shift in resonance. The large surface area 

available for biomolecule attachment in porous waveguides and strong field confinement 

in the region where biomolecules are immobilized make high sensitivity label-free DNA 

detection possible. The high surface coverage achieved by in situ synthesis requires that 

surface density of DNA bioreceptors be tuned in order to limit steric crowding and 

improve detection sensitivities [110]. Improved sensitivity to ~25nM of 16mer oligo 

targets was demonstrated by controlling DNA bioreceptor density through mixed silane 

monolayer functionalization. Additionally, a first demonstration of DNA aptamer-based 

detection in porous silicon waveguides was reported. Aptamers synthesized in situ 

retained their functionality within mesoporous optical structures, and selective and 

sensitive detection of the small molecules adenosine and ochratoxin A was demonstrated. 

6.2 Future research opportunities 

6.2.1 Kinetic and thermodynamic studies of DNA bioreceptors in flow cells 
 

With the recent development of an all-porous silicon grating and waveguide 

[291], it is now possible to incorporate a flow cell onto a porous silicon waveguide 

biosensor while allowing for coupling of light in to the porous silicon waveguide for 
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biosensing. In such an experimental setup, real time sensing of biomolecule target capture 

may be monitored without sacrificing any of the sensitivity advantages obtained through 

the porous silicon waveguide scheme. Previous work from the Weiss group has 

demonstrated the feasibility of attaching a flow cell to an all porous silicon grating 

coupled waveguide. Initial work with this system monitored the kinetics of silanization, 

DNA bioreceptor infiltration, and hybridization to complementary PNA targets.  

This work incorporating the porous silicon waveguide with a flow cell opens up 

the possibility for exciting studies of fundamental kinetic and thermodynamic properties 

of target binding by surface-anchored aptamers. Although there are many studies of the 

effects of secondary structure of nucleic acid sequences on solution phase hybridization 

kinetics[143], there have been only a few studies completed for surface-bound nucleic 

acids [144, 249]. As previously noted, there are no other studies looking at optimal DNA 

bioreceptor density in porous silicon, and similarly, no studies of DNA hybridization or 

aptamer-based binding kinetics or thermodynamics in porous silicon optical structures. 

The analysis of the kinetics and thermodynamics of aptamer-based detection in 

porous silicon is of considerable importance. Understanding of binding properties is 

essential to the expansion of the technology beyond the laboratory and into point-of-care 

and diagnostic applications. When DNA-based biosensors incorporate structured probes, 

the secondary structure effects may significantly impact target capture efficiency and 

reaction time. For the further development of aptamer-based porous silicon biosensors, 

quantitative characterization of the effects of intramolecular interactions in the nucleic 

acid aptamer on hybridization under physiologic (or other biosensor-relevant) 

environment is crucial.  
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6.2.2 Corrosion-enhanced aptasensing in porous silicon 
 

Many aptamer-based small molecule detection platforms utilize signal 

enhancement to overcome the challenges presented by lower affinity of nucleic acid 

aptamers to small molecule targets. Attaching fluorescent labels to the nucleic acid 

aptamers is a common method of enhancing target binding signal [292-294]. Other signal 

enhancement strategies involve reporter molecule displacement [250, 254, 259], 

improved binding avidity through bifunctional aptamer attachment [295], and biocatalytic 

strategies such as redox cycling [296-298]. In order to compete with the sensitivity 

achieve in labeled sensing platforms, signal enhancement strategies will almost certainly 

need to be incorporated into developing label-free optical aptasensors. 

In porous silicon, the oxidative corrosion mechanism referenced in Chapter 2 has 

been used for signal enhancement [40, 41] for detection of DNA hybridization, as the 

negatively charged sugar-phosphate backbone of the DNA induces corrosion at the 

porous silicon surface. This corrosion mechanism – and thus the sensitivity to target 

binding – can be enhanced by incorporating a catalytic, electron transferring label, such 

as certain transition metal complexes [42]. The rate of oxidative corrosion has been 

shown to be strongly dependent upon the distance between the transition metal complex 

and the porous silicon surface. For this reason, a catalytic label may be attached to a 

selected in situ synthesized aptamer on porous silicon optical structures. Upon target 

binding, the resulting conformational change in the nucleic acid sequence may 

significantly enhance oxidative corrosion as the label in pulled in close proximity to the 

pore walls as target binding occurs. Similar mechanisms relying on changes in label to 

substrate distance changing upon aptamer binding have been described in the literature 
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[188, 234, 299]. Oxidative enhancement of aptamer-based sensing would limit reusability 

of porous silicon aptamer-functionalized biosensors, but, based on oxidative corrosion 

studies with DNA hybridization, could potentially allow for colorimetric detection in 

dilute solutions of small molecule targets by aptamer binding. 

6.2.3 In situ synthesis of nucleic acids in porous silicon for drug delivery 
 

Although the dissolution of porous silicon substrates in aqueous media presented 

challenges in biosensing that needed to be addressed by altering the silanization process, 

in applications such as drug delivery, the degradation of porous silicon to silicic acid is 

advantageous [300]. Porous silicon is a biocompatible material and under physiologic 

conditions will degrade to nontoxic polyatomic ions [301] that can be readily cleared 

from the body by the kidneys. Coupled with the high surface to area ratio achieved in 

nano- and meso- porous silicon, the material has the potential to be an exceptional drug 

delivery platform. There have been a number of examples of porous silicon nanoparticles 

used for drug delivery [87, 167, 302-305]. 

Recently, nucleic acid therapeutics has gained attention, as the understanding of 

RNA in biological processing and control has increased. Complementary, small 

interfering (siRNA) have been designed to exert control and regulate expression of 

certain genes of respiratory viruses [306, 307]. This approach of interfering with gene 

expression as a method of antiviral therapy is an exciting new approach in human 

therapeutics. Recently, a double-blind placebo controlled clinical trial was completed, 

demonstrating that siRNA delivered to the lungs had a therapeutic effect in limiting the 

replication of respiratory syncytial virus [308]. In vitro and in vivo work has shown 

siRNAs with antiviral effects on influenza, coronaviruses, measles, and parainfluenza as 
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well [309-315]. Peptide nucleic acids have also been shown to have these therapeutic 

effects [316-319]. 

One of the major challenges in nucleic acid therapeutics has been achieving a 

high loading of the oligos into the drug delivery agent, and selectively depositing it in to 

the target region [307]. In situ synthesis may be an excellent option for preparing porous 

silicon particles for drug delivery applications, as a considerably higher loading of oligos 

can be achieved than by infiltration of pre-synthesized molecules of comparable length. 

Additionally, pore diameters in such drug delivery systems could be tuned to small 

enough diameters to control release time of the therapeutic agents without interfering 

with loading efficiency [320]. As was demonstrated previously, pore diameter does not 

inhibit step by step synthesis of nucleic acid oligos in porous silicon substrates. In situ 

synthesis in nano- and meso- porous silicon particles could be an effective new approach 

in nucleic acid therapeutics. 

6.3 Prospects of biosensor research in porous silicon 
 

Biosensor research is a rapidly growing field with the potential to reach a broad 

range of applications including medical diagnostics, environmental monitoring, food 

safety and quality control. Porous silicon is an especially promising material for 

biosensing applications because of the ease and control with which porous silicon 

nanostructures can be fabricated, with precise control of the optical and morphological 

characteristics. Other advantages of the material are the small sizes necessary for sensing, 

CMOS compatibility, and potential for mass fabrication. Over the past decade a number 

of proof of principle studies have been published, applying porous silicon as a substrate 

for biomolecule detection. Advances in biochemistry will allow the researcher to better 
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understand the kinetics and thermodynamics of receptor to target binding and improve 

upon the surface chemistries utilized in porous silicon biosensing devices. Advances in 

nucleic acid-based porous silicon biosensors has allowed for better control of surface 

chemistry, and as a result improved detection sensitivity. Small molecule targets have 

been expanded beyond complementary nucleic acids to biologically relevant compounds 

and toxins. Combined with coming advances in the design and fabrication of porous 

silicon photonic structures and integration into flow cell and microarray systems, there is 

considerable promise in porous silicon biosensors. This practical and convenient material 

will continue to see growth in biosensing applications. 
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Appendix A: In Situ DNA Synthesis Procedure 
 

For use with flow cell on ABI model 392 DNA/RNA synthesizer. 

Step Description Function Number Time (seconds) 

1 Begin 106  

2 18 to Waste 64 7 

3 18 to Column 42 120 

4 Reverse Flush 2 96 

5 Block Flush 1 8 

6 Phos  Prep 101 6 

7 Col 1 On 140  

8 Block Vent 111 4 

9 Tet to Waste 58 3.4 

10 B+Tet to Column 33 4 

11 Wait 103 240 

12 Block Flush 1 6 

13 Tet to Column 34 2 

14 Wait 103 240 

15 B+Tet to Column 33 4 

16 Wait 103 240 

17 Push to Column 43  

18 Column 1 Off 141  

------- -------- -------- -------- 

29 Wait 103 75 
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30 Cap Prep 102 6 

31 18 to Waste 64 8 

32 Reverse Flush 2 60 

33 Block Flush 1 60 

34 Cap to Column 39 20 

35 Wait 103 240 

36 18 to Waste 64 8 

37 Reverse Flush 2 60 

38 Block Flush 1 6 

39 15 to Column 41 16 

40 Wait 103 240 

41 18 to Waste 64 8 

42 Block Flush 1 6 

43 Wait 103 15 

44 18 to Column 42 120 

45 Flush to Waste 4 8 

46 18 to Column 42 120 

47 Reverse Flush 2 60 

48 Block Flush 1 6 

49 Start Detrityl 105  

50 18 to Waste 64 8 

51 18 to Column 42 120 

52 Reverse Flush 2 60 

53 Block Flush 1 6 
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54 Trityl Advance 112  

55 Waste - Port 109  

56 Advance FC 120  

57 Advance FC 120  

58 Advance FC 120  

59 Advance FC 120  

60 End Advance 113  

61 14 to Column 40 12 

62 Wait 103 240 

63 Trityl Flush 3 60 

64 14 to Column 40 12 

65 Wait 103 240 

66 Trityl Flush 3 60 

67 14 to Column 40 12 

68 Wait 103 240 

69 Trityl Flush 3 60 

70 14 to Column 40 12 

71 Wait 103 240 

72 Trityl Flush 3 60 

73 18 to Column 42 120 

74 Trityl Flush 3 96 

75 Waste – Bottle 110  

76 18 to Column 42 120 

77 Reverse Flush 2 60 
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78 Block Flush 1 8 

79 End 107  
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APPENDIX B: POROSITY, ETCH CURRENT, AND EFFECTIVE 
REFRACTIVE INDEX OF POROUS SILICON 

 

 

 

 Within the Weiss Group, calibration curves for the porous silicon electrochemical 

etch process have been developed to correlate etch current and porosity. Similarly, 

calibration curves were developed relating porosity and Bruggeman Effective Refractive 

Index (ERI). This analysis was completed by Dr. Guoguang Rong and additional details 

can be found in his thesis entitled, “Label-free Nanoscale Biosensing Using a Porous 

Silicon Waveguide”. Graphs are included here only as a tool for estimating the resulting 

porosity and ERI for waveguides fabricated for this research. 

 

 

 

(a) Porous silicon porosity that results from the application of different current densities 

during electrochemical etching. (b) Bruggeman effective refractive index at different 

porous silicon porosities, assuming a wavelength of 1550 nm. 
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